
Spatial compartmentalization of lipid droplet biogenesis

Mike Henne1, Joel M. Goodman2, Hanaa Hariri1,*

1Department of Cell Biology and Department of Biophysics, University of Texas Southwestern 
Medical Center, Dallas, TX.

2Department of Pharmacology, University of Texas Southwestern Medical Center, Dallas, TX.

Abstract

Lipid droplets (LDs) are ubiquitous organelles that store metabolic energy in the form of neutral 

lipids (typically triacylglycerols and steryl esters). Beyond being inert energy storage 

compartments, LDs are dynamic organelles that participate in numerous essential metabolic 

functions. Cells generate LDs de novo from distinct sub-regions at the endoplasmic reticulum 

(ER), but what determines sites of LD formation remains a key unanswered question. Here, we 

review the factors that determine LD formation at the ER, and discuss how they work together to 

spatially and temporally coordinate LD biogenesis. These factors include lipid synthesis enzymes, 

assembly proteins, and membrane structural requirements. LDs also make contact with other 

organelles, and these inter-organelle contacts contribute to defining sites of LD production. 

Finally, we highlight emerging non-canonical roles for LDs in maintaining cellular homeostasis 

during stress.
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1. Introduction

Eukaryotic cells have achieved a high level of organizational complexity by spatially 

restricting metabolic reactions within subcellular compartments (Hurtley, 2009). Such 

spatial compartmentalization is essential for regulation of flux between metabolic pathways 

and protecting the cell from toxic metabolic intermediates (William, 2010). Lipid droplets 

(LDs), organelles with a unique architecture and found in most cells, form a nexus of energy 

metabolism that help maintain cellular homeostasis (Fujimoto and Ohsaki, 2006; Olzmann 

and Carvalho, 2019; Walther and Farese, 2012). Each LD consists of a neutral lipid core 

mainly of triacylglycerols (TAG) and steryl esters (SE), encapsulated within an ER-derived 

phospholipid monolayer surface (Fujimoto and Parton, 2011). LDs are dynamically 

regulated in response to physiological conditions. Their lipid composition, size, and number 
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vary depending on the cell type, nutrient availability, and metabolic state (Thiam and Beller, 

2017). This variability, along with selective binding of different proteins and enzymes to 

their surface, reflects the functional heterogeneity of LDs (Bersuker et al., 2018; Kory et al., 

2016; Prévost et al., 2018).

LD formation is a multistep process (Walther et al., 2017). Newly synthesized neutral lipids 

produced by mostly ER-resident enzymes are deposited between the phospholipid leaflets, 

where they coalesce into lenses (Choudhary et al., 2015). Once a critical size is reached, a 

nascent LD buds towards the cytoplasm. Many factors probably contribute to defining the 

sites on the ER surface where LD budding occurs, as well as its directionality. First, 

enzymes of lipid synthesis that promote LD formation can be localized, and these may also 

partition onto LDs during stages of droplet biogenesis. Structural proteins are also necessary 

as assembly factors that support the nascent lens as it grows (Cartwright et al., 2015; 

Choudhary et al., 2015). Additionally, specific phospholipids such as phosphatidic acid (PA) 

in the membrane can accommodate local perturbations to normal ER shape that promote the 

remodeling necessary to exude a monolayercoated LD from the ER bilayer (Ben M’barek et 

al., 2017; Thiam et al., 2013).

Recent work demonstrates that LDs do not work in isolation but are well-connected 

organelles that make contact with other cellular compartments (Valm et al., 2017). During 

their growth and maturation, LDs maintain intimate contact with the ER as a source of 

neutral lipids (Jacquier et al., 2011). Under different metabolic conditions, LDs also 

establish contacts with many other organelles that can coordinate their breakdown (Barbosa 

and Siniossoglou, 2017; Gao and Goodman, 2015; Schuldiner and Bohnert, 2017). 

Remarkably, these inter-organelle contacts also contribute to LD biogenesis, as they can 

serve as specialized platforms that maintain cellular homeostasis by controlling lipid 

storage, utilization, and signaling.

Recent studies provide new insights into the structural and mechanistic basis for LD 

biogenesis at the ER, as well as how LD formation can be spatially positioned in the context 

of cellular metabolic status (Barbosa and Siniossoglou, 2016; Hariri et al., 2018; Teixeira et 

al., 2017). These studies reveal previously unappreciated levels of spatial organization to LD 

production. In this review, we summarize and discuss the current understanding of how 

different factors work together to contribute to the compartmentalization of LD biogenesis. 

We also discuss newly characterized tethering proteins that connect LDs to other cellular 

compartments and spatially regulate LD sub-cellular distributions to promote adaptations to 

stress. Finally, we highlight key questions remaining in the field of LD biology that future 

studies need to address.

2. Compartmentalization of LD synthesis enzymes

Although the order of events underlying LD formation are becoming understood, much is 

still unknown about the precise molecular mechanisms that govern LD biogenesis (Olzmann 

and Carvalho, 2019). A cascade of enzymatic reactions in the ER synthesizes neutral lipids 

that are likely deposited among the acyl chains of the bilayer and are laterally mobile in this 

hydrophobic environment (Coleman and Lee, 2004). While the most prominent neutral 
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lipids that form LD cores are TAGs and SEs, other lipids such as retinyl esters, squalene, 

ether lipids, and acylceramides accumulate in LDs under different conditions and in different 

cell types (Bartz et al., 2007; Blaner et al., 2009; Senkal et al., 2017; Spanova et al., 2012; 

Ta et al., 2012). LDs can remain attached to the ER, forming stable bridges (ER-LD contact 

sites) or necks (Jacquier et al., 2011; Salo et al., 2016). ER-LD contacts are regularly 

observed by high-resolution imaging techniques, and it is unclear to what extent droplets 

separate entirely from the ER (Wilfling et al., 2014).

As major energy-storage compartments for the cell, LDs are highly conserved throughout 

evolution and have been observed in both prokaryotes and eukaryotes. Bacteria, yeast, 

plants, and mammals all have the capacity to synthesize TAG and form LDs (Alvarez and 

Steinbüchel, 2002; Wältermann et al., 2005). Lipid synthesis enzymes and the general 

architecture of LD metabolic pathways are highly conserved among eukaryotes (Coleman 

and Lee, 2004; Rajakumari et al., 2008; Santos and Riezman, 2012). In unicellular 

eukaryotes such as the yeast Saccharomyces cerevisiae, LDs are easily detected which 

facilitates genetic screens for defects in LD biogenesis and morphology (Fei et al., 2008; 

Szymanski et al., 2007). In addition to their role in energy homeostasis, LD biogenesis is 

critical for yeast homeostasis especially during periods of nutritional excess or lipid stress.

How early steps of neutral lipid synthesis are spatially compartmentalized within the vast ER 

network remains a key unanswered question in LD biology. More than 25 different enzymes 

and isoenzymes are required to synthesize neutral lipids, and these are localized to various 

sub-cellular compartments and the cytoplasm (Coleman and Lee, 2004). As a consequence, 

interorganelle membrane contact sites are emerging as metabolic scaffolds that promote the 

metabolic cross-talk among these enzymes as enzymatic assemblies (so-called metabolons) 

that regulate substrate sharing and availability (Srere, 1987). Below we discuss what is 

known about enzyme segregation in the context of LD biogenesis.

2.1. Enzymes of TAG synthesis

The steps of TAG biosynthesis were identified several decades ago (Kennedy, 1957, 1961). 

Since then, considerable knowledge has been gained about the enzymes and regulators that 

are involved in these reactions. De novo TAG synthesis is catalyzed by four consecutive 

enzymes: glycerol-phosphate acyltransferase (GPAT), acyl-glycerol-phosphate 

acyltransferase (AGPAT), phosphatidic acid phosphohydrolase (PAP), and acyl-

CoA:diacylglycerol acyltransferase (DGAT) (Coleman and Lee, 2004). Multiple isoforms of 

TAG synthesis enzymes appear to catalyze the same biochemical reaction suggesting that 

each isoenzyme may play a distinct functional role in regulating TAG production (Coleman 

and Lee, 2004; Yen et al., 2008). While these enzymes have been identified, relatively little 

is known about how they are coordinated and physically organized within subcellular 

locales. TAG synthesis occurs primarily in the ER under ambient conditions; however, an 

elevated influx of fatty acids can induce ER-localized synthesis enzymes to re-localize to 

LDs which act as metabolic platforms for the local generation of TAG (Athenstaedt and 

Daum, 1997; Brasaemle et al., 2004; Goodman, 2009; Jacquier et al., 2011; Kuerschner et 

al., 2008; Stone et al., 2006). Proteomics analysis of LD fractions isolated from Drosophila 
S2 cells revealed that at least one isoenzyme catalyzing each step of TAG biosynthesis (e.g. 
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GPAT4, AGPAT3, PAP) can re-localize from the ER to LDs (Wilfling et al., 2013). This 

study showed that moving TAG synthesis enzymes to the LD surface contributed to the 

formation of a distinct LD sub-population that can expand in size (Wilfling et al., 2013). 

This implies that targeting specific enzymes to LDs can promote their growth and 

maturation.

The final step of TAG biosynthesis is catalyzed by DGAT enzymes which covalently link 

fatty acyl-CoAs (FA-CoA) to diacylglycerols (DAG) (Cases et al., 1998; Lehner and Kuksis, 

1993). Mammals encode two DGAT enzymes, DGAT1 and DGAT2, which differ 

significantly in their structure, sub-cellular localization, and substrate preference. It was 

recently shown that DGAT1 and DGAT2 can largely compensate for each other for TAG 

storage (Chitraju et al., 2019). DGAT1 is localized exclusively to the ER, whereas DGAT2 is 

localized to the ER and LDs (Villanueva et al., 2009; Yen et al., 2008). DGAT1 can esterify 

a variety of substrates; therefore, its localization to the ER has been linked to its role in 

detoxifying excess lipids thus protecting the ER from the lipotoxic effects of high-fat diets 

and preventing ER (Chitraju et al., 2019; Nguyen et al., 2017). DGAT2, however, appears to 

be the major enzyme of TAG synthesis from de novo-synthesized fatty acids (Irshad et al., 

2017; Wurie et al., 2012). DGAT2 may re-localize from the ER to the LDs upon lipid 

loading (Kuerschner et al., 2008; McFie and Stone, 2011). The yeast ortholog of DGAT2, 

Dga1 migrates from the ER to LDs as cells accumulate TAG in late exponential phase, 

although it is not clear if this enzyme is more or less active there (Gao et al., 2017; Markgraf 

et al., 2014). Such re-localization of enzymes to LDs may facilitate efficient substrate 

channeling within localized multi-enzyme complexes.

DGATs can functionally interact with other lipid synthesis enzymes. C. elegans provides 

evidence for an interaction between DGAT2 and acyl-CoA synthase FAT1P at the ER-LD 

contact presumably to coordinate local TAG synthesis and deposition into LDs (Xu et al., 

2012). Furthermore, recent work revealed that LD-localized DGAT2 can form a complex 

with ACSL5, an acyl-CoA synthase, and ceramide synthases on the surface of LDs to 

catalyze the formation of acyl-ceramides that are sequestered in LDs (Senkal et al., 2017). 

Consistent with this, Dga1 was also involved in generating acyl-ceramides in yeast (Voynova 

et al., 2012). This could be a mechanism which allows for ceramide storage and 

detoxification. This study also showed that stored acyl-ceramides were mobilized when fatty 

acid biosynthesis is inhibited by the addition of cerulenin (Voynova et al., 2012). As acyl-

ceramides are not well-studied, the purpose of their mobilization is not completely clear.

2.2. Enzymes of SE synthesis

In contrast to TAG production, the synthesis of SEs and their role in LD biogenesis and 

regulation have been less extensively studied. The ratio of TAG to SE in LDs differ 

depending on the cell types and growth conditions. White adipocytes, for example, contain 

mostly TAG-rich LDs, whereas macrophages have mainly SE LDs (Wang, 2015). Under 

normal growth conditions, the budding yeast Saccharomyces cerevisiae accumulates nearly 

equal amounts of TAGs and SEs that can be typically stored within the same LDs. In 

contrast, a study conducted in the fission yeast Schizosaccharomyces pombe showed that 

SE-rich LDs form preferentially at the cell periphery or cortical ER, whereas TAG-rich LDs 
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form on the nuclear ER where DAG pools seem to concentrate (Meyers et al., 2016). What 

regulates the spatial distribution of the neutral lipids within these LD population remains 

unclear.

Several enzymes in the SE biosynthesis pathway have been observed to localize to both the 

ER and LDs, suggesting SE production may be possible at both cellular compartments, but 

also may serve to regulate SE production (Goodman, 2009). The squalene epoxidase Erg1 is 

normally observed at the ER by fluorescent microscopy, but is also detected in the LD 

proteome in both yeast and mammalian cells (Leber et al., 1998; Yamamoto and Bloch, 

1970). Surprisingly, this LD localization was found to inhibit Erg1 enzymatic activity, 

possibly by sequestering it away from functional partners which remain bound to the ER 

(Ono et al., 1980; Shibata et al., 2001). On the other hand, the lanosterol synthase Erg7, 

which also localizes to these two compartments, is active mainly on LDs rather than the ER 

(Milla et al., 2002). In addition to Erg1 and Erg7, several other enzymes in the sterol 

biosynthesis pathway preferentially localize to the ER or LDs. This dual localization may 

serve as a mechanism to regulate SE production by restricting their access to binding 

partners or metabolic intermediates.

Taken together, these and other studies indicate that differential targeting of TAG and SE 

enzymes to LDs is an evolutionary conserved mechanism which likely plays a fundamental 

role in regulating lipid storage and diversifying LD functions, supporting the concept that 

LDs are active metabolic hubs that balance cellular lipid composition.

3. Biophysical mechanisms for ER-mediated LD formation

LDs can form and sprout from the ER bilayer surface, but the precise mechanism by which 

newly synthesized neutral lipids are channeled into nascent LDs is unknown. Modelling 

studies reveal that, at low concentrations, TAG molecules are positioned in phospholipid 

membranes with their glycerol backbones facing the membrane-water interface (Duelund et 

al., 2013). These studies showed that the solubility of TAG in membranes was lowered in the 

presence of cholesterol, suggesting that local changes in membrane lipid composition may 

play an important role in regulating TAG deposition into nascent LDs (Spooner and Small, 

1987). At high concentrations of TAG (5 – 10 mol%), molecules coalesce to form oil lenses 

within the two phospholipid monolayers (Duelund et al., 2013; Khandelia et al., 2010). This 

phenomenon, demixing, serves to minimize surface tension or the energy cost associated 

with unfavorable interactions between the two unmixable phases, neutral lipids and 

phospholipid bilayers (Roux and Loewith, 2017; Thiam et al., 2013).

The phospholipid composition of membranes determines their biophysical properties. Direct 

measurements of surface tension of synthetic liposomes with different lipid composition 

showed that membrane regions with higher surface tension favor LD growth and budding 

(Ben M’barek et al., 2017). The molecular geometry of lipids that enrich locally at the 

LD/ER interface of growing LDs (bridge, neck, or pore) may determine the stability of this 

connection, affecting LD size and budding efficiency. Lipids with negative curvature (such 

as DAG, PE, PA, or cholesterol) would stabilize the connection between the ER and the LD 

monolayer, whereas the presence of excess positively curved lipids such as PI and 
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lysophospholipids disrupts the stability of this association and would favor pinching-off or 

detachment of LDs. Notably, the neutral lipid content of LDs may dictate the phospholipid 

requirements for budding at least in vitro. For example, it was shown that PC alone can 

promote budding of TAG but not SE LDs (Ben M’barek et al., 2017).

To regulate LD emergence from the ER, cells may regulate membrane surface tension by 

altering the local composition of ER phospholipids (Chorlay and Thiam, 2018; Choudhary et 

al., 2018). For example, increasing lyso-PC in the ER through genetic manipulation led to 

increased LD nucleation and budding in vivo. Conversely, increasing squalene content 

(which lowers surface tension in vitro) reduced LD emergence (Ben M’barek et al., 2017). 

Thus, locally modulating ER membrane phospholipid composition may be a mechanism by 

which cells control LD size, number, and budding efficiency. The local surface tension of 

ER membranes is also important to determine the directionality of LD budding (Chorlay and 

Thiam, 2018; Chorlay et al., 2019). In most cases, LD budding occurs towards the cytoplasm 

and this appears to be regulated in part by the asymmetry in monolayer tension of the ER 

membrane.

While evidence is mounting that LD formation is influenced by membrane lipid 

composition, less is known about how the ER architecture may affect this process. The ER 

network is composed of flat membrane sheets and highly curved tubules that are maintained 

by different curvature-inducing and -stabilizing proteins such as reticulons and atlastins (Hu 

et al., 2009; Voeltz et al., 2006). Intriguingly, mutations in ER shaping proteins that alter ER 

architecture also result in altered LD morphology and size (Klemm et al., 2013). Many of 

these mutations give rise to hereditary spastic paraplegias, a group of inherited neurologic 

disorders characterized deformations in the ER structure in neurons (Blackstone, 2012; 

Chiurchiù et al., 2014). To what extent defects in LDs associated with altered ER structure 

contribute to disease pathologies is unclear.

4. Proteins involved in LD biogenesis

While lipid biosynthesis in the ER is a key factor in controlling LD nucleation and budding, 

nascent LDs soon become enriched with assembly proteins that facilitate LD biogenesis. 

Among such proteins are the fat storage-inducing transmembrane (FIT) proteins and seipin.

FIT proteins.

FIT proteins comprise an evolutionary conserved family of proteins that facilitate LD 

budding in cells (Choudhary et al., 2015; Hayes et al., 2017). Mammals have two proteins, 

FIT1 and FIT2, while yeast has two FIT2 homologs, Scs3 and Ytf2. Depletion of FIT 

proteins causes accumulation of neutral lipids and LD lenses that fail to grow in yeast, 

worms, and mammals, highlighting their role in LD production (Choudhary et al., 2015). 

However, the molecular mechanism of how FIT proteins promote LD budding is not well 

understood. Purified FIT2 can bind to TAG and DAG (Gross et al., 2011). Deletion of FIT2 

in yeast causes accumulation of DAG in the ER and lowering ER DAG levels is sufficient to 

rescue LD budding in a FIT2 knock-out. This implicates FIT2 in the metabolism of DAG, a 

lipid that supports negative membrane curvature (Moir et al., 2012). One possibility is that 

FIT2 may sense and regulate the local concentration of DAG thereby regulates lens 
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formation. Therefore, FIT2 proteins may promote LD emergence from the ER by reducing 

DAG levels that typically accumulate at LD biogenesis sites (Choudhary et al., 2018).

Evidence for the involvement of FIT proteins in phospholipid metabolism suggests another 

possible mechanism by which FITs may promote lens formation. Comprehensive analysis of 

FIT proteins showed that they contain a sequence corresponding to the active site of lipid 

phosphatase / phosphotransferase enzymes which remove phosphate or transfer 

phosphatecontaining head groups between lipids (Hayes et al., 2017). Single amino-acid 

substitution at the putative active site abolished the ability of FITs to rescue the phenotypes 

associated with FIT deletion, implying some degree of phosphatase activity that is important 

for function (Choudhary et al., 2015; Hayes et al., 2017). In agreement with this, loss of 

FIT2 in yeast also caused defects in targeting of Opi1, a major transcriptional regulator of 

phospholipid metabolism (Hayes et al., 2017).

Seipin.

Seipin is another important protein for LD assembly. Loss of seipin results in severe 

lipodystrophy in patients, as originally described by Seip and Berardinelli in the 1950s 

(Berardinelli, 1954; Seip, 1959). It is conserved in animals, plants, and fungi (Magré et al., 

2001; Szymanski et al., 2007b). Seipin is an ER integral membrane protein, the bulk of 

which resides in the ER lumen with the ends facing the cytoplasm (Lundin et al., 2006). 

Despite its ER localization, seipin is not uniformly distributed across the ER but forms 

distinct foci, a sub-population of which concentrate at ER-LD contacts. Seipin is also 

recruited to nascent droplets as they mature and is among the first proteins observed at LD 

lenses (Fei et al., 2008; Szymanski et al., 2007; Wang et al., 2016). A role of seipin in LD 

function was first suggested by genome-wide screens in yeast, where genetic ablation of 

seipin gene SEI1 (formerly FLD1) induced the formation of morphologically irregular (eg. 

small or “super-sized”) LDs that could be visualized by fluorescence microscopy (Fei et al., 

2008; Szymanski et al., 2007). The ratio of supersized to small clustered droplets was 

increased if phospholipid synthesis was slow (inositol starvation), suggesting an inability of 

the ER to regulate flow of phospholipids into nascent droplets or prevent droplet fusion in 

the absence of seipin (Fei et al., 2011). The LD-ER clusters in the null strain also prevented 

segregation of LDs to buds (Wolinski et al., 2011).

Seipin plays important roles in both droplet assembly and droplet maintenance through ER 

contacts. LD assembly can be observed in yeast by inducing an enzyme that generates 

neutral lipid. Droplets in seipin-null cells are slow to form, with neutral lipids instead 

accumulating in the ER. While single growing spherical LDs form in the wild type, clusters 

of tiny isolated lipid drops with accompanying ER fragments are initially observed in the 

knockout strain (Cartwright et al., 2015). In cultured S2 cells, a short exposure of cells to 

oleic acid results in small lipid-containing structures in the ER which can be visualized by 

the fluorescently-labeled LD targeting peptide LiveDrop (Wang et al., 2016). In wild-type 

cells these soon convert to larger BODIPY-stained puncta. In the seipin-null strain however, 

the BODIPY puncta are much less efficiently produced from the LiveDrop particles, which 

continue to multiply (Wang et al., 2016). In both yeast and animal systems, therefore, seipin 

promotes the development of nascent droplets.
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Besides a role in droplet formation, seipin is essential for maintaining ER-LD contacts 

(Grippa et al., 2015; Salo et al., 2016, 2019). In wild-type cultured cells, the ER-LD contact, 

characterized by an electron-dense plaque between the two organelles, is fairly uniform in 

area and morphology. The junctions in seipin-null cells, by contrast, are more heterogeneous 

in size and shape, often much larger, and some droplets lacked connections with the ER 

entirely, a situation not usually observed in wild type cells (Salo et al., 2016). The 

composition of the ER-LD junction is also different in seipin-null cells, with PA, a bilayer-

destabilizing lipid, accumulating at this site (Fei et al., 2011; Grippa et al., 2015; Han et al., 

2015; Wolinski et al., 2015). In line with this, droplets released from the ER in the absence 

of seipin are also observed in yeast cells, a cell system in which LDs are thought to be 

permanently attached to the ER, and some droplets are even observed in the nucleus 

(Cartwright et al., 2015; Wolinski et al., 2015). Indeed, nuclear droplets are very rare in 

yeast, although seipin-catalyzed droplet formation into the nucleoplasm, in which droplets 

remain tethered to the inner nuclear membrane, can occur (Romanauska and Köhler, 2018). 

Protein trafficking to droplets also is disrupted in the absence of seipin. Some lipases target 

inefficiently to droplets in seipin-null yeast cells in an older study (Wolinski et al., 2011), 

and ACSL3, an ER enzyme that concentrates around droplets and on their surface, failed to 

traffic to droplets in cultured cells, as shown more recently (Salo et al., 2016). Proper lipid 

trafficking to droplets also depends on seipin (Salo et al., 2019). C12-BODIPY, a fluorescent 

fatty acid analogue, failed to become esterified and incorporate into established LDs, 

although it could traffic to newly developing ones (Salo et al., 2016). The facilitation of 

neutral lipid trafficking from ER to LDs by seipin maintains LD size homogeneity and 

prevents transfer between droplets resulting in size heterogeneity (Salo et al., 2019). The 

conclusion is that seipin is not only required for the initial steps of budding of LDs from the 

ER, but is also essential for maintaining functional junctions which permit trafficking of 

neutral lipids and at least a subset of proteins to established droplets.

Structural studies on purified seipin are ongoing to determine its function. Seipin (Sei1, 

formerly Fld1) was first purified from yeast and shown to be a homo-oligomer of 

approximately nine subunits that formed a toroid (Binns et al., 2010). Similarly, human 

seipin was purified and estimated to form dodecamers based on atomic force microscopy 

(Sim et al., 2013). Recently published cryo-EM structures of the luminal domains from 

human and fly (the transmembrane domains and cytosolic-facing termini could not be 

resolved) reveal the protein to consist of 11 and 12 seipin subunits, respectively (Sui et al., 

2018; Yan et al., 2018); unpublished data on yeast Sei1 shows it to be a 10-mer, suggesting 

that the absolute number of subunits is not important for function. The seipin oligomer 

displays radial symmetry with an aperture in the middle. Both transmembrane domains of 

each subunit, although not visualized, emanate from the luminal domains at their periphery, 

i.e., distal from the central aperture.

Each subunit of the luminal domains of human, fly, and yeast seipin consist of one to three 

alpha-helices close to the central aperture with a sandwich of two beta-sheets comprising the 

rest of the domain ((Sui et al., 2018; Yan et al., 2018) and unpublished results). The 

structural features resemble lipid-binding domains of proteins such as NPC2, in which the 

lipid is enclosed by the beta sandwich. The human protein can bind anionic phospholipids 

including PA, although the physiological importance of this has not yet been determined. In 
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the fly and human structures, the alpha helices are hydrophobic and are modeled to 

intimately interact with the ER, perhaps sensing and being stabilized by a neutral lipid lens 

at the earliest stage of droplet formation and thereafter stabilizing the growing droplet. 

Unlike the fly and human forms, the seipin alpha-helices in yeast are not hydrophobic; the 

sensing function could be provided by a hydrophobic domain of a binding partner, the best 

candidate of which is Ldb16 (Grippa et al., 2015; Wang et al., 2014a).

Seipin shows genetic interactions with several other proteins involved in lipid metabolism, 

which provides insights into its role in LD biogenesis and crosstalk with other organelles. 

Yeast seipin was shown to interact with Pex30, a protein involved in peroxisomal assembly. 

In line with this, LDs and peroxisomes are now known to emanate from the same ER sub-

domains, implying roles for seipin in crosstalk with other cellular machinery involved in 

peroxisome biogenesis (Joshi et al., 2018; Pagac et al., 2016; Wang et al., 2018). Thus, the 

regulation of lipid droplets (which store esterified fatty acids) and peroxisomal formation 

(peroxisomes are the only organelle in yeast to oxidize fatty acids) appear to be functionally 

linked.

Finally, the role of seipin in LD formation must be reconciled with its role in promoting 

adipogenesis, a transcriptional pathway; PPARγ signaling is key in this process, and it is 

disrupted in seipin-deficient cells (Chen et al., 2009; Payne et al., 2008). A key may be 

glycerolipid synthesis. The absence of seipin results in an increase in 3-glycerolphosphate 

acyltransferase (GPAT) activity, resulting in elevated PA (Pagac et al., 2016). Interestingly, 

an increase in GPAT enzyme suppressed adipogenesis, suggesting that a lipid, possibly PA, 

is inhibiting PPARγ signaling, tying a loss of normal lipid droplet assembly with 

adipogenesis. However, several other models exist to link seipin with adipogenesis, 

including a role in ER calcium homeostasis (Bi et al., 2014), actin cytoskeleton remodeling 

(Yang et al., 2014), and prevention of inflammation (Qiu et al., 2013). Dissection of primary 

from secondary effects, and establishing causation, will be paramount in understanding the 

role of seipin in this developmental process.

5. Collaboration of LDs with the ER and other organelles at junctions

Numerous studies indicate that LDs are not randomly distributed within the cytoplasm, and 

their organization reflects the metabolic status of the cell. This intracellular LD positioning 

is often facilitated by LDs making direct contact with other organelles to promote lipid 

exchange and metabolic interactions with these compartments. These interactions also 

provide metabolic adaptations to stress. For example, LD-mitochondria or LD-peroxisomes 

contacts allow LDs to donate fatty acids to these organelles for energy production through 

oxidation (Binns et al., 2006; Chang et al., 2019; Joshi et al., 2018; Rambold et al., 2015; 

Wang et al., 2011). Compartmentalizing neutral lipid metabolism at LDs within the ER 

network may regulate the efficiency of distinct metabolic pathways (Coleman, 2019). Indeed 

the organization of neutral lipid synthesis enzymes during ER-localized LD production bears 

striking resemblance to the formation of sequential enzymatic assemblies, or what Paul 

Srere defined as metabolons, which can enhance metabolic efficiency by channeling 

substrates, thereby regulating steady-state flux and the availability of intermediate 

metabolites that participate in competing reactions (Ovádi and Srere, 1999; Srere, 1987). 
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Although this notion has been demonstrated in several examples in vitro and in artificially 

engineered synthetic biological systems (Avalos et al., 2013; Chen and Silver, 2012; Dueber 

et al., 2009; Lee et al., 2012), it remains unclear to what extent this organization exists at a 

cellular level, let alone its metabolic consequences.

Another physiological outcome for organizing neutral lipid metabolism within the ER 

network may be promoting cellular adaptations to stress to maintain ER homeostasis and 

prevent lipotoxicity. In response to an influx of fatty acids, LD biogenesis is normally up-

regulated and fatty acids, which can act as detergents, are sequestered into TAG in LDs 

(Figure 1). In mammalian cells, saturated fatty acids such as palmitate (C16:0), can become 

incorporated into ER-resident glycerophospholipids (phosphatidylcholine, for example) in 

the absence of LD function, causing defects in membrane fluidity and compromise ER 

structure and function if LD biogenesis is disturbed (Piccolis et al., 2019). The addition of 

exogenous fatty acids also leads to defects in ER structure and function in yeast, and this is 

worsened if LD biogenesis is perturbed (Hariri et al., 2019).

6. LDs as stress response factors that promote cellular homeostasis

To combat lipotoxicity, cells express numerous fatty acyl-CoA ligases that can esterify fatty 

acids and actively promote their incorporation into membranes and neutral lipids. Defects in 

the incorporation of toxic fatty acids through the ablation or pharmacological inhibition of 

the DGAT enzymes can cause fatty acid accumulation in the ER bilayer leading to ER 

dysfunction, protein mis-folding, and the activation of the Unfolded Protein Response (UPR) 

pathway (Borradaile et al., 2006; Wei et al., 2006). Consistent with this, inducing ER stress 

stimulates LD formation in yeast, underscoring the functional relationship between ER 

homeostasis and LD biogenesis (Fei et al., 2009). Remarkably, in yeast fatty acid 

detoxification itself may be spatially compartmentalized to distinct sub-regions of the ER 

network. When cultured in oleate-containing medium, the yeast fatty acyl-CoA ligase Faa1 

interacts with ER-vacuole tether Mdm1 and promotes LD biogenesis at the nuclear ER-

vacuole junction (NVJ) (Hariri et al., 2018). As a consequence, Mdm1 is required to 

maintain ER homeostasis in the presence of exogenous fatty acids, and loss of Mdm1 leads 

to defects in ER morphology and sensitivity to lipotoxic fatty acids (Hariri et al., 2019). 

Similarly, Mdm1-deficient yeast also manifest defects in the incorporation of fatty acids into 

LDs at the NVJ, suggesting that yeast can spatially localize LD biogenesis at the NVJ to 

maintain ER lipid homeostasis.

Cells also express an arsenal of proteins that efficiently process or dilute saturated fatty 

acids. In mammalian cells, recent CRISPR-based genetic screens have revealed factors 

necessary for protection against palmitate-induced cell death. These include proteins 

necessary for the production of unsaturated fatty acids (ACSL4, SCAP, AGPAT1, and 

CEPT1), the synthesis of which can dampen palmitate toxicity (Zhu et al., 2019). Moreover, 

addition of palmitate to DGAT-deficient cells is lethal, but can be blunted by co-incubation 

with the unsaturated FA oleate. Interestingly, loss of ACSL3 was hyper-protective against 

palmitate toxicity, likely because this fatty acyl-CoA ligase primarily activates saturated FAs 

so that they can be incorporated into downstream lipids (Zhu et al., 2019). This study also 

identified a poorly characterized protein called CHP1 that regulates glycerol-3-phosphate 
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acyltransferase 4 (GPAT4) that is involved in the initial stages of TAG biosynthesis. A 

parallel independent study conducting both transcriptomic and lipidomic analysis revealed 

that elevated palmitate influx causes increased saturated FA incorporation into several 

glycerophospholipids including PA and lysophospholipids (Piccolis et al., 2019). This work 

also showed that depletion of the E3 ubiquitin ligase domaincontaining protein RNF213 was 

protective against palmitate lipotoxicity. Although its function is unknown, RNF213 

mutations are linked to Moyamoya vascular disease, and RNF213 may regulate some aspect 

of fatty acid desaturation (Piccolis et al., 2019). Collectively, these studies indicate that the 

cell has many ways to suppress saturated fatty acid incorporation into lipids, the failure of 

which leads to potent cell death.

In yeast, failure to store fatty acids in LDs alters the functions of numerous cellular 

pathways. LD-deficient yeast (in which the enzymes necessary for TAG and SE synthesis 

are genetically ablated) are alive, but exhibit defects in macro-autophagy and the formation 

of the autophagophore (Velázquez et al., 2016). This could be caused by general defects in 

ER homeostasis, the source organelle for autophagophore biogenesis. Additionally, LDs 

may be required to supply fatty acids necessary for building the autophagophore membrane. 

Consistent with this, LD-deficient yeast also exhibit defects in sporulation because LDs 

donate fatty acids necessary to build the prospore membrane (Hsu et al., 2017). These 

studies suggests that fatty acids serve as general building blocks for membrane synthesis, 

and the failure of LDs to provide these fatty acids may perturb the cell’s ability to mount 

stress response during times of nutrient shortage.

7. Organelle tethers in spatially-organized LD biogenesis

How do cells organize their LDs to ensure their maintenance and efficient mobilization 

when the need arises? In yeast facing carbon starvation, LDs are produced on the surface of 

the nuclear envelope and accumulate next to the vacuole (eg. yeast lysosome), clustering 

them at an inter-organelle contact site known as the nucleus-vacuole junction (NVJ). Indeed, 

the NVJ becomes a hotspot for LD biogenesis itself, and accumulates numerous lipid 

synthesis enzymes including the PA phosphatase Pah1 that promotes the local synthesis of 

DAG, the precursor to TAG (Adeyo et al., 2011; Barbosa et al., 2015). Recent studies also 

identified specific proteins that decorate NVJ-associated LDs. These include Lipid Droplet 

Organizing (LDO) proteins Ldo16 and Ldo45, which decorate the LD monolayer surface 

and are required for protein Pdr16 to be recruited to LDs (Eisenberg-Bord et al., 2017; 

Teixeira et al., 2017). Remarkably, Ldo16 and Ldo45 are isoforms and products of the same 

genetic ORF in yeast. Both Ldo45 and Ldo16 are expressed in exponentially growing yeast, 

whereas expression levels of Ldo45 are diminished in stationary phase, indicating the 

expression level of these proteins is metabolically regulated. In humans, a protein termed 

promethin that has strong structural homology to LDOs was also found to associate with 

LDs and co-purify with seipin (Castro et al., 2019).

Another protein that associates with LDs at the NVJ is Mdm1 (Henne et al., 2015). Mdm1 

binds LDs via its Phox-Associated (PXA) domain, allowing this protein to simultaneously 

establish tri-organelle contacts between ER, LD, and vacuole and thus promote LD 

clustering at the ER-vacuole interface (Hariri et al., 2018, 2019). Beyond its role as a 
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molecular tether, Mdm1 also interacts with the fatty acyl-CoA ligase Faa1, and that is 

sufficient to recruit Faa1 to sites of LD biogenesis in yeast to promote the formation of a 

local fatty acid pool that facilitates LD growth. Consistent with this, loss of either MDM1 or 

FAA1 causes similar defects in fatty acid activation and sensitizes yeast to lipotoxicity, 

suggesting that Mdm1 coordinates local fatty acid activation at the NVJ to facilitate fatty 

acid incorporation into TAG (Hariri et al., 2019).

8. Yeast lipophagy and ER homeostasis

Why do yeast LDs accumulate at the NVJ during nutritional stress? One model posits that 

these LDs will eventually be delivered into the vacuole lumen for breakdown via a micro-

autophagy process known as micro-lipophagy (Seo et al., 2017; Toulmay and Prinz, 2013; 

Wang et al., 2014b). Yeast grown into late stationary phase eventually deliver their LDs into 

the vacuole lumen, but this process is only observed after multiple days of low-nutrient 

subsistence (Barbosa and Siniossoglou, 2016). LD clustering at the NVJ actually occurs 

early in the transition from exponential growth into stationary phase, a time-frame known as 

the diauxic shift when cell growth slows and yeast transition from glycolysis into aerobic 

respiration (Barbosa et al., 2015; Hariri et al., 2018). This metabolic transition requires 

drastic changes in metabolic signaling at the vacuole/lysosome, the organelle from which the 

TORC1 complex regulates cell growth and division (Murley et al., 2017). Yeast undergoing 

diauxic shift also exhibit slowed membrane synthesis and increased mitochondrial 

biogenesis, which may lead to a buildup and/or re-allocation of cellular fatty acids as 

phospholipid production is altered. Thus, an intriguing hypothesis is that LD biogenesis at 

the NVJ provides a metabolic platform to efficiently process fatty acids which can 

accumulate in this metabolic transition phase. These NVJ-associated LDs may also execute 

specialized signaling functions with the vacuole/lysosome that allow it to metabolically 

remodel itself in preparation for stationary phase subsistence. Collectively, NVJ-associated 

LDs may play signaling as well as lipid storage roles that promote the metabolic transition 

into low-nutrient subsistence. Their biogenesis may also protect the cell from FA-induced 

lipotoxicity during the onset of stationary phase, as these LDs will sequester away otherwise 

toxic FAs, which can ultimately be deposited into the vacuole via micro-lipophagy during 

long-term starvation, or mobilized by cytoplasmic lipases if growth is resumed.

9. Current questions and future perspectives

Despite recent advancements, several important question remain concerning the initial stages 

of LD formation. It is unclear how the many neutral lipid synthesis enzymes organize and 

work together in response to different metabolic cues to promote droplet formation, and 

what triggers their dispersion during times of low LD growth. Specific roles for various 

scaffolding proteins or ER-LD tethers in coordinating LD formation at inter-organelle 

junctions also remain largely unclear. We propose that inter-organelle tethers and scaffolds 

constitute an important and still unexplored mechanism that cells use to regulate metabolic 

efficiency, through binding enzymes and pooling lipid intermediates at sites of organelle 

biogenesis (Figure 2). These organizing factors become critical for shunting common lipid 

intermediates such as DAG, which is shared between neutral lipid and phospholipid 

synthesis pathways, into specific destinations such as LD lens formation. How LD-
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associated proteins like seipin, FIT proteins, Ldo45/16/promethin, and Mdm1/Snx14 

contribute to lipid processing and LD production to maintain cellular lipid balance are 

unclear. To answer these questions new tools for tracking lipid movements and methods to 

detect transient protein assemblies will be needed. A molecular understanding of how LD 

metabolism is spatially organized on a subcellular level will be an exciting challenge for 

future investigations. New functions for LDs in signaling and switching metabolic pathways 

on and off will also emerge. High-resolution structural information from intact LDs inside 

cells will likely yield many insights into these processes.
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Highlights

• Lipid droplets biogenesis is spatially compartmentalized within specialized 

domains of the ER network

• Several factors drive the formation of lipid droplets including enzymes, lipids, 

and structural proteins

• Lipid droplets collaborate with subcellular organelles via membrane contact 

sites

• Lipid droplets are active metabolic hubs that balance cellular lipid 

composition

Henne et al. Page 21

Biochim Biophys Acta Mol Cell Biol Lipids. Author manuscript; available in PMC 2021 January 01.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Figure 1. Metabolic fates of fatty acids.
FAs synthesized de novo or taken up from the external cellular environment have multiple 

metabolic fates. These include incorporation into membrane phospholipids and complex 

lipids, degradation and energy generation by oxidation, storage in lipid droplets, 

esterification to proteins, signaling and regulation of transcription factors, or secretion.
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Figure 2. Potential mechanisms for organelle tethers / scaffolds in regulating metabolic 
organization.
In the absence of compartmentalization cells face many challenges. Enzyme availability 

affects flux through metabolic pathways. Toxic intermediates accumulate in membranes and 

cause toxicity. Intermediates enter into competing reactions diluting the final product yield 

(A). Scaffolds or tethers recruit metabolic enzyme complexes which enhances pathway 

efficiency (B). Scaffolds can also bind and sequester intermediates which enhances their 

stability and prevents their entry into competing reactions. Increasing local concentration of 

intermediates also enhances metabolic efficiency (C).
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