
Tan et al., Sci. Adv. 2020; 6 : eaax0317     15 May 2020

S C I E N C E  A D V A N C E S  |  R E S E A R C H  A R T I C L E

1 of 11

B I O P H Y S I C S

Regulation and dynamics of force transmission at 
individual cell-matrix adhesion bonds
Steven J. Tan1, Alice C. Chang1, Sarah M. Anderson2, Cayla M. Miller1, Louis S. Prahl2*,  
David J. Odde2, Alexander R. Dunn1†

Integrin-based adhesion complexes link the cytoskeleton to the extracellular matrix (ECM) and are central to 
the construction of multicellular animal tissues. How biological function emerges from the tens to thousands of 
proteins present within a single adhesion complex remains unclear. We used fluorescent molecular tension sen-
sors to visualize force transmission by individual integrins in living cells. These measurements revealed an un-
derlying functional modularity in which integrin class controlled adhesion size and ECM ligand specificity, 
while the number and type of connections between integrins and F-actin determined the force per individual 
integrin. In addition, we found that most integrins existed in a state of near-mechanical equilibrium, a result not 
predicted by existing models of cytoskeletal force transduction. A revised model that includes reversible cross-
links within the F-actin network can account for this result and suggests one means by which cellular mechanical 
homeostasis can arise at the molecular level.

INTRODUCTION
Integrins are heterodimeric transmembrane proteins that form 
the core of micrometer-sized protein assemblies, here referred to 
generically as focal adhesions (FAs). These structures link the cyto-
skeleton to the extracellular matrix (ECM) and hence play a central 
role in the construction of multicellular tissues (1–3). Proteomics 
studies demonstrate that ~60 proteins constitute the core integrin 
adhesion machinery and that >2400 proteins are potential members 
of the integrin adhesome (4). Previous studies have uncovered a 
dense web of interactions between FA proteins (5), the complexity 
of which poses a challenge in understanding how FAs function as 
an integrated whole.

In this study, we sought to better understand how FA-mediated 
force transmission arises at the molecular level. The rationale in 
doing so is that the transmission of forces between the cytoskeleton 
and ECM constitutes a core function of FAs and is required both 
for tissue morphogenesis and many forms of cell migration. Force 
transmission is commonly described in terms of the molecular clutch 
model, in which continuous slippage between the rearward-flowing 
actin cytoskeleton and FA components mediates force transmission 
to the ECM (6–10). This model reproduces important biological 
observations, for example biphasic traction forces as a function of 
substrate stiffness (11–13). However, to our knowledge, the clutch 
model has not been directly tested by the observation of the dynamics 
of force transmission at the single-molecule level in living cells.

RESULTS
We used fluorescence resonance energy transfer (FRET)–based 
molecular tension sensors (MTSs) to measure the loads experienced 
by individual integrin heterodimers in human foreskin fibroblasts 
(HFFs) (Fig. 1, A to D). MTSlow and MTSFN9–10 report on loads 

between 2 and 7 pN and present either a linear arginine-glycine-
aspartate (RGD) containing peptide or the fibronectin type III do-
mains 9 and 10, respectively (14, 15). In addition, we developed a 
new sensor termed MTShigh that measures forces between 7 and 11 pN 
and contains the same RGD motif as MTSlow (fig. S1) (16). We found 
that HFFs had similar morphology, adhesion formation, and myosin 
activity when adhering to surfaces functionalized with either MTSlow 
or MTShigh (fig. S2).

In previous studies, we found that most ligand-bound integrins 
exist in a minimally tensioned state (<2 pN) that does not depend on 
the actin cytoskeleton (14), which we confirm in this study (Fig. 1E). 
Measurements using MTShigh further revealed that the distribution 
of loads on individual integrins was highly asymmetric, with a small 
minority of integrins within the adhesions of HFFs bearing loads of 
~6 pN and >11 (Fig. 1, E and F). The presence of the latter subpopu-
lation is consistent with previous studies demonstrating that at least 
some integrins experience peak loads >50 pN (17–21).

How these different load subpopulations arise at the molecular 
level was unclear. A plausible explanation was that these sub-
populations might correspond to ligation by different integrin 
heterodimers, a scenario supported by studies reporting distinct 
roles for 51- and v-class integrins in adhesion and traction 
generation (22–25). To test this hypothesis, we made use of pan-
integrin knockout (pKO) mouse kidney fibroblasts rescued with 
the integrin v subunit (pKO-v), which forms predominantly v3 
and v5 heterodimers, the 1 subunit (pKO-1), which forms only 
51 integrin in these cells, or both subunits (pKO-v/1), which 
form all three integrin heterodimers (22). pKO-v and pKO-v/1 
cells spread normally on coverslips functionalized with either MTSlow 
or MTShigh and formed sizeable FAs (Fig. 2A, top and middle), 
while most of the pKO-1 cells failed to spread on either sensor (see 
insets). In contrast, all three cell types spread on coverslips func-
tionalized with MTSFN9–10. However, pKO-v cells yielded lower 
integrated traction forces, without significant changes in adhesion 
size, compared to the other two cell types [Fig. 2, A (bottom), B, and 
D]. Thus, integrin usage and ligand identity strongly influenced ad-
hesion and traction generation at the whole-cell level, an outcome 
consistent with previous observations (14, 24, 26, 27).
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We next measured the distribution of loads experienced by indi-
vidual integrins for pKO-v, pKO-1, and pKO-v/1 cells adhering 
to coverslips functionalized with MTSFN9–10. Contrary to expectation, 
the distributions of loads for integrins bearing >2 pN were notably 
similar across all three cell lines (Fig. 2B and fig. S3). However, the 
fraction of integrin-bound sensors underneath cells was significantly 
higher for pKO-v/1 and pKO-1 cells as compared to pKO-v 
cells (Fig. 2C and table S1), a factor that can largely account for the 
differences in traction generation at the whole-cell level. Thus, inte-
grin usage indirectly influenced overall cellular traction by modu-
lating the fraction of engaged integrins but did not influence the 
distribution of loads borne by individual, ligand-bound integrins.

An alternate hypothesis was that the load experienced by an in-
tegrin, regardless of class, is determined by the nature of its linkages 
to the actin cytoskeleton. The cytosolic protein vinculin reinforces 
the talin-actin linkage and may influence the load borne by individual 
integrins. We quantified traction generation at the whole-cell and 
single-integrin level for wild-type (WT) and vinculin-null (vin−/−) 
mouse embryonic fibroblasts (MEFs) adhering to MTSlow and MT-
Shigh (Fig. 3, A and B) (28). WT but not vin−/− MEFs generated ap-
preciable regions with low FRET when adhering to MTShigh (Fig. 3B), 
indicating that vinculin was required for the subpopulation of inte-

grins transmitting loads >7 pN (Fig. 3C). This observation was like-
wise borne out by the distribution of loads on single integrins (Fig. 3D). 
Thus, linkages to F-actin, but not integrin heterodimer type, helped 
to determine the loads transmitted by individual integrins.

We next examined the dynamics of force transmission at in-
dividual MTSs (Fig. 4). A large subpopulation of MTSlow and 
MTSFN9–10 yielded close-to-constant FRET levels corresponding 
to measurable loads <2 pN (Figs. 1D and 4). As noted above, we 
attribute this subpopulation to integrins that experience low loads that 
are independent of the cytoskeleton, for example, due to glycocalyx 
compression (29). In addition, we observed MTSlow, MTSFN9–10, and 
MTShigh sensor molecules that experienced loads consistent with 
cytoskeletally generated forces (>2 pN for MTSlow and MTSFN9–10; 
>7pN for MTShigh). Of these, most remained bound for up to tens of 
seconds at a close-to-constant force (Figs. 1D and 4B and table S2). 
This observation is in apparent contradiction with previous formu-
lations of the clutch model, which predict continuous load-and-fail 
dynamics stemming from the progressive loading and failing of con-
nections to F-actin (fig. S5). A minority of MTS FRET traces did ex-
hibit anticorrelated changes in FRET donor and acceptor intensities 
indicative of dynamic changes in load (table S3 and figs. S6 to S8). 
We have classified these as either step (close to instantaneous at 

Fig. 1. Single-molecule tension measurements in living cells reveal distinct subpopulations of load-bearing integrins. (A) FRET-based MTSs. MTSs are attached to 
the coverslip surface via the HaloTag domain. (B) FRET-force calibration curves for MTSlow (blue) and MTShigh (purple) (16, 51). (C) Representative images showing green 
fluorescent protein (eGFP) (left), FRET donor (middle), and acceptor channels (right) for HFFs adhering to a surface functionalized with MTSlow. Scale bar, 5 m; inset scale 
bar, 2 m. (D) Example intensity traces (left) for the FRET donor (green) and acceptor (orange). Vertical dashed lines delineate frames during which the acceptor dye was 
directly excited with 633-nm light; arrows mark acceptor or donor bleaching; horizontal gray dashed lines indicate upper and lower force measurement limits. Right: 
Corresponding load time series before acceptor photobleaching (light blue). Intensity, arbitrary units (a.u.). (E) Single-molecule load distributions for MTShigh underneath 
cells, within adhesions, and outside adhesions. N = number of cells, n = number of sensors. (F) Combined single-molecule load distributions for MTSlow and MTShigh sen-
sors underneath cells, within adhesions, and outside adhesions for MTSlow [blue; data from (14)] and MTShigh (purple).
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our time resolution of ~1 s) or more gradual ramp transitions 
(Fig. 4, A and C, and table S4). Although the clutch model predicts 
ramp increases and step decreases in load, it does not predict the 
step increases or ramp decreases in load that we observed (figs. S6 to 
S8). Although we cannot exclude the possibility that a subset of 
these events may be due to dye blinking, we rarely observe these 
events in our no-load control measurements (table S5). Measure-
ments in U2OS osteosarcoma cells, which have been extensively 
used in studies of cell migration (30), did not show step or ramp 
transitions (fig. S9). Thus, dynamic changes in load, at least as 
assayed here, were evidently dispensable for cell adhesion.

Our observations prompted us to explore extensions of the clutch 
model that incorporated known aspects of the architecture of FAs 
and the actin cytoskeleton. In established versions of the clutch 
model, all the F-actin filaments move with the same instantaneous 
velocity, which scales inversely with the total tension summed 

over all clutches (12). Individual clutches undergo repeated cycles 
of loading and failure as the monolithic F-actin moves rearward 
(fig. S5). We explored multiple extended models that included 
multiple clutch-actin connections, akin to multiple vinculins link-
ing talin to actin, viscous relaxation of the clutch, catch bond be-
havior, or reversible actin cross-linkers (see Model Comparisons 
in the Supplementary Materials  and Fig. 5). Among the models 
examined, only the addition of reversible cross-links between actin 
filaments (e.g., by -actinin, filamin, nonmuscle myosin II, or other 
cross-linkers), yielded long periods of close-to-constant loads anal-
ogous to those observed in single-molecule measurements (Fig. 5, 
A to C). This result reflected the establishment of temporary me-
chanical equilibria between discrete clusters of motors (e.g., non-
muscle myosin II) and clutches (talin and vinculin). In addition, 
simulations recapitulated occasional step transitions, which reflected 
the disconnection or reattachment of an individual clutch to an 

Fig. 2. Integrin class does not determine the force per integrin but affects ligand specificity. (A) Images of eGFP-paxillin and ensemble FRET maps for pKO-v, 
pKO-v/1, and pKO-1 cells adhering to MTSlow (top), MTShigh (middle), and MTSFN9–10 (bottom). Insets show corresponding bright-field images for pKO-1 cells, which 
rarely spread on surfaces functionalized with MTSlow and MTShigh. Scale bars, 10 m. (B) Ensemble quantification of pKO-v, pKO-v/1, and pKO-1 cells adhering 
to MTSlow, MTShigh, and MTSFN9–10. When adhering to MTSlow, pKO-v/1 cells exert more integrated traction compared to pKO-v cells (pKO-v: 67 cells, mean: 5.5 nN; 
pKO-v/1: 43 cells, mean: 9.8 nN) (***P = 3 × 10−4). When adhering to MTShigh, pKO-v/1 and pKO-v cells produce comparable traction overall (pKO-v: 77 cells, 
mean: 2.6 nN; pKO-v/1: 22 cells, mean: 7 nN). For MTSFN9–10, pKO-v/1 and pKO-1 cells exert a higher integrated traction as compared to pKO-v cells (pKO-v: 13 cells, 
mean: 7.9 nN; pKO-v/1: 12 cells, mean: 26.9 nN; pKO-v/1: 12 cells, mean: 23.8 nN) (***P < 10 to 3). (C) Single-molecule load distributions for pKO cell lines adhering to 
MTSFN9–10. Black bars indicate unbound molecules. (D) Adhesion area measured for pKO-v, pKO-v/1, and pKO-1 cells adhering to MTSFN9–10. Areas were calculated from 
the thresholded eGFP-paxillin signal. Differences in adhesion area were not significant between the three cell types.



Tan et al., Sci. Adv. 2020; 6 : eaax0317     15 May 2020

S C I E N C E  A D V A N C E S  |  R E S E A R C H  A R T I C L E

4 of 11

actin filament, and ramp transitions, whose time scale reflected 
the equilibration of loads within the cross-linker network.

Besides the addition of cross-linker binding and release rates 
[based on those of -actinin (31)], the model required only minor 
tuning compared to a previously published clutch model (8). In 
contrast, irreversible cross-links between F-actin, as well as other 
clutch model extensions, resulted in load-and-fail dynamics, analo-
gous to previous clutch models (Fig. 5C). These load-and-fail cycles 
are predicted to be costly in terms of energy dissipated in the repeated 
stretching of individual anchor linkages: In line with this under-
standing, models featuring reversible cross-linker dynamics predicted 
lower energy dissipation for similar overall force levels (Fig. 5D). 
Simulations performed with low substrate stiffnesses produced 
similar load dynamics (fig. S10). This result reflects the use of a 
clutch rupture force (Fb; table S6) that is larger than the typical load 
borne by an individual clutch linkage, a choice in parameterization 
that was necessary to reproduce the long-lived binding events that 
we observe (Figs. 1 and 4). It is possible that the dynamics and force 

sensitivity of the clutch connection to F-actin may differ in different 
cell types, and possibly in different compartments of the cell, for 
example, in nascent adhesions versus stable FAs.

The above model describes the loads borne by individual linkages 
to F-actin rather than by the integrins themselves. However, the 
anchor force distributions for simulations with reversible cross-linkers 
qualitatively match the observation of a peak in the measured load 
distributions for MTSlow and MTShigh (Figs. 5E and 1, E and F). 
Talin contains three actin binding sites and can recruit up to 11 
vinculin molecules (32, 33). It is plausible that these connections to 
F-actin act in parallel, resulting in a broad range of loads transmitted 
by individual integrins. This possibility is supported by our obser-
vation of distinct subpopulations of integrins bearing ~6 and >11 pN 
within the FAs of HFFs (Fig. 1F), potentially reflecting multiple 
connections to F-actin. Single-pN loads are broadly consistent with 
a report that the average load experienced by talin was <6 pN (34). 
However, previous reports also describe >11-pN loads for a subset 
of talin molecules (35) and peak loads of >50 pN for a subset of 

Fig. 3. Vinculin is required for higher forces per integrin. (A) Ensemble FRET maps for WT and vin−/− MEFs transfected with eGFP-paxillin and seeded on coverslips 
functionalized with MTSlow and MTShigh sensors. Scale bar, 10 m. (B) Total integrated traction per cell for forces <7 pN measured with MTSlow. Open circles indicate the 
mean value. (WT: 96 cells, mean: 3.6 nN; vin−/−: 89 cells, mean: 4.4 nN.) (C) Total integrated traction per cell for forces between 7 and 11 pN measured with MTShigh. Open 
circles indicate the mean. (WT: 71 cells, mean: 8.7 nN; vin−/−: 99 cells, mean: 1.5 nN.) (D) Histograms of the single-molecule load measurements for WT and vin−/− MEFs 
measured for cells adhering to MTSlow for sensors outside adhesions (left) and within adhesions (right). ***P < 0.001 using two-sided Wilcoxon rank sum test.
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integrins (21); these higher loads likely reflect additional, vinculin-
mediated connections to F-actin (Fig. 3, A and C). In total, these 
observations are consistent with the hypothesis that the addition of 
multiple linkages to F-actin can result in a wide range of loads on 
individual integrins.

Actin retrograde flow rates provide an independent means of 
testing cytoskeletal clutch models (8, 12, 24). To examine how 
the simulated actin velocities compared with our system, we 
measured the velocity of F-actin filaments by treating living HFFs 
with 50 nM SiR-actin, a fluorogenic small-molecule probe that 
binds to F-actin. The mean speed for F-actin within both adhesions 
and linear F-actin–rich structures (e.g., stress fibers) was 7.9 nm/s 
(95% confidence interval: 7.6-8.1 nm/s; 9 cells, 2355 tracks), com-
parable to the mean velocity of 5 nm/s observed in reversible cross-
linker simulations. These measured and simulated velocities are 
approximately one-half to one-third the magnitude of F-actin speeds 
measured in the lamellipodia of Xenopus XTC cells, respectively, dif-

ferences that may reflect a decrease in F-actin velocities near adhe-
sions (36).

DISCUSSION
Previously, we found that most of the integrins exist in a minimally 
tensioned state (14). Here, we extend this result and report that a 
small fraction of ligand-engaged integrins support loads >11 pN. 
The large majority of integrins thus experience loads substantially 
less than their maximum capacity. This mechanical reserve may 
allow cells to withstand external stresses that would threaten tissue 
integrity. Conversely, the ability to exert large, localized forces via a few 
integrins may be essential for cell migration and mechanosensing, 
for example, in fibrous ECM networks, where local effective stiff-
nesses can span several orders of magnitude (37, 38). Integrin 
complexes thus represent an interesting example of how a highly 
asymmetric distribution of activity at the molecular level (here, 

Fig. 4. Dynamic transitions in load constitute a minority of sensor measurements. (A) Representative traces showing step (left) and gradual ramp (right) load transitions 
(FRET donor: green; FRET acceptor: orange; load: blue) for HFFs adhering MTSlow. Black arrows mark acceptor or donor bleaching; dashed black lines indicate direct 
excitation of the FRET acceptor. Horizontal gray dashed lines indicate upper and lower force measurement limits for MTSlow. (B) Percentage low force (defined as <2 for 
MTSlow or < 7 pN for MTShigh) (blue), higher force but static (green), and dynamic (hashed; subset of loaded integrins) sensors for a variety of cell types adhering to different 
MTSs. (C) Percent of dynamic sensors with step (magenta) and ramp (purple) transitions. U2OS cells had no observable dynamic events.
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force transmission) can yield flexible and robust functionality at the 
cell and tissue levels.

Contrary to expectation, most of the integrins experienced close-
to-constant loads within the resolution of our measurements (10). 
Although several nonexclusive factors, for example, domain unfolding 
in talin (33), may contribute to this observation, a model that incor-
porates reversible cross-links in the F-actin cytoskeleton is sufficient 
to account for our observations. This model is consistent with re-
ports demonstrating that -actinin cross-linking activity can change 
the mechanical properties of F-actin networks (39) and influence 
cell migration and traction force generation (40), although multiple 
actin cross-linkers are likely to contribute. Force transmission 
through a network of dynamic cross-linkers also reduced energy 
consumption compared to a system that underwent repeated load-
and-fail cycles (Fig. 5D). We suggest that, despite the complexity of 
adhesion complexes, cellular mechanical homeostasis and efficient 
force transmission may arise from the core dynamical properties of 
the cytoskeleton. Additional tests in other model systems will, how-
ever, be required to establish the generality of this supposition.

Our data imply that the chain of molecular linkages between 
individual tension sensors and F-actin can remain stable for tens of 
seconds even under appreciable loads (Figs. 1 and 4 and table S2). 
This observation, in turn, suggests that the load on individual clutch 
linkages is, on average, appreciably less than their characteristic Fb 
(table S6). In the modified clutch model, this parameterization pre-
dicts adhesions whose stability is relatively insensitive to substrate 
stiffness (fig. S10). In contrast, adhesions with smaller Fb, or equiv-
alently a higher average load per clutch, are predicted to yield load-
and-fail dynamics at individual clutches and sensitivity to substrate 
stiffness as predicted in the original clutch model (8, 12). Determining 

whether the force sensitivity of adhesions differs as a function of 
cell type, matrix properties, and/or adhesion maturation provides 
an important target for future work. We speculate that modulation 
of key parameters such as the average load per clutch may provide a 
potent yet flexible method for cells to change mechanical states in 
response to external stimuli.

A core result of systems biology is that cellular subsystems, 
for example, signal transduction pathways, are often organized into 
semiautonomous functional modules, an outcome thought to en-
hance both robustness and evolvability (41, 42). Although previously 
proposed (5), whether a similar functional modularity might apply 
to complex structural assemblies such as FAs has been unclear. Our 
observations suggest that, despite a dense web of protein-protein 
interactions (43), FAs maintain modularity at a functional level. In 
the model systems studied here, the force-transducing machinery 
linking F-actin to adhesions resulted in per-integrin load distribu-
tions that were essentially identical regardless of integrin heterodimer 
usage (Fig. 2C). Integrin heterodimer usage in turn determined 
both ligand specificity and adhesion stability and, hence, influenced 
cellular adhesion and traction output. The flexibility afforded by this 
modular organization is likely to have greatly facilitated the evolu-
tion of the remarkable functional diversity of integrin-based adhe-
sion complexes in metazoans.

Our findings complement work demonstrating that some proteins 
are recruited to FAs as part of preassembled complexes (44–46), 
suggestive of a hierarchical assembly process. These preassembled 
protein complexes are, however, not necessarily synonymous with 
single, defined functions; in other systems, evolutionary data 
demonstrate that biological function is often preserved even when 
the protein(s) fulfilling that function are not (47). Compositional 

Fig. 5. A modified model of cytoskeletal force transduction yields mechanical equilibrium at individual integrins. (A) Simplified cartoon of a FA: Nonmuscle 
myosin II pulls on reversibly cross-linked actin filaments, which are linked to integrins by vinculin and talin. (B) Cytoskeletal dynamics model: F-actin filaments bind to 
anchors (blue) and are linked by cross-linking proteins (green). (C) An example force trace of the standard clutch model and possible clutch model extensions that account 
for multivalent clutch connections, viscous relaxation, or reversible cross-links. Reversible cross-links allow for stable force plateaus as well as sporadic ramp and step 
events. The dashed gray lines indicate zero force. (D) Calculated energy dissipation from simulations with irreversible (top) and reversible (bottom) cross-links. (E) Force 
distribution for simulated anchors with reversible cross-linking (kx,off = 20 s−1).
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and functional modularity may thus constitute distinct, and com-
plementary, principles that govern the form and function of com-
plex macromolecular assemblies.

MATERIALS AND METHODS
Sensor construct design
MTSlow and MTSFN9–10 were prepared as previously described (14, 15). 
The high-force MTS (MTShigh) was adapted from MTSlow by replac-
ing the (GPGGA)8 module with another tension-sensitive domain, 
termed HPst (LSDED FKAVF GMTRS AFANL PLWKQ QALMK 
EKGLF), derived from the villin headpiece (16). The DNA encoding 
this construct was assembled by Epoch Life Sciences Inc. (Missouri 
City, TX) and was cloned into the pJ414 expression vector (DNA 2.0). 
We used Alexa 546 maleimide (Thermo Fisher Scientific, A10258) as 
the FRET donor and an Alexa 647 maleimide dye (Thermo Fisher 
Scientific, A20347) as the FRET acceptor. This modified MTS pres-
ents the identical RGD ligand derived from fibronectin as used in 
MTSlow. The entire MTShigh sequence is presented below:

M G S E I G T G F P F D P H Y V E V L G E R M H Y V D V G P 
R D G T P V L F L H G N P T S S Y V W R N I I P H V A P T H R S 
I A P D L I G M G K S D K P D L G Y F F D D H V R F M D A F I E 
A L G L E E V V L V I H D W G S A L G F H W A K R N P E R V K 
G I A F M E F I R P I P T W D E W P E F A R E T F Q A F R T T D 
V G R K L I I D Q N V F I E G T L P M G V V R P L T E V E M D H 
Y R E P F L N P V D R E P L W R F P N E L P I A G E P A N I V A 
L V E E Y M D W L H Q S P V P K L L F W G T P G V L I P P A E 
A A R L A K S L P N A K A V D I G P G L N L L Q E D N P D L I G 
S E I A R W L S T L E I S G G A G E F K C A G L S D E D F K A V F 
G M T R S A F A N L P L W K Q Q A L M K E K G L F G K C A G S 
E N L Y F Q G T V Y A V T G R G D S P A S S A A H H H H H H.

Expression and purification of MTS constructs
Sensors were expressed in BL21(DE3) competent Escherichia coli. Cul-
tures (500 ml) were grown overnight at 30°C with ampicillin (100 g/ml) 
and induced with 1 mM isopropyl--d-thiogalactopyranoside at an 
optical density of 0.6. The bacteria were then spun down at 6000g 
for 30 min and resuspended in 10 ml of lysis buffer [50 mM sodium 
phosphate, 300 mM NaCl, and 10 mM imidazole, (pH 8)] with a 
protease inhibitor cocktail (11873580001, Roche) and 10 M lyso-
zyme. The resuspended cells were rocked for 30 min at 4°C, lysed 
with a tip sonicator, and spun at 14,000g for 30 min. The super-
natant was incubated with 2 ml of nickel–nitrilotriacetic acid HisPur 
Resin (Thermo Fisher Scientific) and rocked at 4°C for 2 hours. The 
solution was then packed into a gravity column, washed three times 
with 5 ml of wash buffer [50 mM sodium phosphate, 300 mM NaCl, 
and 20 mM imidazole (pH 7.4)], and incubated with 4 ml of elu-
tion buffer [50 mM sodium phosphate, 300 mM sodium chloride, 
and 250 mM imidazole (pH 7.4)] for 5 min. The eluate was col-
lected and dialyzed overnight into storage buffer [1× phosphate-
buffered saline (PBS), 1 mM EDTA, and 2 mM -mercaptoethanol], 
flash-frozen, and stored at −80°C. Fractions were character-
ized by SDS–polyacrylamide gel electrophoresis (SDS-PAGE), 
and the concentration was determined by ultraviolet–visible (UV-
Vis) spectroscopy (fig. S1).

Labeling of MTS constructs
Labeling of MTSs was performed through dual cysteine labeling 
and subsequent purification to separate the population of sensors 

with a single donor and acceptor dye. The cysteines were first re-
duced with 2 mM tris(2-carboxyethyl)phosphine for 30 min at room 
temperature and buffer exchanged into labeling buffer [50 mM 
phosphate buffer, 150 mM NaCl, and 1 mM EDTA (pH 7.4)] using 
three 7K Zeba desalting columns (89883, Thermo Fisher Scientific) 
in series. Alexa 546 and Alexa 647 maleimide dyes were added at a 
protein:​donor:acceptor ratio of 1:1.5:2 for 1 hour at room tempera-
ture and overnight at 4°C. To help remove free dye and exchange 
the protein into fast protein liquid chromatography (FPLC) buffer 
A [50 mM tris buffer (pH 8) and 5 mM -mercaptoethanol], the 
solution was passed through two PD MiniTrap desalting columns 
(45001529, GE Healthcare) in series. To separate out the sensors 
with a single donor and single acceptor, we used an AKTA Pure 
FPLC (GE Healthcare) with a MonoQ PC 1.6/5 (GE Healthcare) 
ion exchange column and a 10 mM/ml linear salt gradient with buffer 
B [50 mM tris (pH 8), 5 mM -mercaptoethanol, and 2 M NaCl]. 
Fractions were characterized using SDS-PAGE, UV-Vis spectros-
copy, and single-molecule imaging. The desired fractions were con-
centrated and exchanged into PBS using 3K centrifugal filters (Amicon) 
and stored at −80°C.

Preparation of functionalized Halo ligand coverslips
Coverslips were prepared as previously described (14). Briefly, 24 mm 
by 50 mm no. 1 coverslips (Fisherbrand) were sonicated in a bath 
sonicator (Kendall) for 20 min with isopropanol, Milli-Q water, and 
5 M KOH, with Milli-Q water rinses between each step. The cover-
slips were then sonicated for 5 min in methanol and transferred to 
a solution of 2-ml N-(2-aminoethyl)-3-aminopropyltrimethoxysilane 
(97%) (A0700, UCT Specialties), 10-ml glacial acetic acid, and 200-ml 
methanol. The coverslips were incubated in the silane mixture for 
10 min, sonicated for 1 min, and then incubated for another 10 min. 
They were then rinsed with Milli-Q water and dried with nitrogen. 
To passivate the coverslips, 100 mg of maleimide polyethylene 
glycol (PEG) succinimidyl carboxymethyl ester (molecular weight, 
5000; A5003-1, JenKem Technology) was dissolved in 1 ml of 
100 mM phosphate buffer (pH 7.0). Two coverslips were sandwiched 
with 100 l of the PEG solution in between for 1 hour at room tem-
perature and protected from light. The coverslips were then washed 
with Milli-Q water and dried before being incubated overnight 
with 100 l of 3 mM Halo ligand thiol (P6761 Promega or Acme-
Biosciences Inc.) in 100 mM phosphate buffer (pH 7.0). Afterward, 
the coverslips were washed with Milli-Q water, dried, and stored 
in vacuum-sealed bags at −20°C.

Flow chamber preparation and imaging
Flow chambers were attached to PEGylated coverslips as previously 
described (15). For ensemble experiments, chambers were prepared 
with 100 nM double-labeled sensor and incubated at room tem-
perature for 30 min. For the single-molecule assay, 100 nM un-
labeled sensor with 100 pM labeled sensor was mixed in PBS and 
added to the flow cells for 30 min. The chambers were then washed 
with 200 l of PBS and Pluronic F-127 (0.2% w/v) for ~1 min to 
prevent nonspecific cell attachment. The chambers were washed 
again with PBS to remove excess Pluronic. Cells were then added 
and incubated for at least 1 hour at 37°C in Dulbecco’s modified 
Eagle’s medium (DMEM) high-glucose medium. FRET measurements 
were made within 3 hours of plating the cells and acquired with an 
objective heater (Bioptechs) set to 37°C. Images were prepared in 
Fiji (48) and analyzed using custom MATLAB scripts.
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For immunofluorescence, cells were fixed with 4% parafor-
maldehyde for 15 min at 37°C and washed with PBS. Cells were 
then permeabilized with 0.1% Triton X-100  in PBS for 5 min, 
washed with PBS, and then blocked with 5% bovine serum albumin 
(BSA) for 1 hour at room temperature. Antibodies for myosin IIa 
(Sigma-Aldrich, no. M8064; 1/100 dilution) and phosphorylated 
myosin light chain (Cell Signaling Technologies, no. 3675S; 1/200 
dilution) were incubated with 5% BSA for 45 min at room tem-
perature. Secondary antibodies (anti-rabbit 647, Cell Signaling Tech-
nologies, no. 4414S; and anti-mouse 555, Cell Signaling Technologies, 
no. 4409S; 1/200 dilution) were incubated with 5% BSA for 45 min 
at room temperature.

Total internal reflection fluorescence FRET imaging
Single-molecule and ensemble FRET fluorescence measurements were 
performed with objective-type total internal reflection fluorescence 
(TIRF) microscopy on an inverted microscope (Nikon TiE) with an 
Apo TIRF 100× oil objective lens, numerical aperture 1.49 (Nikon) 
as described previously (14) and controlled using Micromanager (49). 
Samples were excited with 473-nm OBIS laser (Coherent), 532-nm 
(Crystalaser), or 635-nm (Blue Sky Research) lasers. For single-
molecule data, emission for the FRET donor and emission channels 
were separated as previously described and recorded on an electron-
multiplying charge-coupled device camera (Andor iXon) (15). For 
collection of the green fluorescent protein (GFP) signal, we used 
an additional set of emission filters mounted on a motorized flip 
mount (Thorlabs Inc.) placed the donor fluorescence emission 
path. Filters used included a 593/40 nm filter (Semrock Inc.) for 
the collection of donor emission, a 675/30 nm filter for the collec-
tion of acceptor emission, and a 514/30 nm filter (Semrock Inc.) for 
GFP emission collection. For ensemble FRET maps taken for whole 
cells, emitted light passed through a quad-edge laser-flat dichroic 
with center/bandwidths of 405/60 nm, 488/100 nm, 532/100 nm, and 
635/100 nm from Semrock Inc. (Di01-R405/488/532/635-25×36) 
and corresponding quad-pass filter with center/bandwidths of 
446/37 nm, 510/20 nm, 581/70 nm, 703/88 nm band-pass filter 
(FF01-446/510/581/703-25). GFP, donor, and acceptor images were 
taken through separate additional cubes stacked into the light path 
(GFP: 470/40 nm, 495 nm long-pass, and 525/50 nm; donor: 550 nm 
long-pass; acceptor: 679/41 nm and 700/75 nm) and recorded on a 
Hamamatsu Orca Flash 4.0 camera.

Cell culture
HFF cells CCD-1070Sk (American Type Culture Collection CRL-2091) 
were cultured in DMEM high-glucose medium (Gibco, catalog 
no. 21063-029) in the absence of phenol red and supplemented with 
10% fetal bovine serum (FBS; Axenia Biologix LLC ), sodium pyruvate 
(1 mM, Gibco), MEM nonessential amino acids (1×; Gibco), and 
penicillin/streptomycin (100 U/ml and 100 g/ml; Gibco), herein 
referred to as normal culture medium. The cells were grown at 37°C 
with 5% CO2. Fibroblasts with stably expressing eGFP-paxillin (fused 
at the C terminus) were prepared as previously described (15).

pKO mouse kidney fibroblasts rescued with either v, 1, or both 
v and 1 integrin subunits were a gift from R. Fässler (Max Planck 
Institute Martinsried) (22). Cells were cultured on fibronectin-coated 
plastic (5 g/ml; Corning, diluted in PBS and incubated at 37°C for 
1 hour) in normal culture medium described above. pKO-1 cells 
in particular were sensitive to the quality of fibronectin coating; thus, 
a minimum of 1 and 4 ml of the diluted fibronectin solution (5 g/ml) 

were used per well for a six-well and 10-cm dish, respectively. Cells 
were grown at 37°C with 5% CO2.

WT and vin−/− MEFs were a gift from K. Rothenberg and B. Hoffman 
(Duke University) (28). Cells were cultured on tissue culture plastic 
in normal culture medium at 37°C and 5% CO2.

U2OS cells were a gift from M. Franklin and J. Liphardt (Stanford 
University). Cells were cultured on tissue culture plastic in normal 
culture medium at 37°C and 5% CO2.

Transfection
pKO-integrin cells and WT and vinculin KO MEF cells were trans-
fected using a similar protocol to the one previously described for 
eGFP-paxillin human fibroblasts (15). Cells were trypsinized, pelleted, 
resuspended in medium lacking FBS and penicillin/streptomycin, 
and counted. pKO-integrin cells (2 × 106) and WT (5 × 105) and 
vinculin KO cells were repelleted at 800 rpm for 10 min. P4 Nucleo-
fector solution (82 l) was added to 18 l of P4 supplement in a 
1.5-ml Eppendorf tube and used to resuspend the cell pellet. DNA 
for C-terminal eGFP-paxillin (Addgene, no.15233) cloned into the 
DNA 2.0 PiggyBac vector (~4 g) was added to the cells and gently 
flicked before transferring to a Lonza nucleofection cuvette. Cuvettes 
were placed in a Lonza 4D-Nucleofector system and program C2167 
(for MEFs) was used. Warm medium (500 l) was added to the 
cuvette, and cells were transferred to a six-well plate with medium 
equilibrated at 37°C with 5% CO2 using a pipette bulb without 
pipetting up and down. Cells were selected with puromycin (1 to 
2.0 g/ml) 24 hours after transfection for 4 to 6 days.

Calculating single-molecule FRET efficiency
Single-molecule data were acquired and analyzed as described 
previously (14). Briefly, data were acquired with excitation with a 
532-nm laser at 5 frames/s for 300 or 600 frames and with direct 
acceptor excitation at 635 nm for approximately 10 frames at roughly 
frame 100. The direct excitation helped to distinguish between low-
FRET sensors and sensors without an acceptor dye.

Traces were analyzed using a custom MATLAB code, and donor 
and acceptor channels were aligned using a single-molecule high-
resolution colocalization map generated by scanning across a field 
of beads (50). The positions of individual sensors were then detected 
using a spot-finding algorithm (T. Ursell, Stanford University) and 
were determined to be colocalized if within two pixels. Intensities 
were calculated on the basis of an average of 7 × 7 pixels centered 
around the detected spot and corrected for spectral bleedthrough.

Intensities for each dye were averaged over manually identified 
FRETing, non-FRETing, and bleached regions. When the acceptor 
bleached before the donor, we used the following expression to 
calculate FRET efficiency

	​ E = ​ 
(​I​ a​​ − ​I​ ​a​ ,​​back​​)

  ───────────────  (​I​ a​​ − ​I​ ​a​ ,​​back​​ ) + (​I​ d​​ − ​I​ ​d​ ,​​back​​) ​​	

	​  = ​ 
​I​ a​​ − ​I​ ​a​ ,​​back​​

 ─ ​I​ d​​ ​,​ 0​​ − ​I​ d​​  ​​	

where Ia is the acceptor intensity during FRET, Ia,back is the acceptor 
background intensity, Id is the donor intensity during FRET, Id,0 is 
the donor intensity after acceptor photobleaching, Id,back is the donor 
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background intensity, and  is the correction factor accounting for 
relative dye quantum yields and instrument detection efficiencies.

When the donor fluorophore bleached first, the FRET efficiency 
was calculated as

	​ E  = ​  
(​I​ a​​ − ​I​ ​a​ ,​​back​​)

  ───────────────   (​I​ a​​ − ​I​ ​a​ ,​​back​​ ) + ​​ 0​​(​I​ d​​ − ​I​ ​d​ ,​​back​​) ​​	

Values for 0 were 0.40 for MTSlow, 0.52 for MTSFN, and 0.52 
for MTShigh.

Events were double-checked by generating a series of z pro-
jections for the donor and acceptor molecule during FRETing, 
non-FRETing, and bleached states. The autoGaussianSurf Matlab 
function (P. Mineault) was used to fit a two-dimensional Gaussian 
to the 7 ×7–pixel area to determine whether the spot represented a 
single emitting fluorophore. Low-FRET events were verified as having 
a functional acceptor by direct excitation with a 635-nm laser.

Combined force histograms
Combined single-molecule histograms for MTSlow and MTShigh were 
created by normalizing the proportion of molecules for the overlapping 
force bins. The proportion of molecules greater than 7 pN measured 
previously using MTSlow nearly matched the proportion of molecules 
bearing greater than 7 pN measured using MTShigh (14). The final 
histograms were created by scaling the force distribution measured 
by MTShigh by the proportion of molecules bearing greater than 
7 pN measured using MTSlow for molecules within adhesions, 
underneath cells, and outside adhesions separately.

Obtaining theoretical FRET-force calibration curve
The FRET versus force response of the (GPGGA)8 linker used here 
was previously reported by Grashoff et al., and an updated calibra-
tion was recently reported by LaCroix et al. (51, 52). We used the 
updated MATLAB calibrations from LaCroix et al. to generate im-
proved FRET versus force calibration curves. Using 43 amino acids 
(for the eight repeats of GPGGA plus the two cysteines and a single 
lysine), a fluorophore radius of 0.5 nm, a Forster radius of 6.95 nm, 
and persistence lengths from 0.87 to 0.98 nm, we constructed three 
FRET-force calibration curves to account for the slightly different 
resting FRET efficiencies determined experimentally (fig. S11).

Ensemble FRET analysis
Ensemble measurements were performed as previously described 
(14). In summary, images of eGFP-paxillin marked cells were ac-
quired using a Hamamatsu Orca Flash 4.0 camera and were sub-
sequently corrected for illumination spatial inhomogeneities, 
background-subtracted, and intensity-normalized. The GFP image 
was then boxcar-averaged (“moving average v3.1” from MATLAB 
Central File Exchange) at 10 different rotations of the original 
image at 20° intervals, thresholded, and segmented using a water-
shed algorithm. The segmented image was then corrected to com-
bine adjacent islands representing a single adhesion and filtered to 
exclude islands below a lower limit (0.5 m2). The segmented GFP 
image was then used to mask the corresponding FRET signal.

FRET images were converted to FRET index values by dividing 
the acceptor intensity over the sum of the donor and the acceptor 
signal. Then, the FRET images were converted to FRET efficiency 
after correcting to dye labeling efficiency, bleedthrough, the measured 
no-load FRET efficiency, and the FRET-index measured outside 

the cell (14). The total integrated traction of a cell was calculated by 
summing the force contributions (defined as the average pixel value 
times number of pixels) for pixels within adhesions. For MTSlow or 
MTSFN9–10, forces corresponding to >7pN were set to 7.1 pN. For 
MTShigh measurements, calculated forces corresponding to <7 pN 
were set to 0 pN.

Dynamics analysis
Traces with potential dynamic behavior, identified by having dis-
tinct anticorrelated signals, were marked and analyzed individually. 
Step events were classified by having large anticorrelated changes 
in the donor and acceptor signal within the period of one to three 
frames (0.2 to 0.6 s) and were manually annotated. Force traces were 
smoothed using a median filter over five frames. Ramp events 
were classified by having more gradual anticorrelated changes and 
were manually marked. Ramp traces were then converted to the 
force domain, and only changes in load between 2 and 7 pN were fit. 
Dynamic events were only accepted if the acceptor was confirmed 
to be active and could not be accounted for by either donor or 
acceptor photobleaching. Very few dynamic-like sensors were 
observed under no-load conditions (table S5).

Actin tracking imaging
Halo-PEG coverslips were incubated with 100 nM unlabeled RGD 
sensor at room temperature for 30 min, and cells were seeded and 
allowed to spread for at least ~1 hour. After a 9-min incubation with 
50 nM SiR-actin (Cytoskeleton Inc., no. CY-SC001), the sample was 
incubated with Prolong Live Antifade Reagent (Invitrogen, P36975) 
for 1 hour. The low dilution of SiR-actin allowed for individual 
molecules to be tracked, and the addition of Prolong reduced 
photobleaching. For each cell, a 100-ms exposure of the GFP-paxillin 
channel (for masking) was first acquired, followed by a 60-frame 
sequence in the far red channel (SiR-actin) with 300-ms exposures 
taken every 2 s.

For fixed cell control data, cells were allowed to spread on func-
tionalized coverslips and then fixed in 4% paraformaldehyde for 
15 min at room temperature. After rinsing, the cells were treated 
with SiR-actin and Prolong reagent as above.

F-actin tracking analysis
Speckles and tracks were identified using quantitative fluorescent 
speckle microscopy software made available by the Danuser laboratory 
(53). The localizations, which are given with pixel precision, are fit 
to subpixel positions by Gaussian fitting.

Every frame was used to track speckles, but velocities were calcu-
lated from speckle displacements over five frames (10 s), giving 
velocities on the time scale of our FRET measurements. Adhesions 
were masked by an Otsu threshold of the eGFP-paxillin image after 
background subtraction to remove the diffuse cytoplasmic signal. 
F-actin stress fibers were masked as the brightest 3% of pixels of a 
time-series projection of the F-actin tracks. We measure the actin ve-
locities of tracks that originate both over stress fibers and adhesions.

From our mean velocity measurement, <d>, we calculate a cor-
rected velocity, s, using the following relation (50)

	​ s  = ​ √ 
_

 〈 ​d​​ 2​ 〉 − 4 ​​​ 2​ ​​	

where  is the localization error (SD) of single-molecule localizations 
(estimated to be 47 nm here).
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Reversible cross-linker model
In the reversible cross-linker model, F-actin was treated as a net-
work of filaments connected by noncompliant dynamic cross-linkers 
(Fig. 4). These cross-linkers bind and unbind at rates kx,on and kx,off. 
Each clutch is bound to an individual filament, and the number of 
motors per filament is dictated by simulation parameters (table S6). 
Force traces were averaged over 1-s time steps to reflect the time 
scale of the processed force traces from the single-molecule mea-
surement. Individual clutches experience load routed from different 
combinations of motors at any given instant, where individual loads 
are dictated by both the force-velocity relationships of individual 
motors and the loading history of the clutches within the cluster. 
The forces on individual clutches build until the F-actin retrograde 
flow rate is close to 0 and the motor stall force and clutch force are 
nearly equal. When a cross-linker binds or unbinds, the forces 
on the associated clutches are no longer balanced, and the F-actin 
velocities adjust to reestablish mechanical equilibrium.

In the resulting simulations, dynamic clusters of clutches con-
tinuously stretch and relax, oscillating around force plateaus for 
periods of 10 to 60 s. Ramp and step transitions are observed 
throughout these simulations, in a manner consistent with our 
experimental observation: A step transition occurs when a binding 
clutch quickly builds force or when an unbinding clutch instanta-
neously returns to 0 force. More gradual ramp transitions occur in 
neighboring clutches as the associated loads readjust to achieve a 
force balance within the cluster.

Although a variety of models were explored, the dynamic F-actin 
network best captured the behavior observed experimentally. In 
contrast to the other models, the force plateaus persisted the longest 
with minimal fluctuations, and the single-clutch dynamics were 
consistent across simulation parameters (i.e., relatively insensitive to 
small parameter changes). Although further testing of the dynamic 
F-actin network model is still needed and alternate models have not 
been definitively ruled out, the dynamic F-actin model best captures 
the experimentally observed behavior of the individual sensor force 
distribution and force dynamics.

Energy dissipation was calculated as the sum of stored energy in 
anchors upon unbinding. When an unbinding event occurred, the 
stored energy in the anchor was calculated using the spring constant 
of the anchor and its displacement

	​ E = ​ 1 ─ 2 ​ ​k​ c​​ ​x​​ 2​​	

The running sum of this value was recorded for the duration of 
the experiment. This does not account for energy dissipation within 
the motor-actin system.

SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/
content/full/6/20/eaax0317/DC1

View/request a protocol for this paper from Bio-protocol.
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