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Introduction
Skeletal muscle fibers are formed from the fusion of  mononucleated muscle progenitor cells generating 
multinucleated myofibers (1, 2). This process occurs in embryonic and postnatal development as well as 
during regeneration of  damaged tissue (3). Following a muscle injury, satellite cells (SCs) become activated 
and differentiate, ultimately leading to fusion and formation of  regenerated myofibers (4, 5). Regenerative 
fusion can occur following acute injury, such as traumatic insult, in which case muscle structure and func-
tion are completely restored upon the conclusion of  regeneration. Alternatively, chronic muscle injury is 
characterized by cycles of  degeneration and regeneration, and thus there is continuous activation of  the 
SC population. Such is the case in the muscular dystrophies, which comprise a group of  inherited diseases 
leading to progressive muscle loss and dysfunction (6). The most common of  these, Duchenne muscular 
dystrophy (DMD), is caused by mutations in dystrophin, a critical component of  the dystrophin-glycopro-
tein complex, which serves to stabilize the muscle membrane during contraction (7). The lack of  a func-
tional dystrophin-glycoprotein complex leads to muscle damage with consequent inflammation and fibrotic 
remodeling (8, 9). In contrast to the regulation of  muscle progenitor fusion during embryogenesis and in 
response to acute injury, the importance and mechanisms of  fusion in a chronic regenerative setting like 
dystrophic disease progression are not well understood.

There has been much interest in the role of  SCs in DMD because their activity is an endogenous mech-
anism with the potential to mitigate dystrophic disease. It has been shown that dystrophic SCs possess 
cell-intrinsic deficits that hamper their ability to achieve optimal regeneration, and strategies to enhance or 
rejuvenate SC function, along with exogenous stem cell therapies, are among the leading approaches for 
therapeutic development in DMD (10–12). A number of  studies have shown that augmenting SC expansion 

Muscle progenitor cell fusion is required for the formation and regeneration of multinucleated 
skeletal muscle fibers. Chronic muscle regeneration in Duchenne muscular dystrophy (DMD) is 
characterized by ongoing fusion of satellite cell (SC) progeny, but the effects of fusion on disease 
and the mechanisms by which fusion is accomplished in this setting are not fully understood. 
Using the mdx mouse model of DMD, we deleted the fusogenic protein Myomaker in SCs 
or myofibers. Following deletion in SCs, mice displayed a complete lack of myocyte fusion, 
resulting in severe muscle loss, enhanced fibrosis, and significant functional decline. Reduction 
of Myomaker in mature myofibers in mdx mice, however, led to minimal alterations in fusion 
dynamics. Unexpectedly, myofiber-specific deletion of Myomaker resulted in improvement of 
disease phenotype, with enhanced function and decreased muscle damage. Our data indicate that 
Myomaker has divergent effects on dystrophic disease severity depending upon its compartment 
of expression. These findings show that myocyte fusion is absolutely required for effective 
regeneration in DMD, but persistent Myomaker expression in myofibers due to ongoing fusion may 
have unintended deleterious consequences for muscle integrity. Thus, sustained activation of a 
component of the myogenic program in dystrophic myofibers exacerbates disease.
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can improve disease phenotype, while limiting expansion or promoting SC pool exhaustion worsens pathol-
ogy. Mdx mice with deletion of  syndecan-3 show increased activation and proliferation of  SCs, leading to 
enhanced regeneration (13). Transient inhibition of  STAT3 in dystrophic mice leads to SC expansion and 
enhanced muscle repair, and genetic deletion of  chicken ovalbumin upstream promoter–transcription factor 
II (COUP-TFII) has similar effects, while COUP-TFII overexpression limits SC proliferation and leads to 
more severe myopathy (14, 15). Additionally, dystrophic mice lacking telomerase activity show reduced SC 
regenerative capacity and exacerbated disease progression (16). However, early stem cell ablation studies in 
dystrophic mice suggested there may be histological improvements following irradiation, and more recently, 
it has been shown that delaying regeneration can potentially ameliorate DMD severity (17–19).

Despite the clear relevance of  SCs to DMD pathophysiology, the direct contributions of  SCs to dys-
trophic muscle, as well as the effects of  their absence, has not been experimentally tested. Unlike in acute 
injury, the chronic regenerative state of  DMD is characterized by the continual fusion of  SC progeny over 
months or years. This system provides a unique setting to determine mechanistic underpinnings of  fusion, 
such as the requirement for fusion factors on the cells that undergo fusion in dystrophic muscle. Fusion in 
DMD can occur symmetrically between multiple myoblasts to form de novo myofibers, or myoblasts can 
fuse asymmetrically to damaged existing myofibers, but it is not understood if  the machinery is the same for 
each of  these fusion events (20). Additionally, the chronic myocyte fusion in dystrophic muscle represents 
a distinct pathological situation, one that never occurs during the life span of  a normal animal. Thus, the 
consequences of  ongoing fusion and membrane remodeling on muscle integrity in DMD could have a 
profound impact on the course of  the disease.

In vertebrate skeletal muscle, fusion is mediated through the activity of Myomaker, a skeletal muscle–spe-
cific transmembrane protein (21–23). Indeed, genetic deletion of Myomaker leads to a complete lack of fusion 
and blocks formation of multinucleated muscle fibers during embryogenesis and after acute injury in the adult 
(24). Myomaker is required on the cell membrane for the initial step of the fusion process (25). While the 
biochemical function of Myomaker is not known, current hypotheses include that it possesses an activity that 
promotes cell membrane merger (26). The expression of Myomaker is highly restricted to times of myogenesis, 
but it is downregulated after the fusion process is complete and thus is absent in healthy, unstimulated adult 
muscle (24, 27). In contrast, Myomaker is activated in skeletal muscle of adult mdx mice (24), but the dynamics 
and consequences of Myomaker’s fusogenic activity in a chronic disease setting are unknown.

In this study, we investigated the role for fusion in determining the disease course of  DMD and inter-
rogated the requirement of  Myomaker for effective fusion. Specifically, we examined the consequences of  
Myomaker expression in each of  2 compartments in dystrophic skeletal muscle that undergo fusion: SCs 
and mature myofibers. We found that the activity of  Myomaker in SCs is absolutely required for effective 
regeneration, and loss of  fusogenicity in SC progeny leads to severely exacerbated pathology. Unexpected-
ly, we found that reduction of  Myomaker in myofibers did not affect fusion dynamics but led to improved 
indices of  muscle function and myofiber integrity. These findings suggest that Myomaker expression in 
myofibers is not needed for fusion with myocytes but indicate that Myomaker in myofibers has a delete-
rious effect on overall membrane integrity. Together, our data indicate that the fusogenic activity of  Myo-
maker is required in SCs for chronic muscle regeneration but paradoxically contributes to the pathogenesis 
of  DMD at the level of  the myofiber.

Results
Fusion in muscular dystrophy is blocked by deletion of  Myomaker in Pax7+ SCs. Using a MymkLacZ allele in which 
one copy of  the Myomaker gene is effectively replaced with a LacZ cassette, we previously showed that 
Myomaker is upregulated in skeletal muscle of  mdx mice because of  ongoing SC activation and regenera-
tion (24). However, whether Myomaker is expressed in activated SCs or myofibers was not known. Using a 
similar approach, we found LacZ+ myofibers in dystrophic muscle, indicating that Myomaker transcription 
occurs in both activated SCs and myofibers in DMD (Supplemental Figure 1; supplemental material avail-
able online with this article; https://doi.org/10.1172/jci.insight.136095DS1). To examine the impact of  SC 
progeny fusion on the disease course of  DMD, we used a MymkloxP/loxP mouse line and crossed this mouse with 
mdx4cv mice and introduced the tamoxifen-inducible Pax7CreERT2 allele. This mouse line (mdx4cv MymkloxP/loxP  
Pax7CreERT2) allowed conditional deletion of  Myomaker in SCs of  dystrophic mice after treatment with 
tamoxifen. We treated mdx4cv MymkloxP/loxP (mdx) and mdx4cv MymkloxP/loxP Pax7CreERT2 (mdx MymkscKO) mice with 
tamoxifen at 2 months of  age and analyzed these mice at 7 months of  age (Figure 1A).

https://doi.org/10.1172/jci.insight.136095
https://insight.jci.org/articles/view/136095#sd
https://doi.org/10.1172/jci.insight.136095DS1


3insight.jci.org   https://doi.org/10.1172/jci.insight.136095

R E S E A R C H  A R T I C L E

Quantitative PCR (qPCR) analysis revealed Myomaker mRNA transcripts were significantly downreg-
ulated in skeletal muscle of  mdx MymkscKO mice (Figure 1B). Analysis of  myofibers with central nuclei, a 
hallmark of  regeneration and fusion, showed a significant reduction in mdx MymkscKO muscle (Figure 1C). 
These data suggest that ongoing fusion contributes heavily to central nucleation in dystrophic muscle. To 
more directly assay fusion, mice were treated with BrdU for 7 days before sacrifice to label proliferating 
nuclei, including myogenic progenitors that could then be tracked for their incorporation into myofibers. 
A fusion event was defined as a BrdU+ nucleus located within a myofiber labeled by laminin. BrdU+ nuclei 
within myofibers were observed in mdx mice, showing that fusion was occurring in this time frame, but 
mdx MymkscKO mice showed a complete lack of  BrdU+ nuclei in myofibers (Figure 1D). Another hallmark 
of  regeneration and fusion is the presence of  de novo myofibers, which are marked by embryonic myosin 
(Myh3). Immunostaining with Myh3 antibodies showed the presence of  large Myh3+ cells in mdx mice 
(Figure 1E). In contrast, only small Myh3+ cells were observed in mdx MymkscKO muscle (Figure 1E). Anal-
ysis of  the cross-sectional area of  Myh3+ cells showed that these cells in mdx MymkscKO were smaller than in 
controls (Figure 1E). These data indicate that SCs in mdx MymkscKO muscle can differentiate but that their 
progeny fail to fuse properly, resulting in stunted growth of  de novo myofibers. Additionally, we found 
that the presence of  Pax7+ and Myog+ cells in the muscle was unchanged in mdx MymkscKO muscle, indi-
cating the persistence of  a differentiated but nonfusogenic SC population following deletion of  Myomaker 
(Supplemental Figure 2, A and B). These data show that Myomaker is required in the SC compartment 
for fusion between progenitors to form de novo myofibers and fusion between a myogenic progenitor and 
myofiber. Thus, we have established a dystrophic mouse model that maintains a reservoir of  SCs but lacks 
any fusion of  their progeny.

Myocyte fusion is required for regeneration of  dystrophic muscle. The body weights of  mdx and mdx MymkscKO 
mice were monitored after induction of  fusion incompetence, and mice lacking fusion displayed a dramatic 
decline in body weight (Figure 2A). At 5 months after tamoxifen administration, mdx MymkscKO mice were 
visibly smaller and showed exacerbated kyphosis of  the spine, an established marker of  disease severity in 
DMD (Figure 2B). Analysis of  muscle weights revealed significantly reduced muscle mass in mdx MymkscKO 
mice compared with mdx controls (Figure 2C). Similarly, muscle function as assessed by forelimb grip 
strength was severely impaired in mdx MymkscKO mice (Figure 2D). Histological analysis of  the TA also 
revealed overall smaller muscle area in mdx MymkscKO mice but the presence of  large myofibers (Figure 2E). 
We also assessed the inflammatory state of  the tissue after loss of  Myomaker in SCs, which revealed an 
aggravated dystrophic phenotype. We observed an increased inflammatory response with elevated numbers 
of  CD68+ macrophages in mdx MymkscKO mice (Figure 2F). Additionally, collagen deposition and fibrosis 
were significantly increased (Figure 2G). These data establish that fusion is absolutely required for regen-
eration and muscle function in DMD and that dystrophic muscle is unable to properly compensate for 
damage-induced degeneration without fusing SC progeny.

It is well established that mdx mice exhibit the most profound muscle degeneration early in life, with the 
onset of  severe muscle damage occurring between 3 and 6 weeks of  age (28). There is likely an important 
role of  fusion during this early time frame, but whether fusion occurs throughout the dystrophic disease 
process is not known. We assessed fusion rates in mdx mice across the life span through our BrdU assay 
and showed that myocyte fusion rates are highest early in life, with a steep drop-off  in levels of  fusion by 6 
months (Supplemental Figure 3A). This is despite the fact that SC levels are persistently elevated compared 
with WT controls (29). We next asked whether myocyte fusion is required for regeneration later in the 
disease course of  mdx mice, when there is less ongoing fusion. We treated mdx MymkscKO mice with tamox-
ifen starting at 12 months of  age and again followed up for 5 months (Supplemental Figure 3B). We also 
observed significant exacerbation of  pathology with reduced overall body and muscle weights (Supplemen-
tal Figure 3, C–E) and a reduction in grip strength (Supplemental Figure 3F). The effects were more modest 
in older mice, likely reflecting reduced activity of  SCs, but nonetheless indicate that fusion is required for 
effective regeneration in DMD throughout life.

Our mdx MymkscKO model is notable for the continued presence of SCs and their activated progeny in a 
regenerative setting, while blocking the ability of those cells to fuse. This provided a unique opportunity to 
investigate whether SCs might have any impact on disease course beyond their role in fusion. Multiple studies 
have indicated that SCs may play a role in muscle physiology outside of their function in regeneration (30, 31). 
To test whether there may be a fusion-independent role for SCs in DMD, we generated a model in which SCs 
would be completely ablated using a Rosa26DTA/+ allele in combination with a tamoxifen-inducible Pax7CreERT2 in 
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the mdx4cv background (mdx SCDTA). These mice were treated with tamoxifen at 2 months of age, similar to our 
experiment with mdx MymkscKO mice (Figure 3A). Five months after tamoxifen administration, we observed 
efficient ablation of Pax7+ SCs in muscles from these mice (Figure 3B). Mdx SCDTA mice exhibited an analo-
gous pattern of decline to mdx MymkscKO mice when followed after SC ablation (Figure 3C). Body weight and 
muscle weights dropped dramatically (Figure 3, D and E), grip strength was significantly impaired (Figure 3F), 
and collagen deposition and fibrosis were also increased (Figure 3G). Direct comparisons of muscle weights, 
grip strength, and fibrosis between the mdx MymkscKO and mdx SCDTA groups revealed equivalent effect sizes, 
indicating the 2 models result in a similar exacerbation of pathology (Supplemental Figure 4, A–C). The phe-
notypic equivalence of the mdx MymkscKO and mdx SCDTA models is strong evidence that SCs have a profound 
beneficial effect on regeneration in muscular dystrophy and that they exert this effect primarily through the 
function of their fusogenic progeny to repair damaged muscle.

Figure 1. Genetic deletion of Myomaker in SCs of mdx mice leads to complete loss of fusion. (A) Schematic showing 
the mouse model and timing of tamoxifen injections. (B) qPCR analysis of Myomaker from whole diaphragm indicates 
that Myomaker is significantly reduced in mdx MymkscKO muscle. (C) Percentage of myofibers with central nucleation 
in laminin and DAPI-stained tibialis anterior (TA) sections. (D) Mice were given intraperitoneal injections of BrdU for 
7 days before sacrifice to label proliferating nuclei. BrdU+DAPI+ nuclei within the borders of laminin-labeled myofibers 
were defined as fused nuclei. Quantification shows loss of fusion in mdx MymkscKO mice. (E) Immunofluorescence stain-
ing for Myh3+ (embryonic myosin) myofibers reveals loss of de novo myofiber formation in mdx MymkscKO mice. Quan-
tification of cross-sectional area of Myh3+ cells supports lack of true myofiber formation. Statistical analyses and data 
presentation: (B, D, and E) Mann-Whitney U test; **P < 0.01; (C) unpaired t test; ****P < 0.0001. Data are represented 
as mean ± SD. Scale bar: 20 μm. n = 5–6.
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Myomaker expression in myofibers has minimal impact on fusion dynamics and regeneration. Myomaker is known 
to be required bilaterally on both fusing membranes during myoblast fusion in vitro, but the symmetry and 
cell specificity of  its activity in vivo have not been established (20, 25). Evidence from the synergist ablation 
model of  muscle hypertrophy suggests that Myomaker is not strongly upregulated in adult myofibers even 
during periods of  muscle growth and myocyte fusion (27). This raises the question of  Myomaker’s require-
ment in and activity on myofibers in vivo. In DMD, fusion occurs chronically, both symmetrically between 
myoblasts as well as asymmetrically between myoblasts and damaged myofibers; thus, we reasoned that 

Figure 2. Deletion of Myomaker in SCs of dystrophic muscle leads to severe pathology. (A) Body weight was assessed weekly and dropped steadily 
following loss of Myomaker in SCs (n = 9–12). (B) Mdx MymkscKO show loss of muscle mass and kyphotic spinal morphology by gross examination. (C) Dry 
weights of tibialis anterior (TA), quadriceps, and gastrocnemius/plantaris/soleus (GPS) following dissection. (D) Muscle function was assessed using a 
forelimb grip strength meter (n = 9–12). (E) Eosin stains on cross section of TA muscles show reduced muscle cross-sectional area and altered myofiber 
morphology. (F) CD68 immunofluorescence of TA sections shows enhanced inflammatory process in mdx MymkscKO muscle (n = 3–6). (G) Picrosirius red–
stained sections of TA muscle demonstrate increased fibrosis in fusion-incompetent dystrophic muscle. Statistical analyses and data presentation: (A) 
linear regression with slopes comparison; (D, F, and G) unpaired t test; ***P < 0.001, and ****P < 0.0001. Data are represented as mean ± SD. Scale bars: 1 
cm (B), 200 μm (top right) and 50 μm (bottom right) (E), 50 μm (F), 100 μm (G). n = 5–6 except where noted.
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DMD is an appropriate model system in which to assess the role of  Myomaker on mature myofibers and its 
impact on dystrophic pathology. We crossed the mdx MymkloxP/loxP mice with the myofiber-specific Acta1CreERT2 
allele (mdx MymkfiberKO) and induced myofiber-specific deletion of  Myomaker starting at 2 months of  age 
(Figure 4A). Myomaker transcripts were significantly reduced in whole skeletal muscle of  mdx MymkfiberKO 
mice upon harvesting 5 months later (Figure 4B). We next directly assessed myofiber-specific knockdown of  
Myomaker by isolating RNA from single myofibers from the extensor digitorum longus muscle of  mdx and 
mdx MymkfiberKO after short-term tamoxifen treatment (Supplemental Figure 5A). We observed a significant 

Figure 3. Ablation of SCs in mdx mice leads to loss of muscle mass and diminished function. (A) Schematic showing the mdx SCDTA mouse model and 
timing of tamoxifen injections. (B) Pax7 immunofluorescence shows loss of SCs in mdx SCDTA tibialis anterior (TA) muscle. Quantification is of Pax7+DA-
PI+ cells. (C) Mdx mice lacking SCs show diminished size and exaggerated spinal kyphosis. (D) Body weight was assessed weekly and dropped steadily in 
SC-ablated mdx mice. (E) Individual dry muscle weights of TA, quadriceps, and gastrocnemius/plantaris/soleus (GPS) muscles. (F) Forelimb grip strength 
measurements taken 5 months after tamoxifen administration. (G) Picrosirius red staining of TA muscles reveals aggravated fibrosis in mdx SCDTA mice. 
Statistical analyses and data presentation: (D) linear regression with slopes comparison; (E–G) unpaired t test; ****P < 0.0001. Data are represented as 
mean ± SD. Scale bars: 10 μm (B), 100 μm (G). n = 6–9.
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decrease of  Mymk transcripts in mdx MymkfiberKO myofibers by qPCR (Supplemental Figure 5B). We also 
determined that Mymk transcripts were not altered in the mononuclear compartment from mdx MymkfiberKO 
mice (Supplemental Figure 5C). Taken together, Mymk transcripts are significantly reduced in myofibers but 
not in muscle progenitors.

Intriguingly, after 5 months of  tamoxifen administration, we found no evidence of  significantly altered 
fusion dynamics. First, quantification of  centrally nucleated myofibers displayed no difference between mdx 
MymkfiberKO mice and controls, suggesting no long-term change in fusion as seen in the mdx MymkscKO model 
(Figure 4C). Total fusion rate was unchanged relative to control mice, as indicated by comparable levels of  
fused nuclei within myofibers following a 7-day BrdU regimen (Figure 4D). Moreover, de novo myofibers 
(Myh3+) were also detected at comparable levels in both groups (Figure 4E). Thus, Myomaker reduction in 
myofibers leads to minimal impact on fusion in dystrophic muscle in this model.

These results suggested that myofiber expression of  Myomaker is dispensable for fusion in vivo. We 
sought to confirm these findings in a nondystrophic model of  short-term regenerative fusion using cardiotoxin 
(CTX) injury of  the TA muscle. We performed CTX injury of  MymkloxP/loxP Acta1CreERT2 mice (MymkfiberKO, non-
dystrophic) and assessed muscle regeneration 14 days after injury (Figure 4F). We have previously performed 
this experiment using a MymkscKO mouse line and shown that in the absence of  SC expression of  Myomaker, 
muscle-regenerative capacity is completely lost and no myofibers are formed (24). In contrast, the MymkfiberKO 
muscles were able to regenerate effectively (Figure 4G). We assessed central nucleation and cross-sectional 
area of  myofibers in the focus of  injury and found no significant differences (Figure 4, H and I), indicating 
that the regenerated myofibers are comparable and that the fusion process is unaltered in the absence of  myo-
fiber-specific Myomaker expression. In combination with our findings in dystrophic mice, these results sug-
gest that Myomaker is dispensable on the myofiber during regeneration in vivo and that Myomaker primarily 
drives membrane fusion through its activity in SC progeny.

Myomaker expression in myofibers contributes to membrane damage and degeneration. Although we found that 
reduction of  Myomaker expression in myofibers exerts no detectable influence on fusion during regenera-
tion, we nevertheless asked whether Myomaker in myofibers had any impact on dystrophic phenotype. Sur-
prisingly, we found that serum creatine kinase (CK) was significantly reduced in mdx MymkfiberKO compared 
with controls (Figure 5A). Serum CK is a common clinical marker of  DMD severity and is a reflection 
of  systemic muscle damage. We therefore performed additional histological assays to assess muscle dam-
age. One such assay is IgM immunofluorescence, which labels myofibers with unstable sarcolemmas that 
allow for infiltration of  extracellular contents. Remarkably, mdx MymkfiberKO mice showed almost complete 
absence of  IgM+ myofibers upon immunofluorescence, whereas groups of  IgM+ myofibers were visible in 
controls (Figure 5B). Additionally, a significant reduction in fibrosis was also observed in mdx MymkfiberKO 
mice (Figure 5C), further indicating less overall muscle damage. We next performed a validated damage-in-
ducing downhill treadmill protocol on mdx and mdx MymkfiberKO mice (32, 33), with injection of  Evans blue 
dye (EBD), a vital dye that is used as a marker of  sarcolemmal instability by its ability to penetrate com-
promised myofiber membranes. This experiment served as an independent assay for membrane integrity 
and assessed the protective effect of  mdx MymkfiberKO mice under an acute damage stimulus. Mdx MymkfiberKO 
showed a significant reduction in EBD+ damaged myofibers following completion of  the protocol (Figure 
5D). Reduced damage after downhill exercise in mdx MymkfiberKO mice suggests the direct protective effect is 
due to the reduction of  Mymk in myofibers.

To rule out the possibility that the improvement in muscle damage indices could be a secondary 
effect of  an undetected fusion phenotype that had accumulated over months, we harvested muscles 
from an acute time point, 2 weeks after initial tamoxifen induction (Figure 5E). IgM+ myofibers 
were again nearly absent in mdx MymkfiberKO mice, while prevalent in control mdx muscles (Figure 5F). 
Additionally, mice treated with vehicle injections rather than tamoxifen showed no difference in IgM+ 
myofibers (Supplemental Figure 6, A and B). Finally, to rule out the further possibility that reduced 
muscle damage could be a side effect of  the ongoing activation of  Acta1CreERT2 when mice are on a 
tamoxifen diet, we generated an additional control mouse line with the Acta1CreERT2 alone crossed 
into the mdx background (Supplemental Figure 6C). No significant differences in IgM staining were 
observed when compared with mdx controls (Supplemental Figure 6D). Altogether, these data show 
that ablation of  Myomaker expression in myofibers leads to a significant improvement in disease 
phenotype, indicating that the cell biological consequence of  Myomaker expression in myofibers is its 
contribution to muscle damage.
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Deletion of  Myomaker in dystrophic myofibers leads to improved muscle function. We next asked whether this reduc-
tion in muscle damage led to functional benefits for the muscle of mdx MymkfiberKO mice. We performed in situ 
muscle functional measurements to assess force production and fatigability of the TA muscle. We found that 
mdx MymkfiberKO mice displayed increased specific force relative to controls, an indication of greater intrinsic 

Figure 4. Deletion of Myomaker in 
mature myofibers does not affect 
fusion dynamics in WT or mdx mice. 
(A) Schematic showing the mouse 
model and the timing of tamoxifen 
administration. (B) qPCR analysis from 
whole diaphragm muscle indicates 
reduced Myomaker expression in 
mdx MymkfiberKO mice (n = 5–7). (C) 
Quantification of centrally nucleat-
ed myofibers in tibialis anterior (TA) 
muscle revealed no change following 
deletion of Myomaker in myofibers 
(n = 4–7). (D) Fusion of BrdU+ nuclei is 
unaffected in mdx MymkfiberKO mice (n = 
8–11). (E) Formation of de novo (Myh3+) 
myofibers is not significantly altered 
in mdx MymkfiberKO muscle (n = 8–11). 
(F) Schematic showing acute injury 
mouse model, timing of cardiotoxin 
injury, and tamoxifen regimen. (G) H&E 
stain of TA muscle 14 days postinjury. 
(H) Quantification of myofibers with 
central nuclei from laminin-stained 
sections (not shown) (n = 7). (I) Average 
cross-sectional area of TA myofibers 
was unchanged following Myomaker 
deletion in myofibers (n = 7). Statistical 
analysis and data presentation: (B) 
unpaired t test, *P < 0.05. Data are 
represented as mean ± SD. Scale bars: 
50 μm (D and E), 100 μm (G).
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muscle quality (Figure 6A). In addition, mdx MymkfiberKO displayed significantly enhanced resistance to muscle 
fatigue upon repeated stimulation when compared with control mice (Figure 6B). Although improved resis-
tance to fatigue can often be associated with a shift toward oxidative myofiber types, we found no change in 
myofiber type composition in the TA muscle of mdx MymkfiberKO mice (Figure 6C), suggesting that the improve-
ment is directly related to reduced susceptibility to myofiber damage and overall improved muscle quality.  

Figure 5. Deletion of Myomaker in myofibers leads to reduced muscle damage in mdx mice. (A) Serum CK is reduced in mdx MymkfiberKO mice (n = 7). (B) 
IgM immunostaining of quadriceps (rectus femoris) sections shows reduction of damaged myofibers following deletion of myofiber-specific Myomaker 
expression (n = 8–11). (C) Picrosirius red stain of tibialis anterior (TA) muscle sections indicates less fibrosis in mdx MymkfiberKO mice (n = 8–11). (D) Rectus 
femoris muscle from mice treated with Evans blue dye (EBD) and subjected to a damage-inducing forced treadmill running protocol, with EBD+ myofibers 
quantified (n = 5–6). (E) Schematic of short-term mdx MymkfiberKO experiment showing continued tamoxifen administration for 2 weeks following initial 
5-day induction. (F) Following short-term deletion of Myomaker in myofibers, IgM+ myofibers are reduced in rectus femoris muscle (n = 7–10). Statistical 
analyses and data presentation: (A and C) unpaired t test; *P < 0.05, and ****P < 0.0001; (B, D, and F) Mann-Whitney U test; *P < 0.05, and ***P < 0.001. 
Data are represented as mean ± SD. Scale bars: 50 μm (B, D, and F), 100 μm (C).
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In summary, our results demonstrate that reduction of Myomaker in mature dystrophic myofibers reduces myo-
fiber damage and improves muscle function.

Myomaker expression in myofibers is dependent upon fusion of  SC progeny. A key remaining question 
concerned the origin of  Myomaker expression in dystrophic muscle and specifically in myofibers. We 
sought to distinguish between 2 possibilities: first, that Mymk transcription is upregulated in resident 
myofiber nuclei in chronic regeneration, and second, that Mymk is primarily transcribed in activated 
SCs, which contribute Myomaker-expressing nuclei to nascent and existing myofibers through fusion. 
To distinguish these possibilities, we returned to the mdx MymkscKO model and used the MymkLacZ allele 
to assess active Mymk transcription in dystrophic muscle when the fusion of  SC progeny has been 
blocked. In the MymkLacZ construct, the LacZ cassette is inserted in intron 1 of  the Mymk locus, result-
ing in a null allele (24), which was combined with a floxed allele to achieve total inducible knockout 
of  Myomaker in SCs (mdx Pax7CreERT2 MymkLacZ/loxP, which we designate as mdx MymkLacZ/scKO, with 
mdx MymkLacZ/loxP controls). The MymkLacZ allele will still result in active LacZ transcription in Myo-
maker-depleted SCs, resulting in the presence of  LacZ+ mononuclear cells, but assessment of  LacZ+ 
myofibers should reveal whether Myomaker expression in myofibers is SC dependent. We observed a 
negligible number of  LacZ+ myofibers in mdx MymkLacZ/scKO muscle, which we quantified by measuring 
the cross-sectional area of  all LacZ+ cells (Figure 7, A and B). We supported this finding with an inde-
pendent assay, using single-molecule RNA-FISH (smRNA-FISH) to assess directly Mymk transcripts 
in control and mdx MymkscKO muscle. We found that Myomaker again localized to both small and 
large myofibers, and mononuclear cells in mdx muscle, whereas mdx MymkscKO samples showed a near 
absence of  Mymk signal and no Mymk+ myofibers (Figure 7C). These experiments indicate that the 
ultimate reservoir of  Mymk transcriptional capacity in dystrophic muscles are activated SCs, which 
contribute Mymk-expressing nuclei to myofibers through ongoing fusion.

Figure 6. Muscle function is improved in mdx mice following myofiber-specific deletion of Myomaker. (A) Specific 
force of tibialis anterior (TA) muscle upon in situ muscle functional measurement (n = 7). (B) Upon repeated nerve 
stimulation to assay fatigability, mdx MymkfiberKO mice showed greater resistance to muscle fatigue (n = 7). (C) Immuno-
fluorescence staining for myofiber type–specific myosin heavy chains revealed no change in myofiber type distribution 
of mdx MymkfiberKO TA muscle (n = 4–5). Statistical analyses and data presentation: (A and B) unpaired t test; *P < 0.05, 
**P < 0.01. Data are represented as mean ± SD. Scale bar: 50 μm (C).
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Discussion
In this study we evaluated the role of  Myomaker in SCs and myofibers in muscular dystrophy. Dystrophic 
fusion occurs within a relatively intact tissue, with both SC progeny and myofibers participating in mem-
brane fusion events. We found that Myomaker has a differential effect on the pathology dependent upon 
its compartment of  expression. Expression of  Myomaker in activated SCs is absolutely required for fusion 
and consequent regeneration of  dystrophic muscle, whereas myofiber expression of  Myomaker has minimal 
effect on fusion but is detrimental to membrane health and muscle function. Overall, we propose a paradigm 
whereby, in contrast to normal adult muscle adapting to increased workload (27), Myomaker is ectopically 
expressed in dystrophic myofibers. The source of  this ectopic expression is continual activation and fusion of  
myocytes, which lead to persistent expression of  fusogenic factors, such as Myomaker, in myofibers. While 
regenerative fusion is necessary for preserving muscle function, the chronic loading of  Myomaker onto 
myofiber membranes contributes to myofiber instability and disease progression. Blocking fusion entirely, 
however, leads to significant loss of  muscle mass and functional deterioration, which establishes that SCs 
are required for regeneration in muscular dystrophy. These data are consistent with many studies showing 
perturbation of  SCs results in exacerbated disease (15, 16, 34, 35). Curiously, ablation of  SCs entirely leads 

Figure 7. Myomaker expression in myofibers is contributed through fusion of myocytes. (A) X-gal staining of tibialis 
anterior (TA) muscle from mdx MymkLacZ/fl and mdx MymkLacZ/scKO mice, with cross-sectional area distribution of LacZ+ 
cells (n = 5–6). (B) X-gal staining of diaphragm with cross-sectional area distribution (n = 5–6). (C) smRNA-FISH for 
Mymk transcripts in quadriceps muscles of mdx MymkscKO mice and controls, with laminin immunofluorescence stain-
ing (n = 5). Quantification of Mymk+ cells per field with average cross-sectional area shown on right. Statistical analyses 
and data presentation: (A and B) Mann-Whitney U and unpaired t tests; *P < 0.05, **P <0.01, ***P < 0.001, and ****P 
< 0.0001; (C) unpaired t tests; **P <0.01. Data are represented as mean ± SD. Scale bars: 100 μm (A and B), 20 μm (C).
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to an indistinguishable phenotype, which suggests that the ongoing presence of  Pax7+ SCs and activated 
myoblasts in the mdx MymkscKO model has little impact on disease pathology. This supports a model in which 
the exclusive function of  SCs in dystrophic muscle is fusion to drive de novo myofiber formation or repair 
damaged myofibers. We did not observe an accumulation of  SCs or activated myoblasts in mdx MymkscKO 
muscle, which could indicate the possibility of  death or fate change as activated SC progeny cannot fuse. 
Further experiments would be necessary to investigate these possibilities. Altogether, while there could be 
fusion-independent roles for SCs in this and other muscle contexts as suggested elsewhere (30, 31), the 
effects of  those roles are not easily revealed when fusion is abrogated.

A central question raised in this study is the symmetry of  Myomaker’s activity in vivo: is Myomaker 
required on both fusing membranes (myocyte and myofiber) for fusion to occur? Myomaker exhibits a 
bilateral requirement on myoblasts both in vivo during development and in vitro using cell lines, but these 
systems may not recapitulate the membrane dynamics of  myocyte-to-myofiber fusion. One limitation of  
a definitive answer for the need for Myomaker on the myofiber for fusion concerns the syncytial nature of  
this cell type. Multiple nuclei within a shared cytoplasm could represent a challenge in achieving complete 
deletion in all myonuclei, and the continual addition of  fusing SCs may also provide an ongoing source of  
Myomaker transcription. This challenge is reflected in our mdx MymkfiberKO mice, where loss of  Mymk was 
not complete in either whole muscle or isolated myofibers. Analysis of  mRNA expression from whole mus-
cle does not distinguish between expression in muscle progenitors or myofibers, and Mymk transcription 
by activated SC progeny was unaffected in these mice. Similarly, isolated myofibers can be contaminated 
by transcripts from mononuclear cell populations and very recently fused nuclei, making interpretation of  
precise levels of  remaining Mymk transcription in myonuclei difficult.

Despite technical hurdles, we have obtained multiple indirect results suggesting that Myomaker is not 
needed on the myofiber for fusion. It may be expected that if  Myomaker were needed on the myofiber 
for fusion, then nuclei within myofibers would possess the capability to upregulate the transcript in the 
absence of  SC fusion. However, in this study, we found that Myomaker expression in dystrophic myofibers 
is dependent upon fusion of  SC progeny, indicating that myofiber nuclei cannot independently upregulate 
Myomaker and that Myomaker’s principal role in driving fusion is in the muscle progenitor. Moreover, we 
show here that reduction of  Myomaker in myofibers (mdx MymkfiberKO mice) does not influence effective 
fusion. Finally, experiments performed in healthy mice undergoing muscle overload hypertrophy have also 
indicated that Myomaker is dispensable on myofiber membranes during muscle growth in a nondiseased 
setting (27). Taken together, several lines of  experimentation now suggest that Myomaker expression in 
myofibers has minimal impact on fusion dynamics. In turn, these findings raise the questions of  what 
factors are required on myofiber membranes for fusion and whether fusion competency is mechanistically 
distinct in myofibers compared with myocytes.

Directly related to the question of  Myomaker’s activity on myofibers is the question of  the mechanistic 
basis of  the improvement seen in mdx MymkfiberKO mice, which can be attributed to one of  2 possible models. 
The first possibility is that Myomaker acts on dystrophic myofiber membranes to drive fusion of  SCs to 
myofibers, thereby helping maintain damaged and degenerative myofibers. In this case, maintaining these 
“unhealthy” existing myofibers actually has a negative effect on overall muscle health, and shunting fusogen-
ic SCs toward formation of  de novo myofibers instead provides a net benefit to the tissue. The lack of  IgM+ 
myofibers would then be explained by dropout of  degenerating myofibers that do not receive fusing SCs. 
While an intriguing possibility, this model is unsupported by the lack of  any significant change in fusion 
dynamics or de novo myofiber formation. Additionally, the preservation of  membrane integrity following 
forced treadmill running in mdx MymkfiberKO mice, in comparison with widespread damage in controls, is 
essentially incompatible with the notion of  myofiber dropout. The second model would be that Myomaker, 
as a transmembrane protein active in driving the membrane-remodeling steps of  fusion, is a destabilizing 
factor on dystrophic myofiber membranes. It has been previously suggested that the process of  membrane 
fusion may further exacerbate the sarcolemmal instability that is fundamental to DMD pathophysiology 
(17). Our findings suggest that fusion itself  may not be deleterious, but the sustained presence of  fusion fac-
tors in myofibers may underlie the effect on dystrophic membranes. The observed deleterious effects may be 
the consequence of  a membrane-remodeling activity for Myomaker, which remains to be elucidated. How-
ever, Myomaker is required for hemifusion and may act as a driver of  the lipid rearrangements necessary 
for outer membrane leaflet merger (26). Further experiments would be required to determine whether Myo-
maker directly contributes to membrane instability at the biochemical level. Additionally, the implication of  
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membrane repair proteins, such as the ferlins and Ano5, in the myoblast fusion process may also suggest a 
link between fusion and membrane destabilization (36–38). In the context of  fragile dystrophic membranes, 
the fusion machinery may actually injure the sarcolemma in a manner normally compensated for in healthy 
muscle. In this sense, the mdx MymkscKO and mdx SCDTA models provide important context for these consider-
ations by establishing that the net effect of  ongoing fusion is beneficial to dystrophic muscle.

In conclusion, we have shown that DMD is characterized by ongoing fusion of SC progeny that is funda-
mentally required for regeneration and maintenance of muscle mass, while Myomaker’s presence in myofibers 
simultaneously contributes to muscle tissue damage and membrane instability. These results likely explain the 
reason why Myomaker is downregulated after the fusion process ceases during postnatal development and 
adult regeneration (24). One possible explanation for the tight regulation of expression of the fusion machinery 
could be that the proteins responsible for fusion, although necessary for muscle growth and regeneration, also 
cause membrane destabilization that can be detrimental, especially in the case of an already-unstable mem-
brane that occurs in DMD. In this case, persistent loading of the fusion machinery in dystrophic myofibers 
would represent a previously unappreciated aspect of DMD pathophysiology. We speculate that the concept 
proposed here — that expression of the myogenic development program in dystrophic myofibers can result in 
deleterious consequences — may extend beyond the expression of Myomaker and include other fundamental 
muscle differentiation factors, including MyoD, myogenin, and the second fusion factor Myomerger (39–41). 
In conclusion, these findings guide our understanding of the role of SCs during DMD and the cell biology of  
muscle cell fusion and overall may inform efforts to modulate cell therapy for therapeutic benefits.

Methods
Mice. All mice used in this study were maintained on a C57BL/6 background. The MymkLacZ and MymkloxP/loxP  
strains have been described previously (21, 24). For the present study, MymkloxP/loxP mice were bred into the 
mdx4cv (JAX strain 002378) background. To achieve cell type–specific inducible deletion of  Mymk, one of  2 
Cre recombinase alleles was then introduced: the satellite cell–specific Pax7CreERT2 (exon 1 is replaced with 
CreERT2) (42) or myofiber-specific Acta1CreERT2 (43). For MymkscKO experiments, both floxed-only and vehi-
cle-treated controls were used and combined. For MymkfiberKO experiments, floxed-only controls were used 
except where indicated. For SC ablation, we crossed the Rosa26-EGFP-DTA line (JAX strain 006331) with 
mdx4cv along with an inducible Pax7CreERT2 containing an iresCreERT2 cassette (44). Mdx Pax7CreERT2/+ and 
mdx R26DTA/+ controls were treated with tamoxifen and combined for subsequent analysis. All experiments 
were performed on sex- and age-matched cohorts, where both male and female mice were used, and at 
least 2 independent experiments were performed for all mouse models and time points.

Tamoxifen and BrdU treatment. Tamoxifen (MilliporeSigma) was prepared in corn oil with 10% ethanol 
at a concentration of  25 mg/mL. Mice were given intraperitoneal injections of  tamoxifen (0.075 mg/kg/d) 
for 5 days to induce recombination. For experiments with the Acta1CreERT2 allele, mice were then maintained 
on tamoxifen either by injections every third day or by tamoxifen chow (Envigo) for long-term experiments. 
To label proliferating nuclei and assess fusion of  SCs, mice were given BrdU (Thermo Fisher Scientific) by 
intraperitoneal injection at 10 μL/g as indicated.

CTX injury. CTX from Naja pallida (MilliporeSigma 217503) was aliquoted in sterile saline at a concen-
tration of  10 μM. Mice were anesthetized using isoflurane for sterile injection of  TA muscles. Mouse legs 
were shaved and 50 μL of  CTX was injected using a 28-gauge needle.

Muscle collection and sample preparation. Mouse hind limb muscles and diaphragm were dissected, dried, 
and weighed. Tibias were dissected and remaining tissue was digested with proteinase K (0.4 mg/mL) over-
night at 55°C, after which tibia length was measured using digital calipers. Muscles were embedded in 10% 
tragacanth/PBS (MilliporeSigma) and frozen in 2-methylbutane cooled in liquid nitrogen. We used 10-μm 
sections for all histology. For RNA preparations, tissues were flash-frozen in liquid nitrogen immediately upon 
dissection. For RNA isolation from muscle fibers, whole extensor digitorum longus muscles were incubated 
in 0.2% type I collagenase (MilliporeSigma C0130) in DMEM at 37°C for 90 minutes. Following incubation, 
muscles were triturated in PBS to release individual myofibers, which were then collected and centrifuged at 
centrifuged at 10,000 g to form a pellet for RNA isolation with TRIzol (Invitrogen, Thermo Fisher Scientific).

To isolate mononuclear cell fractions from skeletal muscle, we performed enzymatic dissociation 
as previously described with modifications (25). Briefly, mouse limb muscles (gastrocnemius, TA, and 
quadriceps for MymkscKO experiments or gastrocnemius and triceps for MymkfiberKO experiments) were 
dissected and dissociated in gentleMACS C Tubes (Miltenyi Biotec) using a gentleMACS Dissociator.  
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Muscles were then digested in 2% type I collagenase (Invitrogen, Thermo Fisher Scientific) in low-glu-
cose DMEM (Invitrogen, Thermo Fisher Scientific) for 90 minutes at 37°C, at which time samples 
were triturated using 10-mL pipettes. Dispase (Roche) was added at 4.8 U/mL, and samples were 
incubated for an additional 30 minutes. Following trituration with a 20-gauge needle, samples were 
passed through a 40-μm filter, centrifuged, washed in PBS, and recentrifuged. The resulting pellet was 
then dissolved in TRIzol (Invitrogen, Thermo Fisher Scientific) for subsequent RNA isolation.

Histological analyses. X-gal stain was performed as described previously (24). Sections were costained 
with 0.7% eosin and mounted with VectaMount (Vector Laboratories). Picrosirius red and H&E stains 
were performed on frozen sections using standard protocols. Immunohistochemical studies were 
performed as described previously with minor modifications (27). Briefly, sections were fixed in 1% 
PFA/PBS and permeabilized with 0.2% Triton X-100/PBS. Sections were blocked using 1% BSA, 1% 
heat-inactivated goat serum, and 0.025% Tween-20/PBS, and for mouse primary antibodies, we also 
included AffiniPure Fab fragment goat anti-mouse IgG (Jackson ImmunoResearch). Primary antibod-
ies were incubated overnight at 4°C, and secondary Alexa Fluor antibodies (1:200) (Invitrogen, Thermo 
Fisher Scientific) were applied at room temperature for 1 hour. For anti-Pax7 (gift from Christoph 
Lepper, The Ohio State University, Columbus, Ohio, USA) and anti-myogenin (Developmental Stud-
ies Hybridoma Bank, DSHB; F5D) staining, an antigen retrieval step was included, boiling slides in 
10× Antigen Retrieval Citra Plus Solution (Biogenex HK086-9K) for 30 minutes before blocking with 
M.O.M. mouse IgG blocking reagent (Vector Laboratories). For anti-BrdU (Roche 11170376001) stain-
ing, slides were fixed in 4% PFA and denatured with 2 M HCL in 0.5% Triton X-100/PBS, followed by 
neutralization with TBS (pH 8.4). Other antibodies used include anti-Myh3 (DSHB F1.652), anti-CD68 
(Abcam ab53444), FITC-conjugated anti-mouse IgM (MilliporeSigma F9259), and anti-laminin (Mil-
liporeSigma L9393). For myofiber-type–specific myosin immunofluorescence, the following antibodies 
were used from DSHB: Type IIb (BF-F3), Type IIa (SC-71), Type I (BA-D5), and Type IIx myofibers 
were identified by absence of  fluorescent signal.

Muscle force measurements. Forelimb grip strength was measured using a forelimb strength measurement meter 
(Columbus Instruments). In situ isometric muscle force measurement was performed as described previously 
(45). Briefly, under anesthesia via isoflurane inhalation, the distal tendon of the TA was surgically exposed, cut, 
and attached to the lever arm (Aurora Scientific, 305C) by silk suture. Two electrodes were placed under the sci-
atic nerve, and electrical stimulation (0.2-ms pulse at 50 mA) was applied to elicit peak isometric twitch force at 
optimal muscle length. To determine peak isometric tetanic forces (Po), electrical frequency was increased from 
25 to 150 Hz for 350 ms every 2 minutes. After 5 minutes’ rest, fatigue resistance of the TA muscle was tested 
by repeated isometric tetanic contractions at 150 Hz for 350-ms duration every 10 seconds for 100 contractions.

Immediately after the force measurement, mice were euthanized, and TA muscle weight and length 
were measured. The physiological cross-sectional area (PCSA) of  TA muscle was estimated by the fol-
lowing equation: muscle mass (g)/(1.06 × muscle length [cm] × 0.6) (46). Po was normalized to PCSA to 
calculate specific force. All data were collected and analyzed by Dynamic Muscle Control and Dynamic 
Muscle Analysis software (Aurora Scientific).

Forced downhill treadmill exercise and EBD uptake. To assess the sarcolemmal stability of  mice in response 
to exercise-induced damage, we performed a downhill treadmill exercise protocol with EBD injection as 
previously described (32, 33). Briefly, mice were run on a 6-lane treadmill set to a 15-degree downhill angle 
on 4 consecutive days to induce hind limb muscle damage. Mice were allowed 5 minutes’ acclimatization 
to the treadmill, after which speed was increased at 2 m/min increments to a maximum of  18 m/min. 
Animals were run to the completion of  the protocol or exhaustion, which was defined as 10 consecutive 
seconds on the shock grid without attempt to continue running. Mice were injected intraperitoneally with 
EBD (10 mg/mL in sterile PBS at a dose of  0.1 mL per 10 g mouse body weight) at 24 hours before the 
final exercise session, after which they were immediately sacrificed.

RNA analysis. Total RNA was isolated from muscle samples using established TRIzol protocols. cDNA 
was synthesized with the MultiScribe kit using random primers (Applied Biosystems, Thermo Fisher Sci-
entific). Standard qPCR methods were used with PowerUp SYBR Green Master Mix (Applied Biosystems, 
Thermo Fisher Scientific), and the assay was performed on the Bio-Rad CFX96 Real-Time System with the 
following SYBR primers: Myomaker, 5′-ACCATGTTCTTTGTGGCGTTC-3′ (forward) and 5′-GTTCAT-
CAAAGTCGGCCAGT-3′ (reverse); and GAPDH, 5′-TGCGACTTCAACAGCAACTC-3′ (forward) and 
5′-GCCTCTCTTGCTCAGTGTCC-3′ (reverse).
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Single-molecule RNA-FISH. Single-molecule FISH experiments probing for Mymk mRNA were per-
formed using the RNAscope system (ACDBio) according to the manufacturer’s protocols. Fresh-frozen, 
midbelly, 10-μm cross sections of  quadriceps muscles were used. After the final wash step of  the RNAscope 
protocol, we performed immunofluorescent laminin staining to visualize myofibers. Sections were blocked 
for 30 minutes using 1% BSA, 1% heat-inactivated goat serum, and 0.025% Tween-20/PBS. Samples were 
then incubated with anti-laminin (1:100; MilliporeSigma L9393) for 30 minutes at room temperature, fol-
lowed by secondary Alexa Fluor antibodies (1:200; Invitrogen, Thermo Fisher Scientific) for 30 minutes 
at room temperature. Coverslips were mounted using VECTASHIELD with DAPI (Vector Laboratories).

Microscopy and image analysis. Immunostained slides were imaged using a Nikon A1R confocal sys-
tem. X-gal and H&E stains were visualized using an Olympus BX51 inverted bright-field microscope. For 
quantification of  BrdU+ nuclei, centrally located myonuclei, and CD68+ cells, counts were made in ImageJ 
(NIH) for up to 4 separate fields per animal (dependent upon section size) and averaged. Quantification 
of  fibrotic area from Picrosirius red sections was performed using a threshold intensity algorithm in NIS 
Elements. Myofiber cross-sectional area and myofiber number measurements were made using a binary 
thresholding algorithm in NIS Elements. All image analysis was performed in a blinded fashion.

Statistics. All statistical analysis was performed using GraphPad Prism 8 software. Data are presented 
as mean ± SD. Groups were assessed for normality using a Shapiro-Wilk test and analyzed using either an 
unpaired 2-tailed t test or Mann-Whitney U test for single comparisons or 1-way ANOVA with post hoc 
Tukey’s for multiple comparisons. Specific statistical tests are noted in the figure legends. Body weight data 
were assessed using linear regression best-fit models, and slopes were tested for significant differences. Sta-
tistical significance throughout was set at P values less than 0.05.

Study approval. All animal procedures were approved by Cincinnati Children’s Hospital Medical Cen-
ter’s Institutional Animal Care and Use Committee (IACUC2017-0053).
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