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DNA mismatch repair (MMR) corrects errors that occur during DNA
replication. In humans, mutations in the proteins MutSα and MutLα
that initiate MMR cause Lynch syndrome, the most common hered-
itary cancer. MutSα surveilles the DNA, and upon recognition of a
replication error it undergoes adenosine triphosphate-dependent
conformational changes and recruits MutLα. Subsequently, prolifer-
ating cell nuclear antigen (PCNA) activates MutLα to nick the
error-containing strand to allow excision and resynthesis. The
structure–function properties of these obligate MutSα–MutLα
complexes remain mostly unexplored in higher eukaryotes, and
models are predominately based on studies of prokaryotic pro-
teins. Here, we utilize atomic force microscopy (AFM) coupled with
other methods to reveal time- and concentration-dependent stoichiom-
etries and conformations of assembling human MutSα–MutLα–DNA
complexes.We find that they assemble intomultimeric complexes com-
prising three to eight proteins around a mismatch on DNA. On the
timescale of a few minutes, these complexes rearrange, folding and
compacting the DNA. These observations contrast with dominant mod-
els of MMR initiation that envision diffusive MutS–MutL complexes
that move away from the mismatch. Our results suggest MutSα local-
izes MutLα near the mismatch and promotes DNA configurations that
could enhance MMR efficiency by facilitating MutLα nicking the
DNA at multiple sites around the mismatch. In addition, such
complexes may also protect the mismatch region from nucleo-
some reassembly until repair occurs, and they could potentially
remodel adjacent nucleosomes.
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Maintaining the integrity of the DNA genome is essential to
all organisms, and the DNA mismatch repair (MMR) sys-

tem plays a major role in mutation avoidance. MMR proteins
identify and correct DNA synthesis errors that occur during rep-
lication, and they are involved in several other DNA transactions,
including DNA damage-induced apoptosis, double-strand break
repair, and recombination (1–5). Inactivation of MMR genes not
only increases the frequency of mutations, it also decreases apo-
ptosis, increases cell survival, and results in resistance to many
chemotherapeutic agents (6–8). In humans, mutations in the
MMR initiation proteins MutSα (MSH2-MSH6) or MutLα
(MLH1-PMS2) cause Lynch syndrome, the most common he-
reditary cancer (3, 9–13).
In all organisms, MMR is initiated by the highly conserved di-

meric MutS and MutL homologs, which both contain DNA
binding and ATPase activities (Fig. 1). Prokaryotic MutS or
eukaryotic MutSα [collectively noted as MutS(α)] surveilles newly
replicated DNA for mismatches and insertion–deletion loops
(IDLs). After recognizing an error, MutS(α) undergoes adenosine
triphosphate (ATP)-dependent conformational changes to form a
clamp that can move along the DNA (1, 2, 4, 14–23). These
conformational changes also promote its interaction with one or

more MutL or MutLα proteins [collectively noted as MutL(α)] (1,
2, 4, 15, 16, 18, 22). In most organisms, with the exception of a few
bacteria that utilize methyl-directed mismatch repair, such as
Escherichia coli, MutL(α) contains a latent ATP-dependent en-
donuclease activity that is essential for repair (24–26). Subsequent
interaction of the MutS(α)–MutL(α)–DNA (SL) complex with the
mobile DNA polymerase processivity clamp (proliferating cell
nuclear antigen [PCNA] in eukaryotes or β-clamp in prokaryotes)
activates MutL(α) to preferentially nick the daughter strand in the
region containing the error in an ATP-dependent manner (24, 27,
28). Once MutLα nicks the DNA 5′ to the mismatch, MutSα or
MutLα activates the 5′-3′ exonuclease EXO1 to excise the DNA
containing the incorrect nucleotide (29–33), or MutSα promotes
POLδ/e to initiate strand-displacement synthesis from the 5′-nick
(34). Finally, DNA resynthesis is catalyzed by DNA polymerases δ
or e, and DNA ligase seals the nick (35–37).
Although little is known about the mechanisms by which the

obligate repair complexes of MutS(α) and MutL(α) assemble on
mismatch DNA, structural studies of MutS(α) and MutL(α)
provide frameworks that guide models of MMR initiation.
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Crystal structures of MutS(α) mismatch recognition complexes
show that MutS(α) forms a theta-like structure with two chan-
nels: one encircling and bending the DNA and the other empty.

The ATPase domains are on the distal end from the DNA
binding channel (Fig. 1). The DNA binding site is made up of
four mobile domains (two on each subunit), with one of the
middle domains (on MSH6) that separates the two channels
interacting specifically with the mismatch (38–41). ATP binding
drives large conformational changes in the four mobile domains,
such that the middle domains open, resulting in a single larger
channel for the DNA (17, 20). The structural rearrangements
associated with opening this larger channel also create the
binding site for MutL(α), establishing the structural mechanism
by which ATP promotes the recruitment of MutL(α) to
MutS(α) (20).
MutL(α) dimerizes via the C-terminal domains, which are

linked to the N-terminal domains by long flexible linker arms
(42–45). The N-terminal domains contain ATPase and DNA
binding activities (46–48), and the endonuclease site resides in the
C-terminal domain (in PMS2 in eukaryotes) (24–26, 49). In E. coli
MutL, which does not have endonuclease activity, ATP promotes
dimerization of the N-terminal domains (46); however, in organ-
isms that do not utilize methyl-directed MMR, the N-terminal
domains do not appear to undergo ATP-induced dimerization
(50–52). Instead, ATP drives asymmetric condensation of the
MLH1 and PMS2 linker arms, bringing the N- and C-terminal
domains together in eukaryotes (42). These conformational
changes result in the DNA binding domains and the endonuclease
site being in close proximity (42), suggesting that these ATP-
induced changes orient the DNA in the endonuclease site for
cleavage. Importantly, specific nicking of the error-containing
daughter strand requires that the mobile processivity factor,
PCNA, associate with MutLα to activate and direct the endonu-
cleolytic cleavage (24, 27, 28). A crucial precursor to activating
MutLα’s endonuclease activity is the mismatch- and ATP-
dependent formation of an SL complex; however, the nature of
this complex remains enigmatic, with several disparate models
being proposed.
The dominant model, which has been strongly motivated by

studies of E. coli MMR, posits that MutL(α) joins MutS(α) to
form hydrolysis-independent SL mobile clamps that diffuse on
DNA in search of the strand discrimination signal, which is a
hemimethylated dGATC site in E. coli (22, 53). Recent studies
also suggest that the diffusive SL mobile clamps can separate to
allow MutL alone to diffuse to the hemimethylated dGATC site
(22, 54). Because the signal in non–methyl-directed MMR,
PCNA, is itself mobile, such mobile SL complexes may not be
necessary in this more widely employed MMR paradigm. In
addition, the mobile SL-clamp model is challenged as the pri-
mary signaling mechanism in MMR by in vitro and in vivo
studies that show MutS(α) and MutL(α) form multimeric as-
semblies on mismatch-containing DNA (16, 18, 55–58), that
MutL(α) dramatically slows MutS(α) dissociation from DNA
with free ends (18, 20, 22, 59), and that PCNA-induced MutLα
nicking of the daughter strand occurs at preferential sites near
the mismatch (24, 25). These results suggest an alternative
pathway for MMR initiation involving SL complexes that do not
freely diffuse on DNA, and three additional models have been
proposed (1, 2): one which invokes ATP-hydrolysis–dependent
movement (60, 61), one that suggests MutS(α) and MutL(α) re-
main at the mismatch and signal via DNA looping (55, 62), and
one in which MutS(α) induces the polymerization of MutL(α) with
varying stoichiometries around the mismatch (2, 15, 16, 18, 57,
63). This diversity of models highlights the complexity of MMR,
which requires the coordinated assembly of transient dynamic
complexes of multiple proteins on the DNA. The MMR cascade is
particularly sensitive to stochastic variations because the behaviors
and functions of MutS(α) and MutL(α) depend on the timing and
sequence of their interactions with one another and with adeno-
sine nucleotides, DNA, and other proteins in the pathway. Such
diversity limits synchronization of the process and can lead to
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Fig. 1. Schematic of mammalian mismatch repair initiation showing mis-
match recognition, mobile clamp formation, MutLα recruitment, and PCNA
activation of MutLα. Further description is provided in the text. MutSα is
depicted as a green (MSH2) and blue (MSH6) theta-like dimer, with the
ATPase sites indicated by stars at the top of the theta. The middle DNA
binding domain of MSH6 interacts specifically with the mismatch. Nucleo-
somes are represented as light purple cylinders, DNA polymerase as red
bullet, and PCNA as a dark purple ring. MutLα is depicted showing the
C-terminal dimerization domains of MLH1 (burgundy) and PMS2 (ochre)
connected by long flexible linker arms to the N-terminal DNA binding and
ATPase domains. The endonuclease site on PMS2 is shown as a
lightning bolt.
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heterogeneous populations of complexes. Studies rich enough in
information to unify all previous results with a single model are
lacking, especially for eukaryotic MMR proteins.
Here, we use atomic force microscopy (AFM), which provides

information about conformations and stoichiometries of proteins
and protein–DNA complexes (64–69), to study the assembly of
human MutSα and MutLα proteins on mismatch-containing
DNA. Because AFM allows characterization of individual com-
plexes, it is particularly powerful for revealing the properties of
heterogeneous populations. Our experiments reveal the assem-
bly of multimeric complexes containing multiple MutSα and
MutLα proteins (complexes with three to eight proteins), with
the majority of these complexes residing at or near the mismatch.
Examining the properties of the complexes at different in-
cubation times and protein concentrations provides a window
into the assembly pathways. Our data suggest that, following the
initial mismatch binding by MutSα, the complexes assemble
stochastically in a stepwise fashion with one or two MutSα
loading onto the DNA, followed by recruitment of one or more
MutLα proteins. Unexpectedly, we also find that these com-
plexes reconfigure and compact the DNA over time. These
complexes may mark and protect the region around the mis-
match, and they also may explain the observation of enhanced
multiple MutLα nicking in proximity to the mismatch, which
could enhance repair efficiency (15, 24).

Results
We used AFM to examine the properties of human MutSα and
MutSα–MutLα (SL) complexes bound to 2-kbp DNA fragments
that are perfectly paired (GC-DNA) or that contain a single GT
mismatch 375 bp (124 nm) from one end (GT-DNA; Fig. 2A).
We used a GT mismatch because it is well-characterized in
MMR studies, especially in the repair reconstitution experiments
using human proteins (4, 36, 70, 71). We incubated different
concentrations of MutSα, MutLα, and adenosine diphosphate
(ADP) or ATP with GC- or GT-DNA for varying lengths of time,
cross-linked the complexes for 1 min with 0.85% glutaraldehyde,
and deposited them on a mica surface for imaging (Methods and
Fig. 2B). Representative images of GT-DNA deposited in the
presence of MutSα or MutSα+MutLα show that the protein
complexes are easily resolved on DNA (Fig. 2 and SI Appendix,
Fig. S1). Because we know the position of the mismatch on the
DNA, we can determine whether MutSα or the SL complexes
are bound at the mismatch (specific complex) or at flanking
homoduplex sites (nonspecific complex) by measuring the posi-
tion of the complex relative to the ends of the DNA (Methods).
In addition, comparison of the measured contour lengths of the
free DNA versus protein-bound DNA reveals any compaction or
DNA wrapping caused by the protein–DNA interactions (67, 69,
72). Finally, the volumes of the protein complexes in the AFM
images provide an estimate of the number of proteins within
each complex (65, 66, 68, 73).

ATP Promotes MutSα–MutSα Interactions on Mismatched DNA. On
GC-DNA in the presence of ADP or ATP, MutSα exhibits a
random distribution of positions on the DNA (SI Appendix, Fig.
S2 A, Right), as expected. In contrast, on GT-DNA in the pres-
ence of ADP, the position distribution of MutSα shows a sharp
peak at the position of the mismatch (∼120 nm; SI Appendix, Fig.
S2 A, Left), indicating that a MutSα binds the mismatch with high
specificity, as expected based on DNA binding studies (71, 74).
ATP moderately decreases the percentage of specific MutSα
complexes relative to ADP (SI Appendix, Fig. S2A), consistent
with DNA binding measurements that show an ∼10-fold lower
affinity for a GT mismatch in ATP compared to ADP (71, 74).
The distributions of measured volumes of MutSα–DNA com-
plexes on GT-DNA in the presence of ADP and on GC-DNA in
the presence of ADP or ATP each show a single peak at ∼800

nm3 (SI Appendix, Fig. S2 B and C; data not shown), which is
similar to the volume of free MutSα (SI Appendix, Fig. S3A) and
thereby establishes the volume of a single MutSα bound to DNA
(Methods).
Interestingly, in the presence of ATP, many of the MutSα–

GT–DNA complexes, both specific and nonspecific, appear to
contain more than one MutSα (Fig. 2 B–D and SI Appendix, Fig.
S1A and Table S1), and the volume distribution exhibits two
main peaks at ∼800 nm3 and ∼1,600 nm3, consistent with one
and two MutSα per complex, respectively (Fig. 3A and SI Ap-
pendix, Fig. S2D). Similar results are seen using nicked plasmid
(circular) GT-DNA (Fig. 2D and SI Appendix, Fig. S2E), al-
though it is not possible to distinguish between specific and
nonspecific complexes. Some of these of these complexes are
globular, with the two proteins indistinguishable; however, many
follow the contour of the DNA molecule, with each protein
clearly interacting with the DNA (Fig. 2 C and D and SI Ap-
pendix, Fig. S1A). This latter result suggests that the MutSα–
MutSα complexes are formed via sequential rounds of mismatch
binding and ATP-induced mobile clamp formation by MutSα,
followed by collision of the mobile clamps on the DNA (or a
mobile clamp and a second MutSα bound at the mismatch).
These results further suggest that the mobile clamp state also
facilitates MutSα–MutSα interactions. Pertinent to this obser-
vation, the C-terminal domain of prokaryotic MutS is known to
promote oligomerization, and mutations in this domain in
MutSα are associated with hereditary nonpolyposis colorectal
cancers (HNPCCs) (ref. 3; http://insight-database.org/).

MutSα and MutLα Form Multimeric Complexes on Mismatched DNA.
Images and volume analyses from depositions containing MutSα,
MutLα, and GT-DNA in the presence of ATP reveal larger
complexes on DNA than are seen with MutSα alone (Figs. 2 and
3 A and C and SI Appendix, Fig. S1). In control experiments, we
rarely observe MutLα bound to DNA under any conditions used
(<3% compared to >50% for SL complexes; SI Appendix, Fig.
S4). To capture different stages of the SL complex assembly, we
varied MutSα, MutLα, and ATP concentrations and incubation
times. The distributions of complex sizes shift to larger volumes
with higher protein concentrations and longer incubation times
(Fig. 3 C and E and SI Appendix, Fig. S2 F and G). In all con-
ditions, the volumes range from ∼800 nm3 (single MutSα) to
∼8,000 nm3 (6 to 10 proteins; Methods), with the majority having
volumes <4,000 nm3 (<5 to 6 proteins). Notably, the number of
proteins in the SL complexes is similar to that which we de-
termined for Thermus aquaticus (Taq) SL complexes using
photobleaching (18) and is consistent with surface plasmon res-
onance (SPR) studies on eukaryotic proteins (25, 59). Multi-
meric complexes of E. coli MutS and MutL have also been
detected with AFM on mismatched DNA (75). The larger
complexes detected in our study may correlate to the foci of
fluorescent-protein fusions of MMR proteins observed in live
cells, which appeared to contain ∼6 to 11 MutLα proteins (57).
At 50 nM of each MutSα and MutLα, ∼30% of the complexes

exhibit volumes consistent with SL complexes, but their sizes are
smaller (2,000 nm3 to 4,000 nm3; SI Appendix, Fig. S2F) than
those at 125 nM of each MutSα and MutLα (2,000 nm3 to 8,000
nm3; Fig. 3 C and E and SI Appendix, Fig. S2G). In addition, at
125 nM concentrations, the population with volumes consistent
with MutSα alone (<2,000 nm3) decreases over time (2 min vs.
5 min), with a concomitant increase in the population with vol-
umes indicative of SL complexes (2,000 to 8,000 nm3; Fig. 3 C
and E). Notably, the SL complexes do not grow without bound,
and the largest complexes are limited to volumes of ∼8,000 nm3.
The limited size of these complexes suggests that MutLα may be
joining and leaving. This suggestion is consistent with previ-
ous studies showing dynamic SL complexes (59, 76) and with
our observation that 10-fold dilution of these samples without

16304 | www.pnas.org/cgi/doi/10.1073/pnas.1918519117 Bradford et al.

https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
http://insight-database.org/
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1918519117/-/DCSupplemental
https://www.pnas.org/cgi/doi/10.1073/pnas.1918519117


cross-linking before deposition results in their dissociation in less
than ∼1 min (Methods). Together, these data suggest that the
majority of MutSα–GT–DNA complexes formed in the presence
of ATP will eventually convert to SL complexes.
The MutSα and the MutSα+MutLα data, together with pre-

vious experimental studies, lead us to propose that these com-
plexes likely contain one or two MutSα proteins and varying

numbers of MutLα proteins. Several observations support this
proposal. Single-molecule fluorescence studies showed that both
human MutLα and Taq MutL limit multiple loading of MutS(α)
onto mismatched DNA to one to three MutS(α), in contrast to
the up to six in the absence of MutL(α) (18, 77). In addition, SPR
measurements find superstoichiometric responses for complexes
formed on mismatched DNA when using MutSα+MutLα compared
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Fig. 2. Images of MutSα and MutSα–MutLα complexes bound to GT-DNA. (A) Schematic view of the GT-DNA substrate used in this study. The length of the
DNA fragment and the position of the mismatch (depicted as bulge) in base pairs and in nanometers from the nearest end are shown. (B) Representative 2-
μm × 2-μm top-view images of MutSα (Left) or MutSα+MutLα (Right) deposited in the presence of GT-DNA and ATP. (C) Zoomed 3D topographic images of
MutSα–GT–DNA complexes containing one (Left) or two (Right) MutSα proteins. (D) Topographic (Left) and DREEM (Right) images of MutSα on circular GT-
DNA showing complexes containing one (red arrow) and three MutSα (white arrow) proteins in the complex. DREEM images show the DNA passing through
the MutSα proteins. (E) Topographic and DREEM images of MutSα–MutLα–GT-DNA complexes showing different sizes and increasingly compacted structures.
Control experiments show that the larger complexes seen in the presence of MutSα, MutLα, and ATP do not form on GC-DNA and that MutLα alone with ATP
exhibits no significant binding to DNA (SI Appendix, Figs. S2H and S4). Scale bars are shown in white. (Insets, C–E) Zoomed-in 3D topographic views of the
complexes. Cartoons depicting possible complex conformations are shown in Fig. 5. Additional images are shown in SI Appendix, Figs. S1 and S5 A and B.
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to MutSα alone (25, 59). Finally, live cell studies with fluorescent-
protein fusions of MMR proteins find foci that contain more
MutL(α) than MutS(α) (57, 58).
Our series of experiments also allowed us to visualize the

conformations of different assembly states of MutSα and MutLα
on GT-DNA. For those complexes with volumes large enough to
contain both MutSα and MutLα (>2,000 nm3), the conforma-
tional states can be categorized into three classes: complexes that
are assembled linearly along the DNA, globular complexes in
which individual protein peaks are indistinguishable, and com-
plexes that are intermediate between these two, exhibiting as-
sembly along the DNA but with bent conformations (Fig. 2E and
SI Appendix, Fig. S1B). We observe these three classes of classes
of conformations in all conditions; however, the linear and bent
species are more common at short incubation times (1 min) and
low protein concentrations, while, at longer times (2 min and
5 min), the globular species become dominant. Interestingly, we
also observe protein-mediated DNA looping (Fig. 2E and SI
Appendix, Fig. S1B) in ∼10% of complexes in each condition,
with ∼95% of the loops involving the mismatch. Loops are
rarely observed (<1%) with MutSα alone on linear DNA,
suggesting MutLα is important for their formation. Experi-
ments with E. coli MMR proteins have observed loops medi-
ated by MutS alone as well as MutS and MutL (60, 75, 78). As
discussed later, these SL complex shapes may reflect different
steps in the assembly of MutSα and MutLα after mismatch
recognition by MutSα.

MutSα–MutLα Interactions Compact Mismatched DNA. A striking
finding is that, after formation, the SL complexes appear to
undergo reorganization over time, leading to compaction of the
DNA within the complex (Fig. 3 C–F). Specifically, at 2 min, the
distribution of DNA contour lengths exhibits a major peak that
overlaps with the distributions of both free DNA and MutSα–
DNA complexes, with a small shoulder at shorter lengths
(Fig. 3 B and D). At 5 min, the shoulder peak height increases,
and both the shoulder and main peaks shift to shorter lengths
relative to 2 min (Fig. 3F vs. Fig. 3 B and D). The shorter DNA
lengths suggest that some SL complexes can contain 50 to 300 bp
in a compacted configuration. To glean qualitative information
about the conformation of DNA within these complexes, we
examined a few SL complexes using dual resonance frequency-
enhanced electrostatic force microscopy (DREEM), which is
sensitive to electrostatic force gradients and can reveal the DNA
path within protein–DNA complexes (64, 79–82) (Fig. 2 D and
E). In the linear SL complexes (or MutSα alone), the DNA
appears to pass through the center of the proteins. In the bent
complexes and the rare, larger globular complexes, the DNA
appears to be folded inside (Fig. 2E). This DNA folding within
the complex appears to account for the DNA shortening mea-
sured from the topographic images (Fig. 3F).
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Fig. 3. MutSα–MutLα complexes compact GT-DNA. (A–F) Distributions of
AFM volumes (left column) and total DNA contour lengths (right column) for
MutSα and MutSα–MutLα complexes bound to GT-DNA. Volumes (A, C, and
E) and lengths (B, D, and F) of protein–DNA complexes for MutSα incubated
in the presence of GT-DNA and ATP for 2 min (A and B; n = 103) and for
MutSα+MutLα incubated in the presence of GT-DNA and ATP for 2 min (C

and D; n = 199) and 5 min (E and F; n = 173). Both specific and nonspecific
complexes are included in the analyses. Cityscape in B shows the length
distribution for free DNA. Dashed lines across B, D, and F show ±1 SD of the
measured free DNA length. Additional data using nicked plasmid GT-DNA as
a substrate are included in SI Appendix, Figs. S2E and S5. (G) Cartoon of
tethered particle motion assay showing mismatched DNA tethered to a
surface with bead attached (not to scale). (H) Histograms of the RMSDs of
many DNA molecules using the tethered particle motion assay with 550-bp
GT-DNA. (Upper) Experiments with 2 mM ADP without protein (red; n =
161), with 2 nMMutSα (black; n = 231), and with 2 nM each of MutSα+MutLα
(green; n = 252). (Lower) Experiments with 2 mM ATP without protein (red;
n = 224), with 2 nM MutSα (black; n = 326), and with 2 nM each of
MutSα+MutLα (green; n = 238). No significant changes in bead motion were
observed with GC-DNA for either MutSα alone or MutSα and MutLα in the
presence of ATP (SI Appendix, Fig. S6).
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As a control, we examined MutSα–MutLα assembly on nicked
plasmid (circular) GT-DNA (SI Appendix, Fig. S5), which mimics
substrates that are used for in vitro DNA mismatch repair assays
(4, 71), although it is not possible to distinguish between specific
and nonspecific complexes. We observe a broader distribution of
complex sizes, with an increase in larger complexes and a greater
protein-induced DNA shortening on nicked plasmid GT-DNA
relative to linear GT-DNA (SI Appendix, Fig. S5 C and D);
however, the overall conformations and properties of the com-
plexes are similar to those seen on linear GT-DNA (Fig. 2 B and
E and SI Appendix, Figs. S1B and S5 A and B). The larger
complexes likely result from the stable loading of multiple
MutSα proteins onto nicked plasmid GT-DNA, which in turn
may promote the recruitment of more MutLα. Linear DNA not
only allows the distinction between specific and nonspecific
complexes but also allows the observation of early events in the
assembly of MutSα–MutLα complexes on mismatched DNA.
Given the finding of DNA shortening from the AFM experi-

ments, we sought independent in-solution evidence for MutSα-
MutLα–induced DNA compaction using tethered particle mo-
tion (TPM) experiments (83–85). For the TPM experiments, we
use a 550-bp DNA substrate with a single central GT mismatch
(or a GC for homoduplex DNA) tethered to a surface by one end
and with a bead attached to the other end (Fig. 3G). The
Brownian motion of the bead correlates with the length and/or
flexibility of the DNA and reports its configurations in solution
(Methods and SI Appendix, Methods). The bead motion is char-
acterized by the root mean square displacement (RMSD) of the
excursions around its center attachment point. For DNA in the
absence of protein, the distributions of RMSDs for many mol-
ecules exhibits a single peak centered around 180 nm (Fig. 3H
and SI Appendix, Fig. S6 A and B). In the presence of ADP,
addition of MutSα results in a new peak in the RMSD distri-
bution at ∼120 nm (Fig. 3H), indicating reduced Brownian mo-
tion of the bead-bound GT-DNA end. The decreased RMSD is
consistent with MutSα-induced DNA bending (41, 83, 86). A
peak in the RMSD distribution at the position of free DNA
remains detectable, which indicates that not all of the DNA is
bound by MutSα. This partial occupancy is expected based on
the MutSα concentration used (2 nM) and the KD we previously
determined (8.9 ± 8.8 nM) (71). The RMSD distribution does
not significantly change upon including MutLα with MutSα in
the presence of ADP (Fig. 3H), which likely reflects the ATP
requirement for MutSα to recruit MutLα (1, 2).
In the presence of ATP and MutSα, the free DNA peak in the

RMSD distribution is absent, which is expected based on the
2-min incubation time before measurement and the observation
that MutSα forms long-lived mobile clamps on end-blocked,
mismatch-containing DNA (71, 77) (Methods). The protein–
DNA peak is broadened with a shoulder extending to shorter
lengths compared to ADP (Fig. 3H). This broader RMSD dis-
tribution peak likely reflects the multiple types of MutSα–DNA
complexes, with varying numbers and conformations of MutSα
that were observed by AFM (Figs. 2 C and D and 3A and SI
Appendix, Fig. S1A). In the presence of both MutSα and MutLα
with ATP, the DNAs convert to protein complexes, with further
reduction of bead motion beyond MutSα alone (Fig. 3H). Spe-
cifically, statistical analysis comparing the distributions of MutSα
alone to MutSα+MutLα using the two-sample Kolmogorov–
Smirnov test (SI Appendix, Methods) confirms that the RMSD
distributions for MutSα+MutLα are shifted to significantly
shorter lengths in the presence of ATP (P = 0.001) but not ADP
(P = 0.035), consistent with the DNA shortening that we see in
our AFM experiments (Figs. 3F and 4 and SI Appendix, Fig.
S5D). The breadth of the RMSD distributions is also consistent
with our AFM experiments in which we observe a population of
complexes with a broad range of sizes (Fig. 3 C and E and SI
Appendix, Fig. S5C). In control experiments with homoduplex

DNA and ATP, the RMSD distributions are unchanged from
DNA alone when MutSα or MutSα+MutLα are included (SI
Appendix, Fig. S6A). Together, these TPM results bolster the
AFM observation of SL-induced DNA shortening in the pres-
ence of ATP. Our observation of the unexpected formation of
dynamic, multimeric SL complexes that can compact DNA over
time is supported by prior in vitro and in vivo studies that found
recruitment of multiple MutL(α) and MutS(α) proteins to mis-
matched DNA (57–59, 76) and protection of significantly larger
segments of DNA in the presence of both E. coliMutS and MutL
than MutS alone (55, 56).

MutSα–MutLα Complexes Reside Both at the Mismatch and at Adjacent
Sites. Shortening of the DNA complicates determination of
whether the SL complexes in the AFM images encompass the
mismatch. To address this challenge, we generated a series of bar
graphs that display both the positions of SL complexes on DNA
and the length of DNA contained within individual complexes,
including the DNA that is absent from the measured contour and
is presumed to be buried within the complexes (Fig. 4A). Each bar
denotes the total DNA contour length. The pink section is the
length of the complex on the DNA, and the blue sections repre-
sent the length of the DNA observed on either side of the com-
plex. For molecules with lengths shorter than free DNA, the white
section represents the missing DNA length. The total amount of
DNA that the protein complex covers is the summation of the
pink and white bars. Fig. 4B shows data for the 2-min (left col-
umn) and 5-min (right column) incubations of MutSα and MutLα
in the presence of ATP. The few DNAs that have multiple com-
plexes bound are grouped together (Fig. 4 B, Top). For the
remaining complexes, the data for each condition are then grou-
ped based on the protein complex volume to separate MutSα–
MutLα–DNA complexes (>2,000 nm3; Fig. 4 B, Middle) from
potential MutSα–DNA complexes (<2,000 nm3; Fig. 4 B, Bottom).
Those complexes with volumes consistent with SL complexes are
then separated into specific and nonspecific complexes. Compar-
ison of the data for the 2-min and 5-min incubations shows in-
creased “missing DNA” (Fig. 4, white bars) with increased
incubation time, as is also revealed in the DNA length distribution
plots (Fig. 3 D and F). In addition, these data show that SL
complexes are located within the region of the mismatch and at
nonspecific sites for both the 2-min and 5-min incubations, with
the majority encompassing the mismatch (Fig. 4B). The observa-
tion of nonspecific SL complexes indicates that (i) MutLα can
assemble into SL complexes with MutSα mobile clamps that have
moved away from mismatch, (ii) SL complexes formed at a mis-
match can move away, or both. Studies showing that MutL can
stop MutS at a mismatch (18) and stop or dramatically slow MutS
mobile clamps (20, 22, 87) support the former mechanism, and
our observation of dynamic SL complexes that reconfigure mis-
matched DNA (Fig. 3 D and F) supports the latter suggestion.
Notably, these mechanisms of nonspecific complex formation are
not mutually exclusive, and both may occur in our experiments
and in vivo.

Discussion
Unifying Model of Stochastic Pathways to Assemble MutSα–MutLα
Complexes That Compact Mismatched DNA. Following MutSα recog-
nition of a mismatch and recruitment of MutLα, a key step in DNA
MMR is the ATP- and PCNA-dependent activation of MutLα to
nick error-containing daughter strands (24). The fundamental im-
portance of this step is evidenced by the observation that in-
activation of MutLα’s ATPase or endonuclease activity completely
abrogates repair (25, 26, 44, 47, 88, 89). Despite the importance of
ATP- and mismatch-dependent eukaryotic SL complexes, virtually
nothing is known about their assembly states or the conformations.
Using AFM and other single-molecule techniques, we provide a
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picture of the dynamic assembly and the configurations of human
SL MMR complexes on mismatched DNA.
Taking our results on MutSα together with those from

MutSα+MutLα suggests that the SL complexes are formed in a
stepwise fashion with one or two MutSα loading onto the DNA,
followed by recruitment of one or more MutLα proteins as
diagramed in Fig. 5 B and C. This idea is consistent with single-
molecule fluorescence studies on Taq and human MMR pro-
teins, which showed that MutL(α) limits loading of MutS(α) to
one to three proteins (18, 77). The SL complexes observed in our
AFM experiments appear to assemble “linearly” along the DNA
and, over time, evolve to more globular forms (in which indi-
vidual protein peaks are indistinguishable) that can reconfigure
the DNA (Fig. 2E). This DNA reconfiguration involves com-
paction of DNA within the protein complexes and, in some
cases, loop formation (Fig. 2E and SI Appendix, Fig. S1B).
MutLα’s abilities to simultaneously interact with two double
strands of DNA via its N-terminal domains (47, 90, 91) and to
undergo large ATP-induced asymmetric conformational changes
(Fig. 5A) (42) may promote this reorganization. For example,
DNA reconfiguration will result if one of the MutLα N-terminal
domains binds distally on the DNA with that arm in an extended
state (as in Fig. 5C), followed by nucleotide-induced retraction of
that arm toward the C-terminal domains containing the endo-
nuclease site. This process is stochastic, and the specific DNA
location where the MutLα N-terminal domain binds will de-
termine the details of the final compacted state. Reaching nearby
will result in a compacted complex where the DNA is within the
complex, whereas reaching far away will result in a loop where
the DNA is exposed. The higher probability of binding adjacent
DNA compared to binding distant sites may be reflected in the
small population of loops that we observe. MutSα may also
contribute to the DNA reconfiguration, given our finding that
ATP-activated MutSα can self-associate (Figs. 3A and 5B).

MutSα–MutLα Complexes May Mark and Protect the Mismatch until
Repair Occurs. For repair to occur, complexes of MutSα and
MutLα need to form on the DNA before nucleosomes reas-
semble behind the replication fork because DNA that is packaged
in nucleosomes is refractory to repair (93, 94). Furthermore,
PCNA-induced MutLα nicking in the vicinity of the mismatch
should enhance repair efficiency by localizing the excision tracts to
the mismatch-containing region. Our observations provide a
mechanistic framework that successfully interprets previous studies
of MMR and establishes a framework for thinking about how
MutSα and MutLα initiate repair (Fig. 5).
The picture of SL complex assembly that emerges from our

studies commences with MutSα binding a mismatch. Upon
mismatch recognition, MutSα undergoes ATP-induced confor-
mational changes that license MutLα interaction and mobile

A

B

Fig. 4. Position analysis of MutSα–MutLα complexes bound to GT-DNA. (A)
Schematics of DNA molecules (represented as bars) showing location of
MutSα–MutLα complex and extent of DNA contained within the complex.
Schematics for three types of complexes are shown: specific, mismatch
within complex (Top); nonspecific, complex away from the mismatch (Mid-
dle); and missing DNA, complexes where the DNA is shorter than ±1 SD of
the distribution of DNA contour length (Bottom). For all, the bar denotes the
total DNA contour length and the pink section is the length of the complex
on the DNA. The blue sections represent the length of the DNA observed on
either side of the complex. The white section (in missing DNA example)

represents the missing DNA length for molecules with lengths less than 1 SD
of free DNA. The total amount of DNA that the protein complex covers is the
summation of the pink and white bars. On the top example, a red arrow
points to the mismatch site, and dashed black lines on either side indicate ±1
SD of the measured position of the mismatch on the DNA. (B) Positions of
MutSα–MutLα complexes on GT-DNA in the presence of 1 mM ATP incubated
for 2 min (Left) or 5 min (Right). Complexes are first separated into two
groups: complex volumes <2,000 nm3 consistent with one or two MutSα
(Bottom) and >2,000 nm3 consistent with MutSα–MutLα complexes (Upper).
Those complexes with volumes >2,000 nm3 (SL complexes) are separated
into specific and nonspecific complexes. Each group is sorted from top to
bottom based on the position of the complex relative to the nearest end to
the mismatch, and those with multiple complexes are shown on the top.
DNA is only considered to be compacted if the contour length is shorter than
the 1 SD in the length measurements. These plots are generated from the
same data as in Fig. 3 C–F.
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Fig. 5. Example models of potential pathways to the formation of compacted MutSα–MutLα–GT-DNA complexes. (A) Previously identified conformational
states of MutLα (42). MLH1 and PMS2 are shown in burgundy and ochre, respectively. The C-terminal dimerization domains are connected to the N-terminal
ATPase and DNA binding domains by a flexible linker. The endonuclease site of PMS2 is shown as a lightning bolt. (B) Model for MutSα recognition, mobile
clamp formation, and association of multiple MutSα. The early states (bent states 1 to 3) are from studies of Taq MutS (19), and the two mobile clamp
conformations are based on the crystal structure of E. coli MutS mobile clamp in complex with the N-terminal domains of MutL (20), in conjunction with our
recent single-molecule fluorescence studies that indicate that Taq MutS mobile clamps can exist in two conformations (87). (C) Example models for formation
of SL complexes containing a single MutSα (Left) or two MutSα (Right). The Discussion includes a detailed description. Complexes are shown at the mismatch,
but they can also occur at nonspecific sites on GT-DNA. These models also suggest that loop formation and DNA compaction could both result from the MutLα
N-terminal domain binding distally on the DNA with one of its arms in an extended state (as in A), followed by nucleotide-induced retraction of that arm
toward the C-terminal domain containing the endonuclease site. The lower right model depicts how PCNA (purple ring) could interact with an SL complex
with antiparallel DNA strands to activate MutLα to nick on either side of the mismatch depending on the orientation of MutLα (15). The conformations of
MutSα and MutLα depicted in the model are based on the conformations shown in A and B, and the location of the interactions between MutSα and MutLα
are derived from the crystal structure of E. coli MutS sliding clamp in complex with the N-terminal domains of MutL (20) and from hydrogen/deuterium
exchange mass spectrometry studies of E. coli MutS and MutL coupled with functional studies of yeast MutSα and MutLα (92). Models are only representative
and are not intended to imply specific pathways or any structural details, but rather to provide ideas of how MutSα–MutLα complexes could compact
the DNA.
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clamp formation. Interaction of MutLα with MutSα on the
pathway to mobile clamp formation results in a mismatch-
localized SL complex (18). Subsequent interaction with PCNA
can activate MutLα within such a complex to nick the daughter
strand locally to the mismatch, thereby allowing excision and
repair to commence. If MutLα does not associate with MutSα
quickly enough to trap it at the mismatch, MutSα can convert
into a mobile clamp and free the mismatch for additional MutSα
loading. Repetitive rebinding of the mismatch by MutSα mobile
clamps, similar to that recently observed for Taq MutS mobile
clamps (87), would increase the residence time of MutSα near
the mismatch and the probability that SL complexes (and nick-
ing) are localized near the mismatch. Any of the complexes
depicted in Fig. 5C, including a single MutSα–MutLα complex,
are expected to be competent for activation by PCNA (15,
25, 28).
In the absence of interactions with downstream repair proteins

such as PCNA or EXO1, the SL complexes may progress toward
more complicated forms, with some of these reorganizing to
compact DNA within the complex. Such dynamic assemblies on
the exposed duplex between the replication fork and nucleo-
somes could have multiple functions. They could serve to pre-
vent nucleosome assembly over mismatch-containing DNA or
possibly even move nucleosomes off the mismatch. Consistent
with these suggestions, studies have shown that active MMR
inhibits nucleosome loading preferentially near mismatches (95,
96). Assembling SL complexes in the vicinity of the mismatch,
coupled with their observed longevity, may mark and protect the
mismatch until repair can proceed. Supporting this idea, SL
complexes have been observed in yeast far from the replication
fork (57). Marking and protection could be particularly impor-
tant for late repair, such as the small fraction of repair events
associated with RNase H2 nicking at ribonucleotides in the
leading strand (15). We also speculate that folding of DNA by SL
complexes may facilitate MutLα nicking the daughter strand on
both sides of the mismatch (24, 25) by generating antiparallel
configurations that bring PCNA in proximity to both sides (15)
(Fig. 5C). Finally, the dynamic DNA folding properties of SL
complexes could promote multiple MutLα-induced nicks in
DNA around the mismatch and amplify the nicking signal (15,
24), helping efficient recruitment of EXO1 or a strand-displacing
polymerase to start the next stage of DNA repair (4, 24).
The SL complexes may have a role in both activating and reg-

ulating excision of the mismatch given that interaction with either
MutSα or MutLα is sufficient to enable EXO1-dependent repair
(33). Multimeric SL complexes, such as those that we observe in
our AFM experiments, could be activated to nick the daughter
strand by PCNA and subsequently provide a scaffold that recruits
and regulates EXO1 activity. Consistent with this idea, in vitro,
MutSα increases EXO1 processivity, but MutLα restricts the ex-
cision tracts to shorter lengths (77). We speculate that the dynamic
nature of the SL complexes coupled with their interaction with
EXO1 allows them to reconfigure during excision, perhaps with
MutLα dissociating. This reconfiguration could, in turn, promote
the dissolution of the SL complex, dissociation of EXO1, and
termination of excision. Given that a majority of the SL complexes
span the mismatch in our experiments (Fig. 4), we would expect
nicking and excision to be directed preferentially to the vicinity of
the mismatch. Furthermore, because PCNA could promote nick-
ing on both sides of the SL complex, EXO1 can load onto a nick,
processively excise DNA from 5′-3′, and terminate at the next nick
it encounters. If that terminating nick is before the mismatch, SL
complexes should still be present to activate further excision. After
the mismatch has been excised successfully, MutSα will no longer
be recruited to the DNA, limiting further excision activity. In
summary, the view of MMR initiation that emerges from our
studies shifts the focus from a mobile signaling complex that leaves
the mismatch to a dynamic signaling complex that remains in the

vicinity of the mismatch, localizing the excision tracks and resyn-
thesis reactions where they are required.

Materials and Methods
DNA Substrate Preparation and Protein Expression and Purification. Human
MutSα and human MutLα were purified as previously described (71, 97) and
also provided by Paul Modrich (Duke University, Durham, NC). We modified
a pSCW02 plasmid to make the GT-DNA substrates that were used for AFM
as done previously (71, 97). To create linear GT-DNA or linear GC-DNA (using
unmodified pSCW02 DNA), the plasmid was cut with Xmn1 (New England
Biolabs), which results in linear DNA with the mismatch 375 bp (124 nm)
from one end. Nicked plasmid DNA was generated by cutting pSCW02 with
Nt.BspQ1 (New England Biolabs).

Sample Preparation and Deposition. Freshly cleaved ruby mica discs (Spruce
Pine Mica Company) were placed in a desiccator next a piece of Parafilm
containing 30 μL of (3-aminopropyl) triethoxysilane (APTES) or ethanolamine
for 15 min to modify the mica surface to facilitate DNA deposition. For ex-
periments with MutSα alone, MutSα was diluted to a concentration of
125 nM with 100 μM ADP, 100 μM ATP, 500 μM ATP, or 1 mM ATP incubated
with 1 ng/μL of the DNA substrate for 2 or 5 min at room temperature in
imaging buffer [25 mM Hepes, pH 7.5, 100 mM NaOAc, 10 mM Mg(OAc)2,
1 mM DTT, 5% glycerol] in a total volume of 20 μL. For experiments with
both MutSα and MutLα, the concentrations of MutSα, MutLα, and ATP and
the length of incubation prior to cross-linking are as indicated in the figure
legends. The protein–DNA samples were cross-linked with 0.85% glutaral-
dehyde for 30 to 60 s, and the cross-linking was stopped either by quenching
with Tris or diluting 10-fold and depositing on the mica. Cross-linking con-
ditions were optimized to minimize artifacts, and non–cross-linked control
experiments with MutSα alone were conducted (SI Appendix, Fig. S3). Con-
trol experiments with MutLα and ATP confirm that it has minimal binding to
GC- or GT-DNA under any of the conditions used in the SL experiments (<3%
DNAs have a bound MutLα; SI Appendix, Fig. S4), and control experiments
with MutSα, MutLα, ATP, and GC-DNA do not show any higher-order olig-
omers, with only ∼15% of the of the observed complexes having vol-
umes >2,000 nm3 and <2% having volumes >2,800 nm3 (SI Appendix, Fig.
S2H). Together, these results indicate that cross-linking does not promote
nonspecific protein assemblies on the DNA. In addition, to confirm that our
cross-linking conditions do not promote higher-order oligomers of MutSα or
MutLα, we used SDS polyacrylamide electrophoresis to examine the cross-
linking products. After cross-linking in the presence of ATP or ATP+GC-DNA
or ATP+GT-DNA, the positions of the dominant band on the gel for each
condition are consistent with heterodimer of MSH2-MSH6 (MutSα) or MLH1-
PMS2 (MutLα), as seen previously (91, 98). A faint band with slower migra-
tion is seen for MutSα (but not MutLα) and may represent a dimer of MutSα
(SI Appendix, Fig. S3). These results demonstrate that our cross-linking pro-
tocol efficiently stabilizes heterodimers, as seen in other studies (91, 98), but
does not promote formation of higher-order oligomers.

In the AFM experiments, variable extents of protein–DNA cross-linking
were observed for each experiment, but the relative populations of spe-
cies were found to be independent of cross-linking efficiency, which is es-
timated by the prevalence of protein–DNA complexes in comparison to the
total DNA. Cross-linking was most important in experiments incubating
MutSα and MutLα with the DNA substrate to observe a surface free from
excess proteins. Additionally, without cross-linking, dilution of the samples
to reduce the protein concentrations for imaging results in very few com-
plexes observed on the surface, suggesting that complexes dissociate prior
to deposition and imaging. This result is consistent with SPR studies that
show that the MutSα–MutLα-GT mismatch ternary complex dissociates rap-
idly in the presence of ATP (76). The cross-linked samples were either filtered
through a 4% agarose bead gel filtration column prior to deposition to
remove excess free proteins or diluted 10-fold in imaging buffer prior to
deposition. Fractions collected from the filtration column or the diluted
samples were deposited onto the APTES- or ethanolamine-treated mica,
rinsed with water, wicked dry with filter paper, and then dried under a
stream of nitrogen before imaging. The experiments were conducted by
multiple researchers with multiple protein preparations from two different
labs. Results were independent of whether the cross-linked complexes were
filtered or diluted, the choice of surface treatment, the protein preparation,
or the researcher conducting the experiments.

Imaging and Image Analysis. Details of the imaging and image analysis are in
the SI Appendix. Briefly, topographic and DREEM images were captured in
air with a Nanoscope IIIa (Digital Instruments), an Asylum Research MFP-3D,
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or a JPK NanoWizard 4 microscope in tapping mode and analyzed as de-
scribed previously (65, 66, 82, 86). We found that the cross-linking signifi-
cantly increased the heights of the MutSα and MutLα on the surface (SI
Appendix, Fig. S3). As discussed in the SI Appendix, the number of proteins
indicated in the text and figures for SL complexes are rough estimates based
on the volume of MutSα alone. Extrapolation of these estimates to the
larger complexes with “missing” DNA is particularly difficult due to contri-
butions from the DNA and the effect that shape and height have on the
apparent volumes measured from AFM images (99) (SI Appendix, Methods,
and legend to SI Appendix, Fig. S3B). The position distributions for MutSα or
MutSα–MutLα complexes on the DNA were generated as described in the
SI Appendix.

Tethered Particle Motion Assay. Tethered particle motion (TPM) experiments
measure changes in DNA configurations that result in changes in the DNA
end-to-end distances, such as protein-induced DNA bending, DNA looping,
or wrapping, by monitoring the Brownian motion of a bead on the end of a
surface-tethered DNA fragment (83–85). Experimental details of the TPM
measurements are in the SI Appendix. Briefly, our TPM experiments were
performed in chambers with surfaces passivated by PEG, with 550-bp,
double-stranded DNA with a biotin on one end, a centrally located GT
mismatch (or GC for control), and a bead attached to the other end via
digoxigenin–antidigoxigenin interactions. The beads were SPHERO protein G
polystyrene particles with 0.84-μm diameter. Due to nonspecific interactions of

the MutSα and MutLα proteins with the surface and beads, these experiments
were conducted at lower protein concentrations than the AFM experiments,
such that no nonspecific interactions were observed with homoduplex DNA.
These experiments also differ from the AFM experiments on linear DNA in that
the DNA end is blocked, so MutSα mobile clamps cannot slide off the end of the
DNA, similar to our control AFM experiment with nicked plasmid DNA (SI Ap-
pendix, Fig. S5). Data analysis used custom MATLAB codes.

Data and Code Availability. All primary data and computer codes for this
paper are available in the Carolina Digital Repository (https://cdr.lib.unc.edu/)
at https://doi.org/10.17615/wqe7-t470. The custom image analysis program
ImageMetrics is freely available at http://imetrics.app.
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