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3D printed self-supporting elastomeric structures 
for multifunctional microfluidics
Ruitao Su1, Jiaxuan Wen2, Qun Su2, Michael S. Wiederoder3, Steven J. Koester2,  
Joshua R. Uzarski3, Michael C. McAlpine1*

Microfluidic devices fabricated via soft lithography have demonstrated compelling applications such as lab-on-a-
chip diagnostics, DNA microarrays, and cell-based assays. These technologies could be further developed by 
directly integrating microfluidics with electronic sensors and curvilinear substrates as well as improved automa-
tion for higher throughput. Current additive manufacturing methods, such as stereolithography and multi-jet 
printing, tend to contaminate substrates with uncured resins or supporting materials during printing. Here, we 
present a printing methodology based on precisely extruding viscoelastic inks into self-supporting microchannels 
and chambers without requiring sacrificial materials. We demonstrate that, in the submillimeter regime, the yield 
strength of the as-extruded silicone ink is sufficient to prevent creep within a certain angular range. Printing tool-
paths are specifically designed to realize leakage-free connections between channels and chambers, T-shaped 
intersections, and overlapping channels. The self-supporting microfluidic structures enable the automatable fab-
rication of multifunctional devices, including multimaterial mixers, microfluidic-integrated sensors, automation 
components, and 3D microfluidics.

INTRODUCTION
Microfluidic devices have the potential to enable transformational 
approaches for conducting microliter-scale chemical and biological 
research because of the advantages of small sample volumes and 
well-controlled microenvironments (1). They have demonstrated 
exciting applications in areas such as lab-on-a-chip diagnostics (2), 
point-of-care systems (3), organ replication on a chip (4), and bio-
assays (5). The two most widely used methodologies for the fabrication 
of microfluidic devices are soft lithography and additive manufac-
turing. Soft lithography is a microfabrication-based method that can 
achieve submicron resolution in devices, which are typically fabri-
cated using the elastomer polydimethylsiloxane (PDMS) (6, 7). 
However, the requirement of microfabrication facilities, stamp dis-
tortions, and time-consuming manual steps such as PDMS molding, 
layer alignment, and bonding imposes constraints on the use of soft 
lithography to produce ubiquitous and widely deployable microfluidic 
devices (8). Additive manufacturing, or three-dimensional (3D) 
printing, techniques have recently emerged as promising complements 
or alternatives to augment the manufacturability of microfluidic devices 
(9). Comparative advantages of additive manufacturing techniques 
include the potential for autonomous and portable manufacturing, 
rapid prototyping, and the ability to incorporate freeform 3D struc-
tures (10). Several 3D printing approaches have been used for the 
fabrication of microfluidic devices. Stereolithography (SL) is one 
extensively studied method that uses photocurable resins to create 
well-defined microchannels with feature sizes below 100 m and a 
range of components for fluid manipulation (11). Multi-jet modeling 
(MJM) fabricates microfluidic devices via inkjet printing ultraviolet 
(UV)–polymerizable inks and has the capability for printing multiple 
materials (12). However, because of the potential for contamination 
from either uncured residual resin in the channel voids or the sacrificial 

supporting materials temporarily used to form hollow structures, 
directly printing microfluidic structures onto substrates that contain 
predeposited 3D structures or electronic sensing elements is chal-
lenging for SL and MJM. The degree of automation of SL and MJM 
is also compromised because of the postprocessing required to re-
move the residual precursor and supporting materials from the 
channels. In addition, microfluidic devices printed by SL and MJM 
with photocurable resins have low elasticity and cannot be aligned 
to existing structures.

Extrusion-based 3D printing provides a freeform method to fab-
ricate objects via the conformal deposition of filaments onto target 
surfaces (13). To date, it has not been extensively investigated for 
elastomeric microfluidics even though the multifunctionality of this 
method has been realized via numerous classes of functional materials 
and devices, such as fully 3D printed optoelectronic device arrays 
(14), conformal channels for isolation of biomarkers (15), and cell-
laden biological constructs (16, 17). The challenge of directly printing 
hollow structures with viscoelastic inks lies in the insufficient 
mechanical strength of uncured polymers to counter the creep of 
as-printed structures (18, 19). This normally requires the use of sac-
rificial supporting materials (20). One possible solution is to print 
part of the wall structure and enclose the roofs of the devices with 
flat glass covers, but this imposes planar and rigid constraints on the 
form factor of the resulting device (21). To create hollow structures 
without supporting materials or exterior covers, two factors should 
be controlled to ensure that the maximum stress within the self-
supporting structures is less than the yield strength of the as-extruded 
ink: (i) At least one dimension of the hollow space should be rela-
tively small, from several millimeters to hundreds of micrometers, 
to reduce the total gravitational loading, and (ii) the yield strength 
should be sufficiently high, tens of Pascals or higher (22), to balance 
the gravitational loading of the overhung part.

Here, we introduce an automatable extrusion-based printing 
methodology that can directly align and print elastomeric microflu-
idic structures onto planar and curvilinear substrates with minimal 
involvement of postprocessing. By selecting inks of proper yield 
strength and controlling the profiles of printed overhung structures, 
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self-supporting walls can be realized and further enclosed to form 
hollow structures such as channels and chambers. Since the micro-
fluidic spanning distance is in the submillimeter regime, a suffi-
ciently small bending moment results that the as-printed walls can 
withstand, rendering this method suitable for printing microfluidic 
structures. Printing toolpaths can then be designed to create leakage-
free transitions between channels and chambers, T-shaped intersections, 
and overlapping channels. This methodology eliminates supporting 
materials and channel covers that are conventionally required to 
build hollow structures with viscoelastic materials, enabling multi-
material mixers and microfluidic-integrated salinity sensors via 
direct integration with predeposited features such as herringbone 
(HB) ridges and sensing microelectrodes. We also printed 3D 
microfluidic networks integrated with valves on a spherical surface, 
demonstrating a previously unrealized device form factor that 
opens opportunities for implementation on freeform surfaces such 
as the human body for microfluidic-based wearable health sensors. 
The devices demonstrated in this work serve as a proof of concept 
for the automatable capabilities of extrusion-based 3D printing to 
fabricate self-supporting and aligned multifunctional microfluidic 
structures.

RESULTS
Self-supporting microfluidic structures
Our hypothesis was that self-supporting walls can be printed with 
the extrusion-based 3D printing method via carefully designed filament 
stacking orientations, e.g., straight or circular, on the cross-sectional 
planes (Fig. 1A). The walls merged at the top and formed hollow 
channels and chambers with targeted geometries specified by the 
printing toolpath in the X-Y plane, such as the triangular/circular 
channels and hexagonal/conical domes illustrated in the bottom 
panel of Fig. 1A. For the ink, we selected an acetoxy silicone that is 
room temperature vulcanizing (RTV) when exposed to moisture in 
the air. This one-part silicone is ready to use without prior mixing 
or other preparation and cures in ambient environment without 
requiring UV irradiation or thermal heating. Because of its high 
biocompatibility, oxygen permeability, chemical resistance, and 
elastomeric properties, silicone has been widely used for micro-
fluidic devices that are fabricated by soft lithography (6, 23). In 
addition, cured RTV silicone structures demonstrate high elonga-
t ion before breaking and good adhesion to different surfaces 
(fig. S1). The Young’s modulus was found to be, on average, 189.7 ± 
5.6 kPa (N = 3).

Fig. 1. 3D printed self-supporting microfluidic structures. (A) Top: Schematic of 3D printing a microfluidic channel. Bottom: 3D models of self-supporting structures 
including triangular channel, circular channel, hexagonal dome, and conical dome. (B) Left: Bending moment analysis of a self-supporting wall printed with the straight 
profile. Right: (a) Composite cross-sectional images of silicone walls of varying incline angles and an overhang length of 700 m. The boundary of each individual image 
is distinguished by the edge of the wall. (b) 37° was found to be the smallest incline angle that can be printed. (c) A silicone wall printed at an incline angle below 37° 
collapsed at the root. Scale bars, 200 m. Photo credit: Ruitao Su, University of Minnesota. (C) Photos of 3D printed microfluidic channels and chambers with walls cut 
open to display the cross-sectional profiles. Scale bars, 1 mm. Photo credit: Ruitao Su, University of Minnesota. (D) SEM images of triangular and circular channels with a 
width of ca. 100 m. Scale bars, 100 m. Photo credit: Ruitao Su, University of Minnesota. (E) Plot of burst pressure and wall thickness of the triangular channels with re-
spect to printing speed (N = 3). The inset photo shows one specimen under test with a length of 5 mm and a wall thickness of ca. 150 m. Photo credit: Ruitao Su, Univer-
sity of Minnesota.
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We used a cantilever beam model with evenly distributed gravi-
tational loading to analyze the distribution of the bending moment 
along the silicone walls (Fig. 1B)

	​​ M​ x​​ = ​   ─ 2cos() ​ ​x​​ 2​​	 (1)

	​ M = ​ 1 ─ 2 ​  ​l​​ 2​ cos()​	 (2)

where Mx is the bending moment of a cross section at location x,  
is the linear specific weight of the silicone wall,  is the wall incline 
angle, M is the maximum bending moment at the root of the wall, 
and l is the total length of the wall. This model shows that the mag-
nitude of the bending moment increases parabolically in the direc-
tion toward the substrate, making the root of the wall the weakest 
point. For a fixed length of the wall, the maximum bending moment 
increases as the incline angle decreases. An analogous analysis of 
the silicone wall with circular profiles is included in the Supplemen-
tary Materials (fig. S2).

Our printing results showed that, for the as-printed silicone walls 
in the submillimeter regime, the yield strength of the as-printed sili-
cone ink is sufficient to balance the bending moment induced by 
gravity within a certain angular range. No sagging or collapse of the 
uncured structures was observed (Fig. 1B, a and b) before reaching 
a critical angle, *. The smallest angle tested for the RTV silicone 
wall was 37° with a wall length of 700 m, below which the self-
supporting wall collapsed (Fig. 1B, c). A stress state analysis based 
on the maximum shear stress criterion showed that the measured 
critical angle falls in the expected range of yield angles (fig. S3, A to C). 
Uncured RTV silicone exhibits the mechanical behavior of a yield-
stress fluid, with storage modulus greater than loss modulus at low 
frequency (fig. S3D) (24). This renders a yield stress that must be 
overcome to initiate flow under the gravitational loading. Because 
the RTV silicone starts curing instantaneously after dispensing, as 
evidenced by the increasing storage modulus over time, the predicted 
yield strength is slightly higher than the measured value. RTV sili-
cone also exhibits shear thinning behavior in the uncured state. 
Briefly, it displays an apparent viscosity of ca. 104 Pa·s at a shear rate 
of 0.01 s−1, and the viscosity decreases to ca. 10−3 Pa·s as the shear 
rate increases to 1000 s−1 (fig. S3E). This variation in viscosity leads 
to a relatively low dispensing pressure, ca. 175 psi with 100-m noz-
zles, and a stronger resistance to creep for the as-printed structures.

With the mechanical equilibrium states above the critical angle, 
the silicone walls could then be printed into enclosed channels and 
chambers with designed geometries based on the toolpaths in the 
X-Y plane and the vertical stacking angle (Fig. 1C and movie S1). 
Channels with triangular and circular cross-sectional profiles and 
chambers with hexagonal and conical profiles were demonstrated. 
The channel dimension was controlled by specifying the distance 
between the sidewalls and the incline angle. The thicknesses of the 
extruded filaments, calibrated with the nozzle size and extrusion 
pressure, were offset in the design of the printing toolpath (fig. S4). 
Scanning electron microscopy (SEM) images show 3D printed micro-
fluidic channels with an inner width down to 100 m (Fig. 1D).

The self-supporting microfluidic structures printed with RTV 
silicone have a distinct form factor compared to conventional micro-
fluidic devices, for which a slab of PDMS or photocured resins are 
typically used to encase the microfluidic passages. The structures 
demonstrated here were simply composed of the substrates and fluid-

guiding channels, minimizing the total material volume of the final 
devices. One potential trade-off is a compromised burst pressure, 
i.e., the channels failing under a relatively low internal pressure. We 
investigated the burst pressure of channels that were printed with 
varying wall thicknesses by changing the printing speed. Keeping 
the dispensing pressure and nozzle size constant, slower printing 
speed generated thicker sidewalls since more ink was extruded for a 
given length of channel. With a moderate wall thickness of ca. 200 m, 
the printed microfluidic channels demonstrated an average burst 
pressure above 40 kPa (Fig. 1E and movie S2). For comparison, the 
backpressure applied to actuate aqueous flows in most microfluidic 
applications rarely exceeds 10 kPa (25, 26). Computational fluid dy-
namic (CFD) simulations showed that the devices demonstrated in 
this work required back pressures below 1 kPa, and the devices were 
repeatedly tested with no observable leakage.

Next, by precisely designing printing toolpaths, multifunctional 
microfluidic constituents including channel-chamber transitions, 
T-shaped intersections, and overlapping channels could be printed 
with the self-supporting structures. Our methodology of printing 
microfluidic devices consists of the following steps: (1) mathemati-
cally reconstruct the target surface geometry and design the routing 
and geometry of microfluidic channels to incorporate predeposited 
elements; (2) generate continuous and conformal printing toolpaths 
considering channel width, filament diameter (fig. S4), wall incline 
angle, and overlapping of adjacent filaments; (3) execute the printing 
in the order of (i) microstructures within the channels, (ii) micro-
fluidic channels and chambers, and (iii) encapsulation materials for 
valves and pumps; and (4) after the microfluidic structures are fully 
cured for ca. 5 hours under ambient conditions, cut openings on the 
predefined channel terminals and insert connection tubes, applying 
sealants to create airtight connections. The high elasticity of cured sili-
cone channels enabled a facile and tight connection to external tubing.

3D printed microfluidic mixers
Microfluidic mixers are important components for the rapid mixing 
of chemical species in the typical low Reynolds number flow of micro-
fluidic applications (27). Monolithic mixers have been fabricated by 
soft lithography (28, 29) and additive manufacturing (30, 31). 
Extrusion-based printing allows for the convenient incorporation of 
multiple materials within the same structure (32). To demonstrate 
the high geometric modeling accuracy of this methodology, we 3D 
printed microfluidic mixers with self-supporting silicone channels 
and embedded polycaprolactone (PCL) HB ridges. The mixers con-
sisted of a T-shaped inlet intersection and a main mixing channel 
where the HB ridges were housed. Five sets of HB ridges with vari-
able heights were embedded within the 990-m-wide mixing channels 
(fig. S5). Three steps were adopted to print the mixers (Fig. 2A). 
First, we printed the HB ridges on the polyethylene terephthalate 
(PET) substrates with an interlayer resolution of 30 m. PCL dis-
solved in dichloromethane was used as the ink, and rigid HB ridges 
were formed following rapid evaporation of the solvent. Then, to 
print the base, i.e., the lower channels including the T-shaped inter-
sections, continuous and cycling printing toolpaths were executed 
to eliminate the disruption to the ink dispensing. Last, after the lower 
channels were closed, the nozzle was lifted and translated to the 
next higher channel that remained open, and another continuous 
toolpath was executed to close the roof. The specifically designed 
continuous toolpaths prevented discrepancies in filament connection, 
creating leakage-free channel intersections and transitions between 
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differently sized channels. Figure 2B demonstrates a 3D printed 
mixer that was embedded with 350-m-tall HB ridges.

Next, we validated the performance of the mixers with CFD sim-
ulation and confocal microscopic imaging. CFD models were built 
in the Stokes flow regime, where the Reynolds number is no greater 
than one (Re ≤ 1). The two inlets were each inputted with solutions 
of dextran (ca. 10 kDa) that were modified with rhodamine B (red) 
or fluorescein isothiocyanate (FITC) (green), respectively. The 
input solutions had an initial concentration of 0.1 mM. Figure 2C 
compares the mixing effects of two mixers at Re = 1, one without 
HB ridges (top row) and one with 350-m-tall embedded HB ridges 
(bottom row). An inspection of six selected cross sections along the 
channels showed improvement in the extent of mixing, with the latter 
generating a well-mixed output. We quantitatively evaluated the 
mixing effect with the mixing index W

	​ W = 1 − ​   ─ ​​ max​​ ​​	 (3)

where  is the SD of the concentration of one selected species within 
a cross section and max is the SD at the entrance of the mixing 
channel. Therefore, W is in the range of [0,1] and increases with the 
extent of mixing.

As expected, the mixing indices increased along the channel as 
the solutions flowed through the mixing channels even in the cases 
of no embedded HB ridges, as partial mixing was induced by molecular 
diffusion (Fig. 2D). This was also validated by the decreasing inten-
sities of red and green colors from cross sections 1 to 6 in the top 
row of Fig. 2C. Because a higher flow rate results in a shorter time for 
solutions to mix in the channels, the extent of mixing induced by 
diffusion decreases as Re increases. Our simulation showed that even 
at Re = 1, the mixing index at the outlet approached the maximum 

Fig. 2. 3D printed multimaterial microfluidic mixers. (A) Three-step printing procedure of the mixers. Continuous toolpaths were designed to minimize disruption in 
ink extrusion and realize leakage-free connections between channels. (B) Top view of the 3D printed mixer. Scale bar, 5 mm. The inset photo shows one HB ridge printed 
with PCL. Scale bar, 300 m. Photo credit: Ruitao Su, University of Minnesota. (C) CFD simulation of chemical species mixing at six cross sections with Re = 1. The mixing 
evolutions along the mixing channel without and with HB ridges (350 m) are displayed in the top and bottom panels, respectively. (D) Plots of the simulated mixing in-
dices with different heights of HB ridges within the Stokes flow regime (Re ≤ 1). (E) Comparison between the color maps of simulated concentration and confocal images 
at selected sections along the mixing channels. The imaging plane is 10 m above the substrate. Re = 1. HB height is 350 m. Scale bar, 500 m. Photo credit: Ruitao Su, 
University of Minnesota. (F) Comparison of red color intensity across the mixing channel at the above six cross sections between (a) simulated color maps and (b) confocal 
images. Data in plot (b) were transformed by a Fourier low-pass filter.
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with an HB ridge height of 350 m. The enhancement of mixing 
was attributed to the local turbulence induced by the embedded 
PCL HB ridges. To confirm that the CFD simulations represented 
the real mixing scenario, we acquired confocal microscopic images 
of the flow fields in the mixing channels. The experimental 
steady-state flow patterns displayed high fidelity to the computa-
tional model conducted with identical boundary conditions (Fig. 2E 
and fig. S6). Furthermore, the distribution of red color intensity was 
measured across the above six cross sections for both simulated color 
maps and confocal images (Fig. 2F). The shape and relative magni-
tude of the intensity curves demonstrated a good agreement, and a 
comparable mixing efficacy to SL printed mixers was observed 
within the 13-mm-long mixing channel (30).

Microfluidic-integrated salinity sensor
There has been a persistent effort to integrate microfluidics with 
electronic sensors to create high-throughput sensing platforms (33, 34). 
These systems can suffer from either the time-consuming process 
involved with soft lithography (35), stamp distortions, misalignment 
issues and resulting surface contamination, or a bulky encapsula-
tion for the microfluidic components (21, 36). The self-supporting 
microfluidic structures fabricated with extrusion-based 3D printing 
provides a previously undiscovered solution to seamlessly merge 
fluidics and electronics. To this end, we directly printed microfluidic 
structures on a microfabricated salinity sensor array, realizing syn-
chronous alignment and integration during the printing process. 

Gold electrodes and alignment marks were predeposited on a silicon 
wafer, and serially connected microfluidic channels and chambers 
were printed on top of the sensor array (Fig. 3A). Each salinity sen-
sor consisted of a pair of gold electrodes that were housed inside the 
printed microfluidic chamber and used to measure the impedance 
of NaCl solutions flowing over the sensor. A simplified model of the 
measurement circuit included two double-layer capacitors and an 
equivalent parallel capacitor-resistor unit.

Before printing, the alignment marks were used to position the 
sensor array in the designed location within the coordinate system 
of the printer. Then, the printing was conducted by extruding the 
silicone ink to construct the self-supporting microfluidic structures 
(Fig. 3B). Continuous printing toolpaths similar to the microfluidic 
mixers were designed. The base was first printed to close the lower 
channels, and then, the roofs were printed to close the remaining 
chambers. A robust adhesion formed between the substrate and 
printed parts after the RTV silicone cured under ambient conditions, 
creating a compact form factor that guided the flow of analyte solu-
tions on the sensors (Fig. 3C). Impedance measurements were then 
conducted with the hybrid microfabricated/3D printed salinity sensor. 
The microfluidic channels and chambers have a total internal 
volume of 20.87 l, and a flow rate of 50 l/min was used for the 
impedance measurement. CFD simulations showed highly laminar 
flow within the sensor (fig. S7A) and a back pressure of ca. 6 Pa 
(Fig. 3D) at the inlet, well below the burst pressure of the silicone 
structures. Therefore, the microfluidic-integrated sensor demonstrated 

Fig. 3. Microfluidic-integrated salinity sensor consisting of microfabricated sensor arrays and 3D printed channels and chambers. (A) Layout of gold electrodes 
and alignment with microfluidic structures on the salinity sensor and a model of the measurement circuit. Cdl, double layer capacitance. (B) A two-step printing procedure 
was used to realize leakage-free connections between self-supporting channels and chambers. (C) Image of the microfluidic-integrated salinity sensor before connection 
to external tubes. Scale bar, 5 mm. Photo credit: Ruitao Su, University of Minnesota. (D) CFD simulated pressure distribution on the silicone wall under a flow rate of 50 l/min. 
(E) Plot of impedance spectra of different NaCl solutions measured with sensor 1 from 1 to 1000 kHz (n = 5). (F) Calibration curve of the salinity sensor that was fitted with 
an exponential decay function. The inset plot displays the concentration prediction of four NaCl solutions with the salinity sensor. The impedance was measured at 
145 kHz. (G) Real-time impedance measurement at 60 kHz of deionized (DI) water and 50 and 500 mM NaCl solutions that were flowed through the salinity sensor. The 
baseline denotes the impedance measured with an empty sensor.
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good structural integrity, and no leakage was observed during 
our tests.

AC signals were applied to the electrodes, and frequency sweeps 
were conducted in the range of 1 to 1000 kHz as NaCl solutions of 
different concentrations were flushed over the sensor. The acquired 
impedance spectra were in good agreement with the literature (37), 
and high repeatability was observed for the four sensors in the tested 
array (Fig. 3E and fig. S7, B to D). To use the device as a salinity 
sensor, we calibrated sensor 1 with the measured impedance of 
NaCl solutions and found that the impedance-concentration rela-
tionship of NaCl solutions at 145 kHz could be fitted closely with 
the exponential decay equation

	​ Z = A ​e​​ (−c/t)​ + ​Z​ 0​​​	 (4)

where Z is the impedance of the NaCl solutions measured at 145 kHz; 
c is the molar concentration of the solutions; and A, t, and Z0 are the 
fitted parameters (Fig. 3F). With this model, accurate predictions of 
NaCl concentrations were obtained by the 3D printed salinity sensor. 
Real-time and dynamic salinity sensing is important for applications 
such as seawater purification and ocean environment monitoring 
(38). To demonstrate the real-time impedance measurement with 
the salinity sensor, deionized (DI) water and 50 and 500 mM NaCl 
solutions were sequentially flushed over the sensor with air gaps in 
between while the frequency was held at 60 kHz. Using the impedance 
measured at the air-filled state as the baseline, the impedance change 
induced by salt concentrations was clearly observed (Fig. 3G and 
movie S3). The combination of microfabrication and 3D printing 
represents a compelling strategy for automatable production of bio-
chemical sensors. We envision that this sensing platform could be 
extended to wider applications such as high-throughput biochemical 
diagnostic assays through the integration of sensing arrays that are 
functionalized with probing molecules including DNA and anti-
bodies. Each sensor of the device can be functionalized via 3D print-
ing to create diverse sensing arrays for the multiplexed detection of 
various targets within one microfluidic chip.

Automation components and 3D microfluidics
Next, we demonstrate that the printing toolpaths can be designed to 
conformally accommodate the target surface, realizing microfluidic 
automation components and previously unrealized 3D microfluidics. 
Automation components including valves and pumps are critical to 
the control and actuation of microfluidic devices. Pneumatically 
actuated microfluidic valves and pumps were previously demon-
strated by Unger et al. (39) using microfabrication and have recently 
been replicated via 3D printing toward the goal of high-throughput 
and low-cost manufacturing (11, 40). With the extrusion-based 3D 
printing method, the self-supporting microfluidic structures can be 
readily applied to create functional microfluidic valves and pumps 
that are conformal to curvilinear surfaces via overlapping silicone 
channels and encapsulation (Fig. 4A).

The 3D printed microfluidic valves consisted of one flow channel 
that permitted the liquid to traverse and one control channel that 
was conformally printed over the flow channel (movie S4). An en-
closed hollow space was thereby created between the two channels 
to act as a valve when actuated by pressurized gas. The valve section, 
i.e., the crossing junction of the two channels, was then encapsulated 
and hardened by a UV-curable acrylate ester–based resin so that 
only downward expansion of the pressurized gas in the control 

channel was allowed to close the valve (Fig. 4B). Here, the highly 
elastic silicone wall provided a flexible native membrane to open or 
close the valve. The control channel could be conveniently inter-
faced with external tubes and sealed directly with the encapsulation 
resin (fig. S8), which maintained its seal at an air pressure of up to 
600 kPa. Generally, a higher flow pressure required a correspond-
ingly higher closing pressure to stop the flow. For the closing pres-
sure tests of the valve (fig. S9), a 300-kPa controlling pressure closed 
the valve completely, while a hydraulic pressure up to 30 kPa was 
applied to the flow channel (Fig. 4C and movie S5). Furthermore, 
peristaltic microfluidic pumps can also be directly 3D printed using 
three controlling channels laid out in parallel and encapsulated as 
one unit. The microfluidic pump was operated by activating the 
control channels according to a three-phase peristaltic code. Longer 
actuation times yielded a more complete shutoff of the control 
channels and therefore could be tuned to generate a higher pump-
ing volume per cycle. On the basis of our tests, a flow rate of 105 l/
cycle was achieved with an actuation pressure of 100 kPa and an 
actuation time of 1.2 s (Fig. 4D).

Emerging microfluidics-based biomedical applications such as 
physiological status monitoring via sweat collection and sensing re-
quire the direct integration of microfluidic networks conformally 
onto curvilinear surfaces such as human skin (41). The high flexibility 
and stretchability of the 3D printed self-supporting structures pro-
vide a promising new avenue to next-generation wearable microfluidic 
devices (figs. S10 and S11). Spatially structured toolpaths allow us to 
transcend the conventional 2D microfluidic form factor and directly 
“write” self-supporting microfluidic structures onto 3D targets. As 
a demonstration, we designed and printed converging and serpentine 
microfluidic channels onto a spherical surface (the outer surface of 
a 10-ml glass flask) with simultaneously integrated valves (Fig. 4E 
and movie S6). To generate the toolpaths of the 3D microfluidic 
network, the channel routes and valve structures were first projected 
onto a planar surface (Fig. 4F). The local cross-sectional profiles of 
the channels were then inspected by extending the individual fila-
ments onto the corresponding spherical layers. The filament stacking 
schemes were specifically designed to ensure an even spacing between 
adjacent filaments. As the microfluidic channel was placed further 
away from the sphere center, the cross-sectional profile became less 
symmetric, with the outer half being more extended. Therefore, extra 
“spacer” filaments were needed to prevent the collapse and clogging 
of the channels (Fig. 4F, a to c). The cross-sectional profiles of the 
spherical microfluidic channels closely resemble the designed fila-
ment stacking schemes. Controlled by the two integrated valves, the 
liquid sources could be selected, either as a single input or the mixing 
of two inputs, to enter the serpentine channel, and further guided to 
flow across the spherical surface (movie S7).

DISCUSSION
This work presented an extrusion-based 3D printing methodology 
for the automatable fabrication of self-supporting elastomeric struc-
tures using a one-part acetoxy silicone. Mechanical equilibrium 
states of the as-printed silicone walls enabled the printing of hollow 
microfluidic channels and chambers without supporting materials 
in the submillimeter regime. Channel widths down to 100 m were 
printed. While the burst pressure of the elastomeric channels was 
relatively low because of the single-wall structure, it is still at least 
one order of magnitude higher than the typical pressures required 
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in most microfluidic applications to actuate aqueous flows. In addi-
tion, the 3D printed microfluidic channels that were encapsulated 
with UV-curable resins had sufficient mechanical strength to enable 
automation components including microfluidic valves and pumps.

By specifically designed continuous printing toolpaths, leakage-
free microfluidic constituents including T-shaped intersections, 
connections between channels and chambers, and overlapping 
channels were realized, which facilitated concise integration with 
predeposited 3D structures and electronic sensors. By this means, 
multimaterial microfluidic mixers were created, and the mixing ef-

ficacy was validated using both CFD simulations and confocal 
microscopic imaging. A microfluidic-integrated sensor chip was 
fabricated by directly printing serially connected channels and cham-
bers onto microfabricated salinity sensors, enabling a hybrid plat-
form between top-down lithography-based microfabrication and 
bottom-up microfluidic patterning via 3D printing. Notably, a 3D 
microfluidic network integrated with valves was directly printed 
onto a spherical surface, and successful control over the flow in the 
converging and serpentine channels was demonstrated. With further 
generalization, we envision that this methodology could be extended 

Fig. 4. 3D printed microfluidic valve, pump, and spherical microfluidic network. (A) Schematic displaying the configuration of the 3D printed microfluidic valve. 
(B) Photos displaying the open and closed states of the 3D printed microfluidic valve. The valve was closed with a pressure of 100 kPa. Scale bar, 3 mm. Photo credit: 
Ruitao Su, University of Minnesota. (C) Closing pressure test of 3D printed microfluidic valve under varying flow pressures. (D) Flow rate test of a microfluidic pump. The 
pump was actuated with a standard peristaltic code: 001, 100, and 010, where 1 and 0 denote the open and closed state, respectively. The inset image displays a 3D 
printed microfluidic pump with two liquid reservoirs. Scale bar, 5 mm. Photo credit: Ruitao Su, University of Minnesota. (E) 3D printed spherical converging and serpentine 
microfluidic channels with integrated valves. The images show three combinational operation states of valves 1 and 2. Scale bars, 10 mm. Photo credit: Ruitao Su, University 
of Minnesota. (F) Filament stacking schemes of the spherical microfluidic channels. (a) to (c) demonstrate the designed and printed profiles of three channel cross sections. 
Spacer filaments were added to prevent the collapse of asymmetric channels that were distal to the sphere center. Scale bars. 1 mm. Photo credit: Ruitao Su, University 
of Minnesota.
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to freeform surfaces such as human skin for directly 3D printed 
physiological sensors (42).

In future work, the performance and functionality of the 3D 
printed microfluidic devices will be further enhanced and expanded. 
For instance, (i) higher channel resolution could be achieved by 
selecting smaller nozzles and tuning printing parameters; (ii) the 
burst pressure can be increased via multilayer printing to meet the 
pressure requirements of some applications; (iii) sensing arrays could 
be individually functionalized on the 3D printer and incorporated 
in the microfluidic sensors for multiplexed biochemical sensing; 
(iv) methodologies to control wall roughness could be studied for 
applications that involve issues such as rapid heat transfer and cell 
adhesion; and (v) large-scale integration, automation, and multi-
functional fluid handling could be performed for automated diagnostic 
assays (43). Overall, extrusion-based 3D printing was demonstrated here 
as a versatile tool to fabricate both conventional and next-generation 
multifunctional microfluidic structures and devices.

MATERIALS AND METHODS
Materials
One-part acetoxy silicone (Loctite SI 595 CL) and two-part epoxy 
(Loctite EA E-00NS) were purchased from Henkel. PCL (440744), 
dextran–rhodamine B (dextran-RB; R8881), dextran-FITC (FD10S), 
and sodium chloride (NaCl; 31434) were purchased from Sigma-Aldrich. 
UV-curable resin, a blend of acrylate esters and amine-modified 
acrylate esters (PRO-001 UV), was purchased from NovaCentrix.

Printing self-supporting microfluidic structures
First, the diameters of extruded silicone filaments were character-
ized with a microscope (Leica DM4500) and correlated to printing 
parameters including the inner diameter of the printing nozzles 
(Nordson EFD), dispensing pressure (Ultimus V Dispenser, Nordson 
EFD), and translational speed. Next, the stacking orientation and 
spacing between adjacent filaments was calculated to ensure a 30 to 
50% overlap. After the microfluidic routes and geometry of the substrate 
were determined, 2D continuous toolpaths of the printing nozzle were 
designed with the software CADFusion (Aerotech Inc.). To generate 
the printing toolpaths for the spherical microfluidics, the cross sec-
tions of channels with different distances to the sphere center were 
inspected, and spacer layers were added to ensure even spacing between 
adjacent filaments. A MATLAB script was then used to divide the 
2D toolpaths into 50-mm (20 mm for valves) straight elements, and 
the Z coordinates were calculated on the basis of the radii of the 
corresponding layers. The calculated coordinates were written into 
G-code and outputted from the MATLAB script.

To clean the target surfaces, PET films and spherical glass flasks 
were sonicated in acetone, isopropanol, and DI water sequentially 
for 5 min each and blown-dry with high-purity nitrogen (99.998%). 
Then, the uncured silicone ink was extruded on a robotic gantry 
system (AGS1000, Aerotech Inc.) to print the microfluidic structures 
on the target surfaces. For the microfluidic mixers, the HB ridges in 
the mixing channels were printed with PCL that was dissolved in 
dichloromethane at a concentration of 20 weight %, which was then 
printed with a pressure of 35 psi and speed of 0.2 mm/s. The inter-
layer resolution of HB ridges was 30 m, and the printing nozzles 
had an inner diameter of 80 m (TE734025PK, Techcon Inc.). The 
printed structures were fully vulcanized in air for 5 hours before 
testing. Metal tubes (23 to 25 gauge; Nordson EFD) were inserted 

into the 3D printed silicone channels and sealed with epoxy to con-
nect with external liquid sources.

CFD simulation of the chemical species mixing
The CFD simulation was conducted with the finite element analysis 
(FEA) software COMSOL Multiphysics (COMSOL Inc.). Two modules, 
laminar flow and transport of diluted species, were coupled to sim-
ulate the chemical species mixing. The laminar flow was simulated 
on the basis of the continuity and Navier-Stokes equations

	​ ∇ (u) = 0​	 (5)

	​ u ∙ ∇ u = − ∇ p + ∇ ((∇ u + ​(∇ u)​​ T​))​	 (6)

where u is the fluid velocity, p is the fluid pressure,  is the fluid 
density, and  is the fluid dynamic viscosity. The transport of diluted 
species was simulated on the basis of the convection-diffusion 
equation

	​​  ∂ ​c​ i​​ ─ ∂ t ​ + ∇ (− ​D​ i​​ ∇ ​c​ i​​ + ​c​ i​​ u) = 0​	 (7)

where ci and Di are the concentration and diffusivity of species i, 
respectively.

Water at 25°C was defined as the carrier fluid with a density of 
1000 kg/m3 and a dynamic viscosity of 8.9 × 10−4 Pa·s. Boundary 
conditions include a rigid and nonslippery wall, uniform velocity at 
the two inlets for different Reynolds numbers, input concentration 
of 0.1 mM for the two species, and a zero outlet pressure. Diffusivity 
of the fluorescent-labeled dextran molecules was calculated on the 
basis of the Stokes-Einstein equation

	​ D = ​  ​k​ B​​ T ─ 6 ​R​ H​​ ​​	 (8)

where D is the diffusivity of the investigated molecules, kB is Boltzmann 
constant, T is temperature, and RH is the hydrodynamic radius of 
the molecules. With a molecular weight of ca. 10 kDa, the dextran 
molecules were estimated to have a hydrodynamic radius of 6 nm 
and a diffusivity of 4.02 × 10−11 m2/s (44). For the meshing of the 
simulated geometry, an iterative increase in the number of nodes 
showed that 61,400 nodes are sufficient for the simulation. To eval-
uate the mixing indices according to Eq. 3, the concentration inform
ation of species A was extracted from a cut plane with 6900 points 
selected from an orthogonal grid on the plane.

Confocal microscopic imaging
Images of the flow fields in the microfluidic channels were acquired 
on a laser-scanning confocal microscope (Nikon A1Rsi, Nikon In-
struments Inc.). The wavelengths of the lasers used to excite the red 
and green fluorescence were 561 and 488 nm, respectively. The two 
molecules, dextran-RB and dextran-FITC, were dissolved in DI 
water at a concentration of 0.1 mM and injected into the mixers 
with a two-channel syringe pump (Model Fusion 100CR, Chemyx Inc.). 
Fluorescence images of red and green channels were taken after the 
flow reached a steady state with an exposure time of 2.1 s. The two 
color channels were combined with ImageJ (1.52r; National Insti-
tutes of Health, USA), with which the quantitative intensity of the 
red channel was also measured.
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Fabrication and characterization of microfluidic-integrated 
salinity sensor
The salinity sensors were fabricated on 500-m-thick wafers that 
have an oxide layer of 300 nm (University Wafer Inc.). Electrodes 
(10/190 nm Cr/Au, line width of 100 m, 60 m separation within 
one channel) and alignment marks were deposited via standard 
photolithography procedures in the cleanroom. Before printing 
microfluidic structures, the sensor chips were cleaned by submerging 
in acetone, methanol, and isopropanol for 3 hours each, rinsing 
with DI water, and blowing dry with high-purity N2. During printing, 
the alignment marks were used to align the sensor chips with the 
coordinate system of the printer. The completed salinity sensors were 
housed in a multielectrode chip platform (ED-ME-CELL, MicruX 
Technologies), which was connected to a mini USB box via an 
insulation-displacement contact cable, allowing each channel to be 
individually addressed. The impedance measurement of DI water 
and NaCl solutions was conducted on a semiconductor device ana-
lyzer (B1500A, Keysight Technologies Inc.) as the sensor was flushed 
at a flow rate of 50 l/min via a two-channel syringe pump (Model 
Fusion 100CR, Chemyx Inc.). Real-time measurement of solution 
impedance was conducted at a frequency of 60 kHz.

Fabrication and characterization of microfluidic  
valves and pumps
The microfluidic valves and pumps were fabricated by sequentially 
printing flow channels, control channels, and an encapsulation con-
tainer with silicone (fig. S8). After the silicone structures were fully 
vulcanized, metal tubes were inserted into the control channels and 
the UV-curable resin was deposited in the encapsulation container, 
which was cured under 400-nm UV light for 5 min (WF-501B 
CREE XR-C, UltraFire). The flow rate of the microfluidic valve was 
measured via the mass of flowed solutions with a balance (MS304S, 
Mettler Toledo Inc.). The pumping rate of the microfluidic pumps 
was measured by capturing videos and measuring the traveling dis-
tance of the fluid within the transparent tubes (fig. S9).

SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/
content/full/6/41/eabc9846/DC1
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