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Antibiotic-resistant pathogens, such as methicillin-resistant 
Staphylococcus aureus (MRSA), can cause both superficial and 
invasive disease and are responsible for millions of serious and 
sometimes fatal infections worldwide.11,17,27,33,48 Staphylococcus 
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aureus can produce severe secondary infections in immunocom-
promised individuals and cause disease in immunocompetent 
people.27 Besides skin and soft tissue infections, S. aureus can 
cause a large spectrum of diseases, including foodborne toxin-
infection, urinary tract infections, pneumonia, pyomyositis, nec-
rotizing fasciitis, endocarditis, toxic shock syndrome, sepsis, 
and meningitis. MRSA is increasingly prevalent in community 
settings, while remaining a major nosocomial pathogen.16,28,32,34,43 
Besides being resistant to β-lactam antibiotics (penicillins, 
cephalosporins, carbapenems), MRSA strains are increasingly 
resistant to mupirocin, the key topical agent used for the decolo-
nization of staphylococci in the nares, oropharynx, and on the 
skin.35,38 MRSA is also known to colonize and cause infections in 
livestock, pets, zoo animals, and marine mammals. Despite few 
reports of MRSA infection or colonization (carriage) in labora-
tory animals, interactions with humans, cohousing of many dif-
ferent species of animals, and the use (and potential overuse) of 
antimicrobials all create opportunities for the introduction and 
transmission of MRSA in animal facilities.17,33,43,47,48 Furthermore, 
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the application of experimental invasive devices and implants, 
such as cranial implants in nonhuman primates (NHPs), pose 
a higher risk of MRSA infection, similar to what is seen in hu-
man patients.52 The implants prevent complete wound healing, 
which can serve as an entry point for bacteria to grow.17,46,48,52 
These types of implant infections may affect overall animal 
health, necessitate device or implant removal, raise total animal 
husbandry costs, and increase the potential for zoonotic trans-
mission of MRSA.

During routine care and infection surveillance in the Com-
parative Bioscience Center at The Rockefeller University in New 
York City, MRSA was isolated from cranial implant margin in-
terfaces for 9 of 14 male rhesus macaques (Macaca mulatta).33 
Further screening of the animals (head, nares, and rectum) 
and the environment (40 environmental surfaces) over 1 year 
recovered 114 S. aureus isolates. These isolates have been pre-
viously characterized by antibiograms, spa typing, multilocus 
sequence typing, pulsed-field gel electrophoresis [PFGE], mecA, 
Panton–Valentine Leukocidin, and arginine catabolic mobile 
element; these MRSA isolates were grouped into 4 clones: MA-
II (t4167/ST3862/PFGE-B), MA-III (t4167/ST3862/PFGE-C), 
MA-IV (t16708/ST3862/PFGEC), and MA-V (t16709/ST3862/
PFGE-C).33 Due to the high risk of MRSA-related complications 
in these animals and the potential for the spread of infection to 
other animals or laboratory personnel, decontamination proce-
dures were undertaken. The affected NHPs received full-body 
bathing with chlorhexidine, application of mupirocin antibiotic 
ointment to the implant margins, and, in the case of the most 
affected animal, systemic antibiotics (that animal showed puru-
lent discharge from the cranial implant margin). The immediate 
environment of the NHPs was also decontaminated.33 Unfor-
tunately, posttreatment sampling showed that 6 of 9 animals 
were still positive for MRSA, based on cultures from the cranial 
implant margin.33

Given the potential for the MRSA to spread and the failure of 
aggressive cleaning in combination with topical and systemic 
antibiotics to eradicate the infection, we sought alternative treat-
ments. As such, we studied the topical use of lytic enzymes as 
an adjunctive treatment for MRSA skin and wound infections in 
NHPs with permanent cranial implants.

Lytic enzymes or cell wall hydrolases are a unique class of 
antimicrobials that have been used to control drug-resistant bac-
terial pathogens in humans and experimental animals. These en-
zymes include lysins and bacteriocins. Lysins are peptidoglycan 
hydrolases whose genes are carried by bacteriophages.12-14,35,40,41 
They have been effective and safe in several animal models of 
sepsis, endocarditis, pharyngitis, pneumonia, meningitis, and 
mucosal and skin decolonization.12-14,35,40,41 Furthermore, a lysin 
against S. aureus recently completed a successful phase 2 clinical 
trial for use in human medicine.12,35,36 Bacteriocins are similar to 
lysins, but are produced by bacteria instead of bacteriophages.50 
Bacteriocins act as antibacterial substances against other bacte-
rial strains or species. Lysostaphin is a well-studied bacteriocin 
that is a staphylococcal peptidoglycan hydrolase, similar to a 
bacteriophage lysin in terms of its modular architecture and 
mechanism of action.49 Lysostaphin is a zinc metalloenzyme 
originally isolated from a bacterial culture of Staphylococcus 
simulans.8 It has specific lytic action against many Staphylococcus 
species, including S. aureus. Lysostaphin has hexosaminidase, 
amidase, and endopeptidase activities. It cleaves polyglycine 
cross-bridge in the cell wall of Staphylococcus species, leading to 
cell lysis. Lysostaphin has been used safely in topical and sys-
temic infection models in laboratory animals such as mice, rats, 
and rabbits and larger animals such as cattle.4,5,7-10,15,19,22-24,29,39,42 

Furthermore, lysostaphin treatment is effective in treating sys-
temic disease models of endocarditis in rabbits and neonatal 
sepsis in suckling rats.31,37,47

We selected lysostaphin as the lytic enzyme candidate 
for this study due to its commercial availability in a lyophi-
lized, purified form for research use (Sigma–Aldrich St Louis, 
MO) and its efficacy and safety results in other animal mod-
els.4-10,15,19,22-24,29,31,37,39,42 The first aim of our current study was to 
determine if lysostaphin showed effective in vitro lytic activity 
against NHP MRSA isolates obtained from our study animals. 
The second aim was to conduct treatment trials to determine 
if the topical use of lysostaphin (alone or in combination with 
systemic antibiotics) could effectively reduce or eliminate MRSA 
colonization and infection in rhesus macaques with cranial im-
plants. Our hypothesis was that lysostaphin would show lytic 
activity against NHP MRSA isolates, and that this treatment 
modality would be effective at reducing or eradicating topical 
NHP MRSA colonization/infection.

Materials and Methods
Study animals. Animal experiments were performed in the 

Comparative Bioscience Center at The Rockefeller University, 
an AAALAC-accredited facility. All animal procedures were 
approved by the Institutional Animal Care and Use Commit-
tee and were conducted in accordance with the Public Health 
Service Policy, the Guide for the Care and Use of Laboratory Animals 
and with the Animal Welfare Act and Regulations.1,2,18,30 The 
study animals were 4 male rhesus macaques (Macaca mulatta, 7 
to 8 y) that cultured positive for MRSA despite previous stan-
dard decontamination and antibiotic treatments.33 All animals 
were part of the same neuroimaging experimental protocol and 
were housed in the same quarantined isolation room to prevent 
the spread of MRSA to the rest of the NHP colony. Two of the 
animals were pair-housed. The remaining 2 animals were so-
cially incompatible, and thus were single-housed.

The macaques originated from 2 breeding colonies: Covance, 
Alice, TX, USA and Three Springs Scientific, (Perkasie, PA). Ma-
caques were housed in stainless steel mobile caging (Apartment 
Module with conversion floor, 3m2, Primate Products, Immo-
kalee, FL). Sanitization of cage components was performed with 
the use of a mechanical washer (Better Built, Northwest Sys-
tems, Delta, British Columbia) that provided an 82 °C final rinse 
water and used a combination of a chlorinated cleaning com-
pound (ENVIRO-KLEEN 900S, Quip Laboratories, Wilmington, 
DE) and organic acid detergent (Acidulate 28, Quip Laborato-
ries, Wilmington, DE) during the wash cycle. The macaques 
were fed a commercial diet (Monkey Diet Jumbo 5037, LabDiet, 
St Louis, MO) and were maintained on municipal water. They 
were housed at 22 ± 1 °C at 30% to 70% relative humidity, with 
a 12:12 h light:dark cycle (0700 to 1900 h). Daily environmental 
enrichment included manipulanda and structural enrichment; 
novel food items (nuts, dried pasta, fruits, vegetables, yogurt, 
etc.); occupational devices, and sensory enrichment (alternating 
between auditory and visual). All macaques were seronega-
tive for simian immunodeficiency virus, simian T-cell leukemia 
virus type 1, simian type D retrovirus, and macacine alphaherpes-
virus 1 as determined by ELISA (VRL Laboratories, San Anto-
nio, TX). They were also negative for Mycobacterium tuberculosis 
based on an intradermal tuberculin skin test (Tuberculin Mam-
malian, Human Isolates Intradermic, Zoetis, San Diego, CA) 
and were vaccinated against measles.

All macaques were trained to enter a primate chair (closed-
chair design) via positive reinforcement training for sample col-
lection and treatment. Afterward, they received further positive 
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reinforcement training to voluntarily cooperate with sample 
collections, such as presenting their peri-rectal area for culture 
swab access. No anesthetics or tranquilizing drugs were used 
during sample collections and treatment. The objective of the 
in vivo study was to conduct treatment trials to determine if 
topically applied lysostaphin coupled with standard decontami-
nation alone (pilot study) or in addition to systemic antibiotics 
(main study) effectively decreased or eliminated MRSA coloni-
zation/infection in NHPs. As discussed below, all animals were 
confirmed MRSA positive on at least one site (for example, cra-
nial implant margin, peri-rectal, nostril) through bacterial cul-
ture identification and antibiotic resistance to oxacillin (growth 
on Remel Mannitol Salt Agar with oxacillin (4 μg/mL) and/
or growth on Remel MRSA selective media (Thermo Scientific, 
Lenexa, KS).

Lysostaphin formulations. Vials with 15 mg of lyophilized ly-
sostaphin (≥500 units/mg protein; Sigma–Aldrich St Louis, MO) 
from Staphylococcus staphylolyticus were used for all in vitro and 
in vivo experiments. The lysostaphin was freshly reconstituted 
on each treatment day with 3 mL of sterile Dulbecco phosphate-
buffered saline (DPBS) with no calcium or magnesium (Gibco, 
Thermo Fisher Scientific, Waltham, MA) to achieve a 5 mg/mL 
concentration for treatment of the cranial implant margins.

In an effort to reduce cross-contamination, the nostrils and 
perirectal area as well as the cranial implant region were all 
treated during the main study based on previous detection of 
MRSA in those areas.33 Topical treatment of the nostrils and 
perirectal area required formulation of the lysostaphin in an 
ointment to ensure the adequate contact time for the enzyme 
on the treated area. The ideal ointment base to incorporate ly-
ophilized lysostaphin had to be hydrophilic enough to allow the 
lyophilized lysostaphin to go into solution and be hydrophobic 
enough for adequate absorption into the skin and mucous mem-
branes.35 A previous study found that Aquaphor (Beiersdorf, 
Wilton, CT) had these characteristics.35 Aquaphor is an emollient 
ointment whose active ingredient is petrolatum (41%); inactive 
ingredients include mineral oil, ceresin, lanolin alcohol, pan-
thenol, glycerin, and bisabolol. A 5 mg/mL concentration of 
lysostaphin in Aquaphor was used for treatment of the nostrils 
and perirectal areas. This was formulated by adding 3 mL of 
Aquaphor into a 15 mg vial containing the same lots of lyophi-
lized lysostaphin above. This lysostaphin ointment formulation 
was termed lysostaphin-A.

In vitro lysostaphin activity assays. A turbidity reduction assay 
was used to determine the in vitro lytic activity of lysostaphin 
against NHP MRSA strains. These assays encompassed at least 
2 isolates from all 4 of the MRSA clones (MA-II, MA-III, MA-
IV, and MA-V) recovered from the NHPs in the prior year,33 as 
well as current isolates obtained from the treatment and control 
animals using a previously described methodology.13,14,25,40 Over-
night cultures of MRSA isolates were used to start fresh cultures 
the following day (1:50 dilution). These cultures were grown to 
log-phase (OD600 = 0.5) at 37 °C, sedimented by centrifugation 
and the bacterial pellet brought to an optical density (OD600) of 
approximately 1.0 with 20 mM DPBS (Gibco, Thermo Fisher 
Scientific, Grand Island, NY), pH 8.0 (buffer A) as measured in 
96-well microtiter plates (Falcon, Fisher Scientific, PA). From 
these bacterial stocks, 245 μL were added for every isolate into 
triplicate wells of a 96-well flat-bottomed microtiter plate. Each 
well received 5 μL of lysostaphin at various concentrations (0 to 
83 µg/mL) to determine the concentrations that showed effec-
tive lytic activity against MRSA. Corresponding triplicate wells 
received 5 μL of 20 mM DPBS, pH 7.2 (buffer B) control vehicle. 
A Spectramax Plus 384 (Molecular Devices, San Jose, CA) was 

used to obtain spectrophotometric readings (at λ = 600 nm, that 
is, OD600) of each well, every minute, over an hour. The degree 
of reduction of turbidity in the test wells indicated the amount 
of lysin activity. To normalize and combine values from mul-
tiple tests, the final OD600 of the treated samples was divided by 
the final OD600 of the untreated samples. An OD600 ratio of 1.0 
indicated no lysis, while an OD600 ratio of approximately 0.02 
indicated complete lysis.13

To confirm the in vitro efficacy of lysostaphin-A ointment 
on the staphylococcal cell wall, we followed a previously pub-
lished protocol in which a 2 L culture of MRSA strain MW2 in 
Mueller Hinton Broth was centrifuged, and the bacterial pellet 
was resuspended in 100 mL DPBS.35 Agar was added to this 
solution to achieve a 1.5% concentration. This mixture was then 
autoclaved to produce nonviable cells. The autoclaved Staph-
ylococcus-agar suspension was placed in empty 150-mm petri 
plates and allowed to solidify. A 5mg/mL dose of lysostaphin-A 
formulation, along with Aquaphor alone and our lysostaphin 
solution (5 mg/mL DPBS) was streaked onto the surface of the 
Staphylococcus-impregnated agar using a 10 µL inoculation loop. 
A filter-paper disk containing 20 µg of lysostaphin (Hardy Di-
agnostics, Santa Maria, CA) was also added to the plate as a 
positive control. Agar plates were examined after 12 h at 37 °C 
for clearing zones to qualitatively assess the lytic activity of the 
lysostaphin formulations.

In vitro resistance testing. In addition to determining MRSA 
isolate susceptibility to lysostaphin, we also tested a subset of 
12 isolates (6 pretreatment isolates with their corresponding 6 
posttreatment isolates from the same animal and sample loca-
tion) for the development of resistance to lysostaphin after ani-
mal treatment. We followed a previously reported methodology 
in which 2 MRSA colonies obtained before (baseline) and after 
treatment from each of the treated animals and a control animal 
were randomly selected from Remel Spectra MRSA plates (se-
lective and differential chromogenic medium for the detection 
of MRSA colonies; Thermo Scientific, Lenexa, KS).25,51 Two con-
trol S. aureus strains were used for this in vitro resistance test-
ing: MSSA 8325, representing a standard methicillin-sensitive 
S. aureus strain from the National Collection of Type Cultures 
(NCTC, Public Health England) and MRSA MW2, which was 
a community acquired methicillin-resistant S. aureus from the 
American Type Culture Collection (ATCC). Two strains were 
used in case there were lysostaphin susceptibility differences 
between the MSSA and MRSA controls. Both the isolate and 
control strains were incubated overnight in 5 mL of tryptic soy 
broth (Difco, BBL, Becton Dickinson, Franklin Lakes, NJ) at 37 
°C and shaken at 200 revolutions per minute. The next day the 
cultures were centrifuged to pellet the bacteria (4,000 revolu-
tions per minute, 4 to 6 °C, 10 min) and washed once with 5 
mL DPBS. After centrifugation, the cells were resuspended in 
a volume of DPBS to obtain an OD600 of 1.17 ± 0.12, as deter-
mined a Spectramax Plus 384. The turbidity reduction assay 
was performed in triplicate for every isolate by adding 195 µL of 
the bacterial suspensions into 3 wells of a 96-well flat-bottomed 
microtiter plate, each well then received either 5 µL of a 5 µg/
mL or 10 µg/mL solution of lysostaphin in DPBS or DPBS alone 
(negative control). The OD600 was determined at 30-s intervals 
for 30 min. The time to reach half starting absorbance (TOD50) 
of the bacterial suspension was then determined for each iso-
late. The MRSA control strains were used as a reference to pro-
vide comparability between assays. The mean ratio (sample 
TOD50/reference TOD50 strains) and standard deviation were 
calculated for each isolate. These same 12 isolates were submit-
ted to Cornell University’s Animal Health Diagnostic Center 
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for multilocus sequence typing (MLST) to determine if these 
isolates were clones of the same MRSA strain. Briefly, genomic 
libraries were prepared using Nextera DNA Flex protocol and 
sequenced on a MiSeq using 250 bp paired-end reads. De novo 
assemblies were generated using SKESA v.2.3.0.44 Multilocus 
sequence typing profiles were determined using MLST v 2.16.1 
and spa types were identified using spaTyper 1.0.3,20

Animal selection for pilot and main studies. An in vivo pilot 
study was conducted to determine the preliminary efficacy of 
lysostaphin used alone. Two MRSA infected animals (one treat-
ment animal and one control animal) were topically treated 
only at the cranial implant margins with lysostaphin or DPBS 
control buffer (further description below). The animals selected 
were single-housed to decrease the risk of cross-contamination 
between animals. For the subsequent main study (described 
below), the effectiveness of lysostaphin applied topically to 3 
areas (that is, cranial implant margin, nostrils, and peri-rectal 
area) was coupled with systemic clindamycin. The main study 
was performed 9 mo later, with 2 singly housed NHPs (previ-
ously used for the pilot study) selected for treatment and the 
remaining 2 pair-housed NHPs selected as controls). The same 
animals were used in both studies due to limited number of 
MRSA colonized animals, and the fact that MRSA colonization 
in these animals had returned to CFU counts similar to their 
original MRSA colonization status (that is, before the pilot 
study) 9 mo prior. Treatment and control animals were kept on 
opposite sides of separate rooms to prevent animals or their bio-
fluids from reaching other conspecifics, to decrease the chance 
of cross-contamination.

Pilot study. For the pilot study, both animals and their envi-
ronment (cages, equipment, and room) underwent a 3-d (Day -2 
to Day 0) decontamination protocol to reduce the risk of cross-
contamination of MRSA from other nontreated areas on their 
bodies (Figures 1 and 2). In short, animals were placed in a chair 
(equipment was decontaminated with ACCEL TB [Virox Tech-
nologies, Oakville, ON, Canada] prior to animal placement) and 
moved to a separate bathing room. The head of the animals was 
fixed to the chair using their previously implanted head post to 
allow for safe head cleaning and treatment. The implant margin 
was cleaned/debrided with sterile sodium chloride 0.9% solu-
tion, gauze and swabs. The animal’s head and face were also 
wiped down with gauze saturated in a chlorhexidine solution 
2% (First Priority, Elgin, IL) with a contact time of approximately 
3 to 5 min, followed by saline saturated wipes as a rinse. The 
mouth was treated with 3 mL chlorhexidine gluconate 0.12% 
oral rinse (Best Pet Rx, NY, NY). The rest of the animal’s bodies 
were then completely bathed with a chlorhexidine scrub 2%. 
The head, face, and implant were dried with sterile gauze and 
the rest of the body with a hairdryer. No equipment was shared 
between treatment and control animals and personnel changed 
personal protective equipment between animals.

During animal treatment, the caging, equipment, and home-
rooms also underwent a decontamination procedure. Each day 
of the decontamination period, the walls of rooms and any ex-
posed equipment were cleaned with ACCEL TB (Virox Tech-
nologies) while the animals were in the bathing room. This 
animal and room decontamination procedure was repeated 
once daily for 3 consecutive days. In addition, on Day -2 and 
Day 0 (then biweekly thereafter; Figure 2), the animals were 
placed in new decontaminated cages (mechanical cage washed 
with exposure to 82 °C and detergent) after bathing. After the 
initial decontamination day, the control animal was placed in 
a separate room from the treated animal to decrease the risk of 
cross-contamination.

Lysostaphin treatment consisted of 2 consecutive daily doses 
of liquid lysostaphin (5 mg/mL; total 3 mL/dose) applied topi-
cally around the cranial implant margin of the treatment animal 

Figure 1. Decontamination and treatment protocol for the topical 
treatment of MRSA in a group of NHPs.
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using a 3 mL syringe and a 16G x 21/2’’ catheter tip. This con-
centration of lysostaphin (5 mg/mL) was considered to have 
high lytic effectiveness, based on the results of in vitro turbid-
ity reduction assay. The control animal received 3 mL of sterile 
DPBS, delivered in the same way. After administration of the 
treatment, the animals were left in the chair for 30 min to reduce 
animal movement and allow the topical treatment to stay in 
place. To determine bacterial load, both animals were sampled 
using sterile Culturette Specimen Transport Amies swabs (Pul-
moLab, Porter Ranch, CA) during the pre, peri-, and post-de-
contamination and treatment period (Figure 2). During bacterial 
sampling, the circumference of the cranial implant margin was 
divided into 4 quadrants using the head rostro-caudal midline 
and ears as landmarks. One new culture swab was used for each 
quadrant to determine the exact location of MRSA colonization 
and to decrease the risk of cross-contamination between dif-
ferent areas of the margin during sampling. Bacterial load was 
assessed by determining the colony-forming units (CFUs) of 
MRSA for each of the sampling points (described below).

Main study. Based on results from the pilot study, modifica-
tions were made to the main study that consisted of an increase 
in the number of decontamination procedures, more lysostaphin 
treatments, and the inclusion of systemic antibiotic treatment, 
with clindamycin given to both the control and lysostaphin 
treatment animals. All 4 animals received a 10-d course of sys-
temic clindamycin (10 mg/kg, twice per day, intramuscularly) 
treatment (Day -2 to Day 7) (Alvogen Pine Brook, NJ) to decrease 
the possibility of systemic and fecal shedding of the bacteria, as 
well as potentially aid in the decrease of colonization at sites 
where lysostaphin would not make contact. As is the standard 
of care for any NHP receiving systemic antibiotics, all 4 animals 
received probiotics (PrimiOtic, BioServ, Flemington, NJ) 7 d be-
fore, during, and 14 d after systemic antibiotic administration to 
protect the animals from dysbiosis and diarrhea caused by the 
systemic antibiotic.26 In addition, all animals received bismuth 
subsalicylate 40 mg/kg (Pepto-Bismol, Procter and Gamble, 
Cincinnati, OH) once a day to treat clinical signs of mild diar-
rhea observed during the administration of the clindamycin. All 
animals (both control and treatment animals) received this same 
regime (that is, clindamycin, probiotics, bismuth subsalicylate) 
with the expectation that any observed differences in MRSA 
colonization between the control and treatment animals would 
be associated with the lysostaphin treatment.

All 4 animals underwent a 5-d (Day -2 to Day 2) decontami-
nation protocol using the same methodology as described for 
the pilot study (Figures 1 and 3). During animal treatment, the 
caging, equipment, and homerooms also underwent a similar 
decontamination procedure as the pilot study, but this time it 
was repeated once daily for 5 consecutive d. On Day -2, 0, and 

2 (biweekly thereafter) the animals were also placed in new de-
contaminated cages after bathing. Control and treatment ani-
mals were maintained in separate rooms, and the treatment 
animals, which were single-housed and always kept separated 
to avoid physical contact between them. In addition, we also 
increased the number of areas on the animals that were sampled 
and treated (that is, nostrils and peri-rectal area in addition to 
the cranial regions). A total of 5 lysostaphin treatments were ad-
ministered every other day starting on Day 0 (last treatment on 
Day 8; Figure 3). For the treatment animals, 3 mL of lysostaphin 
solution (5 mg/mL) was applied on the cranial implant margin 
using a 16G x 21/2’’ catheter tip. For the control animals, DPBS 
without lysostaphin was applied to the cranial implant margin. 
Approximately 1 mL per site of lysostaphin-A ointment (5mg/
mL) or sterile DPBS-A ointment was applied to both nostrils and 
the perirectal area using sterile tip cotton applicators.

Bacterial sampling, isolation and enumeration of MRSA. For 
initial confirmation of MRSA infection or colonization, culture 
samples from cranial implant margins, nostrils (main study), 
and perirectal areas (main study) from all study animals were 
obtained before the decontamination and treatment procedures. 
All samples were taken using Culturette Specimen Transport 
Amies swabs (PulmoLab) and were immediately transported to 
the laboratory for processing. Each swab was used to inoculate 
6 mL of tryptic soy broth (Difco, BBL, Becton Dickinson), by 
vortexing for 10 s with the swab in the culture tube, followed 
by incubation of the tube at 37 °C with continuous shaking 
overnight. The next day 800 µL of the culture was mixed with 
equal parts 60% glycerol and stored at -80 °C for storage. Isola-
tion of S. aureus was accomplished by streaking the overnight 
cultures to mannitol salt agar plates (Remel, Thermo Fisher 
Scientific, Lenexa, KS) using an inoculation loop, which were 
then incubated at 37 °C for 48 h. This was followed by coag-
ulase agglutination testing of the mannitol salt agar positive 
colonies (Staphaurex, Thermo Fisher Scientific, Lenexa, KS) to 
confirm S. aureus.32 Further detection of MRSA isolates was ac-
complished by inoculating both the tryptic soy broth (Franklin 
Lakes, NJ) culture and mannitol salt agar positive colonies to 
Remel Mannitol Salt Agar with oxacillin (4μg/mL) and Remel 
Spectra MRSA culture plates (Thermo Scientific). Following the 
manufactures instructions, all plates were incubated for 48 h at 
37 °C and then were assessed for colony morphology, changes 
in media color, and changes in colony color to indicate the pres-
ence of MRSA.

For the pilot study, MRSA colonization/infection was deter-
mined by obtaining culture swabs from each quadrant of the 
cranial implant margins and for the main study MRSA coloni-
zation/infection was determined by obtaining culture swabs 
from the cranial implant margin quadrants, the nostrils, and 

Figure 2. Sampling and treatment timeline with the sequence of procedures for the pilot study to test the effectiveness of lysostaphin alone 
against topical MRSA infection in NHPs.
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peri-rectal area. Samples were obtained immediately before 
and after each decontamination and treatment timepoint, and 
subsequently days after the treatment regime ended (Figures 2 
and 3). To enumerate the MRSA CFU of each sample, the tips 
of the culture swabs were cut into a 1.5 mL microfuge tube 
filled with 1 mL of sterile DPBS and vortexed for 30 seconds. 
Each sample was serially diluted 10-fold (100 - 10−5) in a 96-well 
plate. An aliquot of each dilution (10 µL) was inoculated onto 
the Remel Spectra MRSA culture plates (Thermo Scientific) 
and incubated at 37 °C for 48h. Colonies for each sample and 
dilution were counted 48 h post incubation to determine the 
number of CFUs.

Statistical analysis. Statistical analyses used Microsoft Excel 
and GraphPad Prism software packages (La Jolla, CA). Cal-
culations included F-test 2-sample for variances to determine 
equal or unequal variances and t-Test for differences in 2 sam-
ple populations. Differences were considered significant when 
the P value was less than 0.05. Results are shown as mean ± 
SD.

Results
Isolation and confirmation of S. aureus and MRSA. For the 

pilot study, samples obtained from the cranial implant margins 
of both animals after the 3-d decontamination period, before 
lysostaphin treatment, showed the presence of MRSA coloniza-
tion. The selected treatment and control animals had an aver-
age MRSA count (avg. of 4 cranial quadrants/NHP) of 9.53 × 
104 CFUs/mL and 3.14 × 103 CFUs/mL, respectively. For the 
main study, culture swabs from 3 areas (cranial implant mar-
gin, nares, and peri-rectal area) were collected from the study 
cohort (n = 4) at Day -2 (before decontamination and treatment) 

confirmed that all 4 animals were positive for MRSA in all tested 
locations, despite prior standard decontamination protocols and 
antibiotic treatments (Table 1).33

Turbidity reduction assay. To confirm that our liquid lyso-
staphin formulation had lytic activity against MRSA isolates 
derived from the NHPs, the activity of lysostaphin was first 
tested at multiple concentrations against one isolate from the 
pilot study animal (Macaque no.1 MRSA, cranial margin). Start-
ing at an OD600 around 0.8, all samples showed a reduction in 
their optical density over time (60 min) using lysostaphin con-
centrations between 3 and 83 µg/mL (Figure 4), with maximum 
activity seen at concentrations above 28 µg/mL.

We then repeated these experiments against 7 more MRSA 
isolates identified via Spectra MRSA plates from the cranial 
margins of the 4 different experimental animals (1 from pilot 
study and 3 from main study), and additional isolates represent-
ing the 4 different MRSA clones (MA-II, MA-III, MA-IV, and 
MA-V) recovered from the NHPs and their environment in the 
prior year.33 All samples were sensitive to lysostaphin at 10 µg/
mL and showed a similar reduction in their optical density over 
time (60 min) (data not shown).

In addition, for the main study, a similar turbidity reduction 
assay was conducted on 12 MRSA isolates obtained pre- and 
post-lysostaphin treatment, from the same animals, to deter-
mine MRSA susceptibility to lysostaphin and to assess the po-
tential development of resistance (Table 2). Overall, the results 
showed that the MRSA isolates from the treatment and control 
animals were similar in sensitivity, both to each other and to the 
reference strains (MSSA-8325 and MRSA-MW2) at a lysostaphin 
concentration of 10 µg/mL; a 500× lower concentration than 
used for the in vivo treatment (5 mg/mL). Pretreatment groups 

Figure 3. Sampling and treatment timeline with the sequence of procedures for the main study, to test the effectiveness of lysostaphin coupled 
with systemic antibiotics against topical MRSA infection in NHPs.
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had mean TOD50 ratios of sample to reference MSSA 8325 and 
MRSA MW2 of 1.33 to 1.40 ± 0.09 and 1.06 to 1.12 ± 0.07, re-
spectively. Isolates obtained 2 wk after the treatment regime 
also showed susceptibility to lysostaphin, with no significant 
difference in the mean TOD50 ratio of sample to reference. 
Both lysostaphin and buffer control treated isolates had the 
same TOD50 ratios; 1.63 ± 0.03 and 1.31 ± 0.03 for MSSA 8325 
and MRSA MW2 respectively (Table 2), suggesting that the 
isolates did not acquire, nor were selected for, resistance by 
the lysostaphin treatments (P = 0.12).25 The MLST results for 
these 12 MRSA isolates showed they all belonged to the same 
sequence type ST3862 and spa type t4167, thus were similar 
to the MRSA strains (MA-II or MA-III) identified in the NHP 
colony previously.33

In vitro testing of lysostaphin-A ointment. Topical treatment 
for the nostrils and perirectal area required the formulation of 
the lysostaphin in an ointment (Aquaphor) to retain the enzyme 
on the treated area for longer periods. The lytic activity of lyso-
staphin-A was qualitatively tested by applying the preparation 
on S. aureus bacteria suspended in an agar matrix, similar to 
previously described work (data not shown).35 Lysostaphin was 
released from the Aquaphor and penetrated the agar, lysing S. 
aureus cell walls to create an area of clearance. Aquaphor alone 
did not show lytic activity.

Lysostaphin treatment of animals. For the pilot study we 
wanted to assess the direct effect of lytic enzyme treatment on 
MRSA colonized animals. Besides animal and environmental 
cleaning and decontamination, respectively, no other treatments 

Table 1. Number of initial MRSA CFU/mL counts by sampling location on rhesus macaques (Macaca mulatta) in the main study before experi-
ment. 1.0 × 102 was the minimum detectable CFU count.

Macaque no. Avg. Cranial implant margina Nasal Perirectal

1 (Treatment) 2.17 × 106 1.0 × 102 1.0 × 102

2 (Treatment) 5.98 × 105 2.0 × 105 1.0 × 102

3 (Control) 2.10 × 106 2.0 × 102 4.0 × 102

4 (Control) 8.74 X106 9.5 × 103 1.0 × 102

aCranial implant margin CFU count shown is the average of 4 margin quadrants sampled separately.

Figure 4. Turbidity reduction assay of lysostaphin against a NHP MRSA isolate. Log-phase cultures were exposed to various concentrations of 
lysostaphin (0 – 83 µg/mL) for 60 min in phosphate buffer and the reduction in OD600nm measured over time.
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(that is, antibiotics) were implemented. One experimental ani-
mal received 2 consecutive daily doses of lysostaphin (3 mL of 5 
mg/mL) but only to the cranial implant margin, while the other 
control animal received sterile buffer instead. Before treatment 
(Day 0), the control animal had one-log lower CFU of MRSA 
than the experimental treatment animal (Figure 5). Twenty-four 
hours after the first lysostaphin treatment, MRSA CFUs were 
reduced more than 2-logs, compared with the previous day and 
the control at the same time point. While MRSA increased in 
the control animal samples over time, the treated experimen-
tal animal’s CFUs continued to decrease after the second treat-
ment and remained low for at least 48 h after the last treatment. 
Thus, lysostaphin treatment produced a 3-log reduction in the 
CFU counts compared with control during our initial treatment 
study. In addition, no gross adverse effects were observed at the 
treatment margins or in the over-all health of the animals. The 
daily sampling of the margins was halted after day 3 to prevent 
possible cross-contamination. Unfortunately, at 7 d after the ini-
tial treatment, the CFU count of the treatment animal returned 
to levels comparable to the nontreated control.

Considering the results of the pilot study, for the main study 
we strengthened the treatment protocol to hopefully produce a 
greater reduction in MRSA for an extended time period. Thus, 
the decontamination period was extended to 5 d, and the period 
of lysostaphin administration was lengthened to 5 every-other-
day treatments and combined with a 10-d course of systemic 
clindamycin. The MRSA isolates we used had previously been 
documented as sensitive to clindamycin in antibiograms (data 
not shown).33 Also, 2 additional sites on the NHPs (nostrils and 
peri-rectal areas), known to previously harbor MRSA that could 
possibly cross-contaminate the cranial implant margins, were 
also sampled and treated with lysostaphin in Aquaphor (lyso-
staphin-A) on treatment days. At the start of the main study, 

the nostrils and peri-rectal area initially had low average CFU 
counts of 3.6 × 103 ± 2.3 × 104 CFU/mL and 119 ± 68 CFU/mL, 
respectively, but ranged from a high of 2.0 × 105 CFU/mL to the 
lowest detectable CFU count of 100 CFU/mL (data not shown). 
The lowest detectable CFU count was observed in all animals 
after initiating decontamination procedures and administration 
of systemic antibiotics (that is, Day -2 to Day 0), before lyso-
staphin-A treatment in the nostril and peri-rectal area. With a 
few exceptions, throughout the treatment with lysostaphin-A 
and clindamycin, most samples from the treatment and control 

Table 2. Lysostaphin susceptibility testing using the turbidity reduction assay of various MRSA isolates obtained from the cranial implant 
margins of 2 treatment and one control animals before and after lysostaphin (Tx) or buffer (control) treatment.

S. aureus isolate designation
TOD50 ratio of sample to reference  

(MSSA 8325)
TOD50 ratio of sample to reference  

(MRSA MW2)

Pre-Lysostaphin Treatment

Tx sample no.1 (Animal 1) 1.25 ± 0.22 1.00 ± 0.18
Tx sample no.2 (Animal 1) 1.54 ± 0.04 1.23 ± 0.03
Tx sample no.8 (Animal 2) 1.69 ± 0.09 1.36 ± 0.07
Tx sample no.9 (Animal 2) 1.13 ± 0.00 0.90 ± 0.00
Pre-Tx Mean 1.40 ± 0.09 1.12 ± 0.07

Control sample no.18 (Animal 3) 1.26 ± 0.02 1.01 ± 0.02
Control sample no.19 (Animal 3) 1.39 ± 0.02 1.11 ± 0.02
Pre-Control Mean 1.3 ± 0.02 1.06 ± 0.02

Post-Lysostaphin Treatment

Tx sample no.6 (Animal 1) 1.85 ± 0.06 1.48 ± 0.05
Tx sample no.7 (Animal 1) 2.19 ± 0.02 1.76 ± 0.02
Tx sample no.13 (Animal 2) 1.17 ± 0.00 0.93 ± 0.00
Tx sample no.14 (Animal 2) 1.32 ± 0.05 1.06 ± 0.04
Post-Tx Mean 1.63 ± 0.03 1.31 ± 0.03

Control sample no.23 (Animal 3) 0.76 ± 0.02 0.61 ± 0.02
Control sample no.24 (Animal 3) 2.50 ± 0.00 2.00 ± 0.00
Post-Control Mean 1.63 ± 0.01 1.31 ± 0.01

References

MSSA 8325 12 ± 3.1 min to TOD50
N/A

MRSA MW2 N/A 15 ± 2.2 min to TOD50

The concentration of lysostaphin used for this assay was 10 µg/mL. All isolates were tested 3 times and compared with the reference strains 
MSSA 8325 and MRSA MW2. N/A = not applicable.

Figure 5. Pilot study: Colony-forming units per average culture swab 
(4 quadrants/swabs per animal) during the decontamination (days -2 
– 0), treatment (days 0 and 1), and posttreatment (days 2 – 7) periods of 
lysostaphin (5 mg/mL) treatment compared with sterile buffer control 
animals. Arrows symbolize treatment time points.
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animals remained at or close to the lowest detectable CFU count 
(≤ 100 CFU/mL). Furthermore, 3 wk after the last treatment, all 
animals had no detectable MRSA CFU in either the nostrils or 
peri-rectal area (data not shown).

During the first 5 d of animal bathing and decontamination, 
no statistical reduction was found between an individual ani-
mal’s MRSA CFU before and immediately after the bathing/de-
contamination procedures on the same day (that is, comparison 
of pre- and post-bathing samples). Thus, only post-bathing CFU 
counts were used for subsequent statistical analyses to deter-
mine the contribution of antibiotic and lysostaphin treatments 
(Figure 6). Notably, during the first 3 d of the decontamination 
and antibiotic treatment period (Day -2 to Day 0), MRSA CFU 
decreased by 2 to 3 logs in all animals, from an average of 8.2 
× 105 ± 5.5 × 105 CFU/mL to 1.9 × 103 ± 8.1 × 102 CFU/mL (P 
< 0.05; Figure 6), with no statistical difference observed in the 
CFU counts between the animals previously designated as ly-
sostaphin treatment and controls before lysostaphin treatment. 
At 24 h after the first administration of lysostaphin, CFU counts 
fell an additional 1 to 2 logs in the treatment animals, compared 
with the previous day (Day 0 compared with Day 1) and the 
controls. Within 48 h after the second dose of lysostaphin, the 
treatment animals had CFU at or below the minimum detect-
able CFU count (≤ 25 CFU/mL) and CFU counts remained at 
this level throughout the 9-d experimental treatment period. 
These MRSA counts were significantly lower overall in treated 
as compared with control animals for most of the lysostaphin 
treatment period (P < 0.05; Figure 6). However, one control ani-
mals (Control NHP no.1) showed highly variable CFU counts 
throughout the study; in some cases, no CFU were detected (for 
example, Day 7, 8, and 21) and thus this animal was not sig-
nificantly different from the treatment animals. Nevertheless, 
on the day after the end of the treatment period (Day 9), the 
animals that received topical lysostaphin plus clindamycin had 
significantly lower CFU counts (below the minimum detectable 
CFU) than did control animals that received antibiotic alone (P 
< 0.05; Figure 6). At one week after the last treatment all animals 
had similar low CFU counts (25 to 125 CFU/mL). Unfortunately, 
similar to the pilot study and prior antibiotic treatments regimes 
(clindamycin plus mupirocin, data not shown), the MRSA CFU 
count on all animals increased (3.5 × 103 ± 7.5 × 103 CFU/mL) 
between 2 to 3 wk after the treatment study ended (Figure 6).33

Discussion
A rise in MRSA infections and colonization in animals in-

cluding captive NHPs has been observed across the world, 
highlighting the need for new therapeutic methods to combat 
this pathogen.17,43,48 During routine screening of NHPs in the 
vivarium of The Rockefeller University, NY, an outbreak of 
MRSA infection/colonization of experimental macaques with 
cranial implants was discovered. As we have described, pre-
vious attempts to decolonize all of the NHPs of MRSA were 
unsuccessful, despite a regimen of environmental decontami-
nation combined with cleaning of the cranial implant margins 
and bathing the animals with a solution of 2% chlorhexidine 
(First Priority, Elgin, IL) for 5 consecutive days, followed by ap-
plication of 2% topical mupirocin ointment (NYCOMED US, 
Melville, NY), applied twice daily into the nostrils and implant 
margins for 2 wk, with systemic antibiotics based on antibio-
gram sensitivity profiles.33 When these rigorous decontamina-
tion and treatments procedures failed, we sought to determine 
if topically applied lysostaphin, coupled with decontamination, 
cleaning, and bathing (pilot study) or in addition to decon-
tamination and systemic antibiotics (main study) could more 

effectively decrease or eliminate MRSA colonization/infection 
in NHPs.

We first confirmed MRSA infection or colonization in these 
animals. The degree of colonization varied per site, with the 
cranial implant margin having the highest CFU count (8.74 × 106 
– 2.10 × 106 CFU/mL), whereas lower counts were seen in the 
nasal and perirectal area (9.5 × 103 – 1.0 × 102 CFU/mL). These 
counts were determined using Spectra MRSA chromogenic se-
lective media. The use of MRSA selective media was success-
fully implemented in a previous study to establish a simple way 
to detect MRSA colonization in cynomolgus macaques (Macaca 
fascicularis), using CHROMagar MRSA plates (CHROMagar, 
Paris, France) as a rapid screening tool.21 This study found 100% 
sensitivity when comparing MRSA positive results from chro-
mogenic agar plates with the standard protocol of culture and 
antibiotic sensitivity testing, with all 3 animals that were MRSA 
positive by the standard protocol were found to be positive by 
culture on selective media.16

Next, we tested the activity of the lysostaphin against MRSA 
isolates obtained from the NHPs. Our in vitro results showed 
effective lytic activity by lysostaphin against our initial MRSA 
isolate obtained in the pilot study over a wide concentration 
range (3 to 83 µg/mL). In addition, all subsequent MRSA iso-
lates tested before and after this treatment study were highly 
susceptible to lysis by lysostaphin suspended in solution at a 
concentration of 10 µg/mL. These results coincide with previ-
ously reported work describing lysostaphin activity in other 
animal species experimentally infected with MRSA.6,8,22 None 
of the isolates initially sampled from the NHPs were found 
to be resistant to lysostaphin. Furthermore, the topical treat-
ments with lysostaphin did not select for MRSA isolates that 
were significantly more resistant to lysostaphin compared with 
the previous and untreated control samples. We were also able 
to successfully formulate an ointment containing lysostaphin 
(5 mg/mL) which used Aquaphor as the vehicle and showed 
effective in vitro lytic activity against S. aureus. This ointment 
formulation may potentially be used in the future to treat other 
mucocutaneous areas or wounds that require longer contact 
time to be effective.

In addition to previously implemented decontamination and 
bathing procedures, our preliminary in vivo pilot study used a 
liquid solution of lysostaphin for topical application, in hopes 
that the fluid would penetrate from the cranial implant mar-
gin into deeper areas of the implant-skull interface. After just 
one topical treatment with 3mL of lysostaphin solution (5 mg/
mL), the MRSA CFU count from the margin was significantly 
reduced (2-log CFU) compared with the CFU counts from con-
trol animal and the previous day’s measurements. Moreover, 
a second treatment 24 h later also further reduced MRSA colo-
nization of the margin and prevented the further expansion of 
MRSA CFU seen in the control animal. Thus, lysostaphin treat-
ment resulted in a greater than 3 log difference between the 
control and treated animal, for at least 3 d after initiation of the 
treatment period. Unfortunately, upon margin sampling at 7 d 
after the initial treatment, the CFUs of the treatment animal had 
returned to levels comparable to the nontreated control. Thus, 
MRSA colonization increased in a period between 3 to 7 d post-
treatment. We hypothesized that the increase in MRSA in the 
margin after a week may have been caused by various factors, 
such as cross-contamination from untreated areas, the inability 
of lysostaphin to reach all of the infected/colonized areas in the 
implant margin, and/or insufficient number of treatments to 
reduce the MRSA to a CFU count in which the NHPs immune 
defenses could clear the infection.
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We tried to reduce cross-contamination in our main study by: 
(1) increasing the number of animal bathing and environmental 
decontamination procedures to 5 d and overlapping these with 
the lysostaphin treatments; (2) topically treating other areas of 
potential cross-contamination (that is, nostrils and peri-rectal 
area); (3) increasing the number of lysostaphin treatments to 5 
applications every other day; and (4) including systemic antibi-
otic treatment with clindamycin to reduce MRSA in areas that 
could not directly interact with lysostaphin. Analysis of MRSA 
CFUs from the samples over the first 5 d showed that cleaning 
of the margins with saline, and bathing of the other areas of 
the NHP with chlorohexidine, did not immediately reduce the 
number of MRSA CFU in the implant margins on the same day. 
MRSA CFU increased in some samples of the margin after bath-
ing, perhaps due to the transfer of the bacteria during cleaning 
or swabbing/sampling of the margins. To reduce this form of 
cross-contamination, all bathing was stopped after the second 
day of lysostaphin treatment, and sampling was reduced af-
ter the last treatment day to just once a week. Overall, the de-
contamination/bathing procedures, combined with systemic 
antibiotic treatment alone, were effective at significantly reduc-
ing MRSA colonization in all animals in their cranial implant 
margins, nostrils, and perirectal areas, before the initiation of 
lysostaphin treatment. This was best observed in the controls, 
where the slow decline of CFU continued throughout the 10-d 
course of antibiotics. Likewise, we were not fully able to ascer-
tain whether lysostaphin provided adjunctive therapy for the 
reduction of MRSA colonization in the nostrils and peri-rectal 
area, since both the treatment and control animals showed a 
decrease to the minimal detectable CFU counts in those areas 

over the course of our treatment regime, likely due to the use 
of the systemic antibiotic. With administration of lysostaphin 
to the treatment animals, MRSA CFU counts further decreased 
significantly to a level at or below the limit of detection in 
the cranial implant margin. Unfortunately, one of the control 
animals showed highly variable CFU counts throughout the 
treatment period and in some instances, the count was similar 
to the treatment animals. Nevertheless, after the second lyso-
staphin treatment, CFU counts at the cranial implant margins 
of the experimental animals remained lower than the controls 
throughout the treatment period. Furthermore, at the end of 
the treatment period (Day 9), the animals that received lyso-
staphin had significantly lower CFU counts than did control 
animals that received antibiotic alone (≤ 25 CFU/mL compared 
with 475 CFU/mL; P < 0.05). This suggests lysostaphin may 
also provide additional adjunctive therapy to systemic antibiot-
ics alone. Upon follow-up sampling a week after all treatments 
ceased, MRSA CFUs were again present in the margins in all 
animals at similarly low CFUs. We hypothesized that this was 
most likely due to the continued effects of the systemic antibiot-
ics that all animals received. Unfortunately, once again these 
effects were not permanent, as the decrease in MRSA coloni-
zation in the treatment animals was followed by variable in-
creases in CFU counts that were observed in all animals during 
the 3 wk after the last treatment. This suggests that while the 
addition of lysostaphin appeared to provide efficacious adjunc-
tive therapy short-term, the MRSA infection came back after 
therapy stopped, with all animals culturing positive for MRSA 
and the animal with a history of purulent discharge showing 
those clinical signs again. These results were reminiscent of all 

Figure 6. Main study: colony forming units per average culture swab (4 quadrants/swabs per animal) of the cranial implant margin during the 
decontamination period (days 1–5), treatment (Tx NHP no. 1 and no. 2 (black arrows), and posttreatment (days 12–31) periods using lysostaphin 
(5 mg/mL) treatment) and control animals (sterile PBS; Control NHP no. 1 and no. 2).
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the previously unsuccessful treatments schedules (chlorohexi-
dine baths, systemic clindamycin, mupirocin topical treatment, 
etc.) we had attempted on the NHPs before this trial33 and of 
accounts by others who attempted to use antibiotics to achieve 
long-term MRSA decolonization in NHPs with MRSA at other 
body sites.17,45,46

Although various factors (for example, cross-contamination 
from the environment or other untreated areas on the NHPs) 
could explain the unsuccessful long-term eradication of the 
MRSA in the cranial margins of the NHPs in the main experi-
ment, we do not believe that the bacteria we selected were 
lysostaphin resistant. As discussed above, we tested the pos-
sibility of MRSA acquiring lysostaphin resistance by turbid-
ity reduction and found no decrease in lytic activity on isolates 
obtained after treatment, indicating no apparent resistance had 
developed.25 We speculate that the regrowth of MRSA was most 
likely caused by the inability of lysostaphin to reach all of the 
colonized/infected tissues surrounding or deeper inside the 
cranial implant, and/or an insufficient period of treatment to 
allow the drugs and the innate immune defenses of the NHP to 
clear the infection around the margin. This speculation is further 
supported by the molecular typing of the 4 pre- and 4 post- ly-
sostaphin treatment MRSA isolates from the treated NHPs. All 8  
of the MRSA isolates had the same MLST and spa type, (ST3862 /  
t1467), suggesting they might be clones of the same MRSA 
strain and most likely, the original MRSA colonization was not 
completely cleared. It is important to note that similar isolates 
with the same clonal ST3862/ t1467 pattern (MA-II and MA-III) 
were also identified and characterized in this NHP colony a year 
before our study.33 Even though we did not presently sample 
the environment for MRSA colonization, this previous study 
found these MRSA isolates on cage surfaces, work chairs, and 
transport carts. Thus, the possibility of the animals being recolo-
nized by MRSA from environmental contamination cannot be 
completely ruled out. These MRSA ST3862/ t1467 clones have 
not been described in humans, but are associated with primates 
in different locations, raising the possibility that these animals 
were already colonized with MRSA when they arrived in the 
facility.33 Overall, we suggest the most problematic factor for 
successful decolonization or wound resolution in our situation 
may be the cranial implant itself, which like most implanted de-
vices, provides an ideal environment for bacteria such as MRSA 
to thrive.17 As such, in the past, some NHPs in our facility that 
did not have a cranial implant or in which the decontamination 
procedures were able to penetrate all implant surfaces colonized 
by MRSA have been successfully cleared of MRSA with the nor-
mal decontamination, bathing, and/or clindamycin treatment.33 
Furthermore, we found that MRSA or other infections were 
more easily treated in some of these historical cases in which 
the implant was removed.

A unique aspect of this study was that the experimental NHPs 
were spontaneously exposed to MRSA; the margin wounds 
were colonized, and infections developed in a natural way, rem-
iniscent of case studies in humans or other animal infections. 
This may be perceived as a weakness of this study in compari-
son to controlled experimental infections in laboratory animals. 
Instead of a uniformly infected population, with roughly the 
same size of lesion and bacterial counts, the NHPs in our study 
probably differed in the degree and duration of the infection, 
the degree of immune response and wound healing, and/or 
possible touching and cross-contaminating their wounds. Fur-
thermore, because we were dealing with a naturally occurring 
infection in a subset of animals, we had a limited sample size 
and therefore could not perform some of the controls that would 

have been informative (for example, the lysostaphin treatment 
with and without antibiotic treatments) in statistically large 
enough numbers to accurately represent the general trend of 
a larger population. Thus, additional studies are needed that 
address these variables and to better determine if different ly-
sostaphin treatment regimens (or other lytic enzymes) can pro-
vide effective longer lasting effects for the treatment of topical 
MRSA (or other target bacteria) colonization in instrumented 
NHPs.

In conclusion, the results of these studies show that lyso-
staphin, either alone or coupled with other adjunct treatments, 
did not eradicate topical MRSA from cranial implant margins 
in NHPs and thus was not effective long-term (at 7 d or longer 
after last treatment). However, during treatment, lysostaphin 
alone significantly reduced MRSA colonization, compared with 
pretreatment levels, and when coupled with systemic antibiot-
ics, further reduced MRSA CFU counts below detectable limits 
during treatment. Thus, the potential of the lytic enzyme ly-
sostaphin to completely eradicate MRSA in complex implant 
wound infections is still incompletely tested. Although not ex-
plored in this study, we speculate that the main reason for treat-
ment failure in the cranial implant margin in these NHPs was 
the inability of the lysostaphin treatment to access every pos-
sible space colonized by MRSA in the skull-implant interface. 
Lysostaphin has been proven to effectively kill MRSA both in 
vitro and in vivo, but to exert its therapeutic function it needs 
physical contact with all target bacteria. Previous work has 
demonstrated topical lysostaphin effectiveness in superficial 
open areas such as the nasal mucosal surface.24 Thus, the clinical 
applicability of topical lysostaphin (and probably lytic enzymes 
in general) may be limited to superficial, unobstructed areas and 
simple wounds such as lacerations, cuts, and scrapes, where 
the lytic enzyme can have full access and interaction with the 
affected tissue.
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