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Fiber Crimp Confers Matrix
Mechanical Nonlinearity,
Regulates Endothelial Cell
Mechanosensing, and
Promotes Microvascular
Network Formation
Mechanical interactions between cells and their surrounding extracellular matrix (ECM)
guide many fundamental cell behaviors. Native connective tissue consists of highly
organized, 3D networks of ECM fibers with complex, nonlinear mechanical properties.
The most abundant stromal matrix component is fibrillar type I collagen, which often pos-
sesses a wavy, crimped morphology that confers strain- and load-dependent nonlinear
mechanical behavior. Here, we established a new and simple method for engineering
electrospun fibrous matrices composed of dextran vinyl sulfone (DexVS) with controllable
crimped structure. A hydrophilic peptide was functionalized to DexVS matrices to trigger
swelling of individual hydrogel fibers, resulting in crimped microstructure due to the
fixed anchorage of fibers. Mechanical characterization of these matrices under tension
confirmed orthogonal control over nonlinear stress–strain responses and matrix stiffness.
We next examined ECM mechanosensing of individual endothelial cells (ECs) and found
that fiber crimp promoted physical matrix remodeling alongside decreases in cell spread-
ing, focal adhesion area, and nuclear localization of Yes-associated protein (YAP). These
changes corresponded to an increase in migration speed, along with evidence for long-
range interactions between neighboring cells in crimped matrices. Interestingly, when
ECs were seeded at high density in crimped matrices, capillary-like networks rapidly
assembled and contained tube-like cellular structures wrapped around bundles of syn-
thetic matrix fibers due to increased physical reorganization of matrix fibers. Our work
provides an additional level of mechanical and architectural tunability to synthetic
fibrous matrices and implicates a critical role for mechanical nonlinearity in EC mecha-
nosensing and network formation. [DOI: 10.1115/1.4048191]

Introduction

Native biological tissues are known to exhibit complex, nonlin-
ear mechanical properties [1,2]. Specifically, connective tissue
consists of highly organized, 3D networks of fibrillar extracellular
matrix (ECM) proteins that contribute to this mechanical nonli-
nearity. For example, type I collagen is the most abundant stromal
matrix component and exists as fibers or bundles of fibers that
often possess a wavy, crimped morphology in a variety of soft tis-
sues including tendons, ligaments, blood vessels, and the intestine
[3]. External forces experienced with normal tissue function cause
crimped fibers to straighten and gradually bear tensile loads.
Thus, crimped fiber microstructure confers strain- and load-
dependent nonlinear mechanical behaviors and contributes signifi-
cantly to the overall compliance, strength, and durability of soft
tissues [4,5]. Recapitulating this complex mechanical behavior is

critical to engineering biomaterials for tissue engineering applica-
tions as well as better understanding cell-ECM interactions during
normal and abnormal tissue function.

Electrospinning is a technique that has been extensively used to
fabricate fibrous scaffolds that mimic the structure and mechanics
of native tissue ECMs given its ability to generate polymeric
fibers of similar length-scale as native collagen fibrils [6–8]. Addi-
tional benefits to electrospinning include its low cost, high scal-
ability and speed of scaffold fabrication, as well as versatility in
processing a wide variety of synthetic and natural polymers into
fibers. By modulating attributes of the polymer solution and
electrospinning process parameters, fibrous scaffolds can be fabri-
cated with varied features that reflect the diverse landscapes of
native cellular microenvironments. However, most electrospin-
ning processes yield scaffolds containing straight fibers lacking
the crimped microstructure of native collagen fibers in soft tissues.
To address this limitation and generate electrospun scaffolds com-
posed of tortuous fibers, several methods have recently been
developed including electrospinning bicomponent polymeric
fibers [9], air-driven electrospinning [10], magnetic-field-assisted
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electrospinning [11], plasticizer treatment [12,13], or controlled
heating above the polymer’s glass transition temperature [13–18].
While these methods have successfully generated crimped fibers,
resultant scaffolds lack fine control over other physical properties
such as the degree of mechanical nonlinearity, matrix stiffness,
and fiber density.

Additionally, the cell response to matrices composed of
crimped fibers is currently not well understood. As these scaffolds
have largely been developed for tendon and ligament tissue engi-
neering applications, the cell response to external loads as a func-
tion of fiber crimp has exclusively been explored. Interestingly,
these studies have shown that ligament fibroblasts and mesenchy-
mal stem cells cultured in crimped scaffolds exhibit changes in
gene expression [13,16] and cell morphology [18] under static and
dynamic loading, suggesting altered mechanosensing as a function
of fiber tortuosity. Recent work by our group and others support a
key role for cell traction force-induced physical matrix remodel-
ing during mechanosensing of fibrous microenvironments.
Physical remodeling through fiber recruitment influences the dis-
tribution of adhesive ligand and matrix-borne forces during funda-
mental cell processes including cell spreading [19,20], migration
[21,22], and assembly of multicellular structures [23]. However,
due to the use of stiff synthetic polymeric materials
(E¼ 0.35–600 MPa), previous fabrication methods produce matri-
ces of crimped fibers impervious to dynamic remodeling by cell-
generated forces [9–18]. We propose that nonlinear mechanics
and the enhanced potential for cell force-mediated remodeling at
low force regimes can regulate single cell behavior and ensuing
multicellular assembly processes.

Previously, our lab has developed synthetic matrices of electro-
spun dextran hydrogel fibers with highly tunable architectural,
mechanical, and biochemical attributes [19,24]. In separate work,
we have also demonstrated control over the swelling behavior of
dextran-based bulk hydrogels by modulating polymer backbone
hydrophobicity via functionalization with hydrophobic methacry-
lates [25]. Here, we employed a similar strategy to increase hydro-
philicity within the neutral polymer network of a polymer fiber in

order to confer swelling behavior and crimped microstructure
should the fiber be anchored at both ends. The objective of this
study was to utilize this approach to examine the role of matrix
fiber crimp and mechanical nonlinearity on endothelial cell (EC)
behavior.

Materials and Methods

Reagents. All reagents were purchased from Sigma Aldrich
and used as received, unless otherwise stated.

Cell Culture. Human umbilical vein ECs were cultured in
endothelial growth medium (EGM-2; Lonza, Basel, Switzerland)
supplemented with 1% penicillin-streptomycin-fungizone (Gibco,
Waltham, MA). Cells were cultured at 37 �C and 5% CO2. ECs
were used from passages four to eight in all experiments.

Dextran Vinyl Sulfone Synthesis. Dextran was reacted with
divinyl sulfone following a previously described procedure [26].
Briefly, dextran (5 g) was dissolved in 250 mL of sodium hydrox-
ide (100 mM) solution on a stir plate at 300 rpm before the addi-
tion of divinyl sulfone (12.5 mL). The reaction proceeded for
3.5 min before termination by addition of 2.5 mL hydrochloric
acid (12 M). The product was dialyzed against milli-Q water for
3 days and then lyophilized. dextran vinyl sulfone (DexVS) was
characterized by 1H NMR and a vinyl sulfone/dextran repeat unit
ratio of 0.70 was determined.

Fibrous Matrix Fabrication. DexVS was dissolved at 0.7 g
mL�1 in a 1:1 mixture of milli-Q water and dimethylformamide
with 1.2% (w/v) lithium phenyl-2,4,6-trimethylbenzoylphosphinate
(LAP; Colorado Photopolymer Solutions, Boulder, CO)
photoinitiator, 2.5% (v/v) methacrylated rhodamine (25 mM; Poly-
sciences, Inc., Warrington, PA), and 5.0% (v/v) glycidyl methacry-
late. Electrospinning of DexVS solution was performed at a flow
rate of 0.2 mL h�1, voltage of 7.0 kV, and gap distance of 7 cm.

Fig. 1 Functionalization of hydrogel fibers with HSP induces crimp in DexVS matrices. (a) Schematic representation of
DexVS fibers with controlled adhesive ligand and crimping via functionalization with the cell adhesive peptide cRGD and
hydrophilic swelling peptide (HSP, peptide sequence: CGRDGS), respectively. (b) Matrix thickness quantified over time imme-
diately after adding 2.0 mM HSP (n 5 6 matrices). (c) Confocal fluorescent images and orthogonal maximum intensity projec-
tions of DexVS matrices functionalized with variable HSP concentrations with representative fiber outlines. Scale bar: 50 lm.
Quantification of (d) fiber tortuosity (n 5 30 fibers), (e) matrix thickness (n 5 14 matrices), and (f) fiber diameter (n 5 100 fibers)
as a function of HSP concentration. All data presented as mean6standard deviation; *p < 0.05.
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After electrospinning, fibers were stabilized by primary crosslinking
under UV light (100 mW cm�2) for 120 s, hydrated in LAP solution
(0.01 mg mL�1), and then exposed again to UV light (100 mW
cm�2) for 20 s. Fibers were collected on poly(dimethylsiloxane)
(PDMS; Dow Silicones Corporation, Midland, MI) arrays of circu-
lar wells produced by soft lithography as previously described [19].
Briefly, silicon wafer masters possessing SU-8 photoresist (Micro-
chem, Westborough, MA) were produced by standard photolithog-
raphy and used to generate PDMS stamps. Following silanization
with trichloro(1H,1H,2H,2H-perfluorooctyl)silane, stamps were
used to emboss uncured PDMS onto oxygen plasma-treated cover-
slips. Well arrays were methacrylated with vapor-phase silanization
of 3-(trimethoxysilyl)propyl methacrylate in a vacuum oven at
60 �C for at least 6 h to promote fiber adhesion to PDMS.

Peptide Functionalization and Seeding of Dextran Vinyl
Sulfone Fibers. DexVS fibers were first functionalized with the
cell-adhesive peptide cyclo[RGDfK(C)] (cRGD; Peptides Interna-
tional, Louisville, KY; 100 lM) to facilitate cell attachment fol-
lowed by simultaneous functionalization with the hydrophilic
swelling peptide (HSP) CGRDGS (Genscript, Piscataway, NJ)
and L-cysteine to induce fiber crimping. Various concentrations
of HSP were coupled to control the degree of crimping, and L-
cysteine was added to keep the total final peptide concentration
consistent at 2 mM for all conditions. All peptides were coupled
via Michael-type addition to available vinyl sulfone groups. Pep-
tides were dissolved in milli-Q water containing HEPES (50 mM),
phenol red (10 lg mL�1), and 1 M NaOH to adjust the pH to 8.0.
A 350 lL volume of solution was added to each substrate. cRGD
and HSP/L-cysteine solutions were incubated for 30 and 45 min,
respectively, at room temperature with 3� PBS rinses in between.
Following peptide functionalization, substrates were rinsed 3�
with PBS before cell seeding. ECs were trypsinized, centrifuged,
and resuspended in 1.5% (w/v) methylcellulose supplemented
EGM-2 to increase media viscosity for seeding onto suspended
fibrous matrices.

Mechanical Characterization. To determine the tensile
mechanical properties of suspended DexVS fibrous matrices,
microindentation testing with a rigid cylinder was performed on a
commercial CellScale Microsquisher (CellScale, Waterloo, ON,
Canada). Cylinders (1 mm diameter, 0.5 mm tall) of SU8 photore-
sist were microfabricated and affixed to pure tungsten filaments
(0.156 mm diameter, 58 mm length). Samples were indented to a
depth of 350 lm at an indentation speed of 4 lm s�1. Indenter dis-
placement and force were converted to strain and stress, respec-
tively. Young’s modulus was calculated in both low (0.0–5.5%)
and high (5.5–11.0%) strain regimes by linear fits to the
stress–strain plot. Transition strain was calculated with a custom
MATLAB script by finding the transition point between the toe- and
linear-regions of the stress–strain data [27].

Fluorescent Staining and Microscopy. ECs on DexVS fibers
were first fixed in 4% paraformaldehyde for 10 min at room
temperature. Alternatively, to extract cytoplasmic vinculin, sam-
ples were simultaneously fixed and permeabilized in 2% parafor-
maldehyde in a buffer containing 1,4-piperazinediethanesulfonic
acid (0.1 M), ethylene glycol-bis(2-aminoethylether)-N,N,N0,N0-
tetraacetic acid (1 mM), magnesium sulfate (1 mM), poly(ethylene
glycol) (4% w/v), and triton X-100 (1%) for 10 min at room tem-
perature. To stabilize the fibers for sample processing and long-
term storage, paraformaldehyde-fixed samples were crosslinked in
2 mL LAP solution (1.0% w/v) and exposed to UV light (100 mW
cm�2) for 30 s. To stain the actin cytoskeleton and nuclei, cells
were permeabilized in PBS solution containing Triton X-100
(0.5% v/v), sucrose (10% w/v), and magnesium chloride (0.6% w/v),
and simultaneously blocked in 1% (w/v) bovine serum albumin
and stained with phalloidin and DAPI. For immunostaining,
samples were permeabilized, blocked for 1 h in 1% (w/v) bovine

serum albumin, and incubated with mouse monoclonal anti-
vinculin antibody (1:1000, Sigma #V9264), mouse monoclonal
anti-Yes-associated protein (YAP) antibody (1:1000, Santa Cruz
#101199), or mouse monoclonal anti-VE-cadherin F-8 (1:1000,
Santa Cruz #9989) followed by secondary antibody (1:1000, Life
Technologies #A21236) for 1 h each at room temperature with 3�
PBS washes in between. Fixed samples were imaged on a Zeiss
LSM800 laser scanning confocal microscope (Zeiss, Oberkochen,
Germany). Unless otherwise specified, images are presented as
maximum intensity projections. Fluorescent images were

Fig. 2 Mechanical characterization of crimped DexVS matri-
ces. Average stress–strain curves with quantification of
Young’s modulus at low (0–0.055) and high (0.055–0.11) strain
and transition strain for DexVS matrices with (a) variable HSP
concentrations and no additional crosslinking, (b) variable
crosslinking at 0.0 mM HSP, (c) variable crosslinking at 1.0 mM
HSP, and (d) variable crosslinking at 2.0 mM HSP (n 5 5–6 matri-
ces per group). All data presented as mean 6 standard devia-
tion; *p < 0.05. # indicates statistical significance (p < 0.05)
between low and high strain.
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processed and quantified via custom MATLAB scripts. Fiber recruit-
ment was quantified by dividing the average fiber signal intensity
beneath the cell body by the average fiber signal intensity outside
the cell body.

Time-Lapse Microscopy and Migration Analysis. Time-
lapse microscopy was performed on a Zeiss LSM800 laser scan-
ning confocal microscope. Migration experiments were imaged
immediately after seeding at 15 min frame intervals over 16 h. To
image ECs, lentiviral transduction of lifeAct-GFP was utilized as
in our previous work [28]. Immediately prior to imaging, cell
nuclei were labeled with Hoechst 33342 (3 lg mL�1) for 10 min.
Following raw image export, average cell spread area was calcu-
lated for each timepoint. Additionally, cell nuclei were tracked
with a custom MATLAB script predicated on the IDL particle track-
ing code [29]. Migration speed was calculated as total tracked dis-
tance over total tracked duration. For migration speed analysis,
nuclei were only tracked between 4 and 16 h after ECs had spread.

Statistics. Statistical significance was determined by one-way
analysis of variance with posthoc analysis (Tukey test) or Stu-
dent’s t-test where appropriate, with significance indicated by
p< 0.05. Sample size is indicated within corresponding figure
legends and all data are presented as mean 6 standard deviation.

Results

Development and Mechanical Characterization of Crimped
Dextran Vinyl Sulfone Fibrous Matrices. To develop a syn-
thetic electrospun matrix with controllable crimped

microstructure, DexVS was chosen as a base polymeric material
due to its amenability to electrospinning with control over matrix
architecture and mechanics [24]. Matrices were fabricated by
electrospinning DexVS fibers onto collection substrates such that
material was suspended over an array of microfabricated PDMS
wells. DexVS fibers were first functionalized with the cell-
adhesive peptide cRGD via Michael-type addition to free vinyl
sulfones to facilitate cell attachment, ensuring consistent cRGD
concentration across all matrix conditions (Fig. 1(a)). We next
coupled CGRDGS, a peptide containing hydrophilic arginine and
glycine residues lacking cell-adhesive domains (Fig. 1(a)). Time-
lapse confocal imaging of matrices during functionalization with
this hydrophilic swelling peptide (HSP) revealed a rapid increase
in fiber tortuosity as well as overall matrix thickness, presumably
due to the increase in length of swelled fibers firmly anchored at
well edges (Fig. 1(b), see Movie S1 available in the Supplemental
Materials on the ASME Digital Collection.). We noted that matri-
ces achieved a steady-state morphology 45 min after the addition
of HSP, and so this duration of functionalization was utilized for
all subsequent studies.

We additionally demonstrated facile control over the degree of
crimping by varying the concentration of HSP coupled to DexVS
matrices (Fig. 1(c)). Control matrices (0.0 mM HSP) possessed
straight, taut fibers while increasing HSP concentration led to a
stepwise increases in individual fiber tortuosity as well as overall
matrix thickness (Figs. 1(d) and 1(e)). This increase in overall
matrix thickness also corresponded to enhanced fiber dispersion in
the z-direction (see Movie S2 available in the Supplemental
Materials on the ASME Digital Collection.). As expected, a mod-
est increase in fiber diameter as a function of HSP-mediated swel-
ling was noted (control, unmodified fibers: 0.96 6 0.10 lm versus

Fig. 3 Crimped DexVS fibrous matrices regulate EC morphology and physical matrix remodeling. (a) Cell outlines of nine rep-
resentative cells as a function of HSP concentration. (b) Confocal fluorescent images and orthogonal maximum intensity pro-
jections of ECs in DexVS matrices functionalized with varying HSP concentration. F-actin (cyan), DexVS fibers (magenta),
nuclei (yellow). Quantification of (c) cell spread area (n�74 cells), (d) cell thickness (n 5 24 cells), (e) cell volume (n 5 18 fields
of view), (f) nuclear area (n�72 nuclei), (g) nuclear thickness (n 5 50 nuclei), (h) nuclear volume (n 5 18 fields of view), (i) aver-
age DAPI intensity (n 5 24 nuclei) (j) fiber recruitment (n 5 24 fields of view), and (k) final matrix thickness (n 5 24 fields of
view). Scale bars: 50 lm. All data presented as mean6standard deviation; *p < 0.05.
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2.0 mM HSP-functionalized fibers: 1.02 6 0.13 lm). Although
this diameter increase could impact total matrix surface area and
the distribution of cell-adhesive cRGD, we anticipate these influ-
ences are negligible compared to the influence of matrix structure
and mechanical behavior (Fig. 1(f)).

To characterize the influence of fiber crimping on matrix
mechanics, the centers of suspended fibrous matrices were
indented to capture stress–strain responses under tension. Similar
to observations in native collagenous tissues that possess crimped
architecture [3], engineered crimping of DexVS matrices led to
pronounced changes in nonlinearity and a prominent toe region at
low levels of strain (Fig. 2(a)). Noncrimped control matrices
(0.0 mM HSP) possessed only a slightly nonlinear response, as
seen by a modest increase in stiffness from low (E¼ 812
6 135 Pa) to high strain (E¼ 1178 6 131 Pa) regimes, potentially
due to strain-dependent fiber reorientation [27,30,31]. With inter-
mediate levels of crimping (1.0 mM HSP), we observed an
increase in nonlinearity with a significant decrease in stiffness at
low strain (250 6 88 Pa) compared to control matrices. As
crimped fibers would require strain-induced straightening before
bearing tensile load, lower stiffness at low strain implies a
diminished population of taught, load-bearing fibers. Indeed,
higher strains where crimped fibers straightened and began to bear
load correlated with a threefold increase in matrix stiffness
(788 6 164 Pa). At the maximum levels of crimping examined
(2.0 mM HSP), the difference between stiffness at low
(123 6 45 Pa) and high (182 6 81 Pa) strain regimes was mar-
ginal. Due to the limited testable strain range imposed by our
setup and sample geometry, fibers have likely not fully straight-
ened to bear load even at the maximum testable strain (e¼ 0.11).
We anticipate that at higher strains (e> 0.15), we would observe a
significant increase in stiffness for this condition. In addition to
changes in Young’s modulus in different strain regimes, we also
noted an increase in transition strain due to a larger toe region
with increasing HSP concentration (Fig. 2(a)).

We next orthogonally varied fiber stiffness at each level of
HSP-induced crimp by crosslinking matrices for various durations
(20 versus 160 s) in the presence of LAP photoinitiator after
cRGD and HSP functionalization. For noncrimped control matri-
ces, photoinitiated crosslinking led to increases in E at both low
and high strain regimes (Fig. 2(b)). With an intermediate degree
of crimping, crosslinking did not influence stiffness at low strains
(e< 0.05), but significantly increased E at higher strains
(Fig. 2(c)). At the highest degree of crimping examined, subse-
quent crosslinking had no measurable effect on E at either low or
high strain regimes, again likely due to the lack of engagement
with straightened tension-bearing fibers (Fig. 2(d)). Additionally,
transition strain only changed as a function of HSP concentration
and not as a function of photoinitiated crosslinking. Together,
these results suggest that the crosslinking of single fibers only
influences matrix stiffness in strain regimes where fibers are
straightened and load bearing.

Endothelial Cell Spreading and Mechanosensing in
Crimped Dextran Vinyl Sulfone Matrices. In previous work
developing crimped fibrous matrices for tendon and ligament tis-
sue engineering, cell behavior has primarily been studied in
response to external static and dynamic tensile loads [13,16,18].
In addition to interpreting external mechanical cues, however,
cells continuously sense and respond to passive mechanical cues
from the microenvironment including matrix stiffness, topogra-
phy, and dimensionality [32]. Thus, we next aimed to investigate
how fiber crimp regulates EC mechanosensing and morphology.
As compared to in control matrices, human umbilical vein ECs in
crimped matrices exhibited a decrease in projected cell spread
area (Figs. 3(a)–3(c)) and an increase in cell thickness (Figs. 3(b)
and 3(d)), potentially due to the enhanced initial thickness and
three dimensionality of crimped matrices (Fig. 1(c)). There was,
however, no difference in cell volume between matrix conditions

(Fig. 3(e)). In addition, we also noticed similar changes in nuclear
morphology corresponding to differences in overall cell spreading
where crimped matrices yielded nuclei with smaller projected
area and increased thickness with no change in volume
(Figs. 3(f)–3(h)). Interestingly, however, EC nuclei in crimped
matrices had significantly increased DAPI signal intensity sug-
gesting potential changes in chromatin density (Fig. 3(i)). Finally,
we observed differences in physical reorganization of matrix
fibers as a function of crimping. Crimped matrices exhibited
increased fiber recruitment beneath the cell surface and addition-
ally maintained increased matrix thickness as compared to control
matrices (Figs. 3(j) and 3(k)). Comparing final matrix thickness to
initial thickness prior to cell-seeding, though, we noted a 63%
decrease in crimped matrices compared to a 34% decrease in the
control. In sum, cells in crimped fiber matrices exhibited distinct
morphological features and cell-ECM interactions compared to
ECs cultured in noncrimped control matrices.

Given the noted changes in cell spreading with crimped matrix
architecture, we next investigated the mechanosensitive proteins
vinculin and YAP. Vinculin is a key force-sensitive adhesion pro-
tein and a well-established signaling molecule within focal adhe-
sions [33,34]. In crimped matrices, we noted a decrease in both
total focal adhesion area as well as single focal adhesion area as
compared to control matrices (Figs. 4(a)–4(c)). Additionally,
YAP is a Hippo pathway transcriptional regulator that functions
as a central control point during mechanosensing [35]. In line

Fig. 4 Crimped DexVS fibrous matrices regulate EC mechano-
sensing. Confocal fluorescent images of ECs on DexVS
matrices functionalized with variable HSP concentrations and
stained for (a) vinculin and (d) YAP. F-actin (cyan), nuclei (yel-
low). Quantification of (b) total focal adhesion area per cell, (c)
average area of single focal adhesions (n�31 cells), (e) YAP
nuclear to cytoplasmic ratio, and (f) nuclear YAP intensity
(n�32 cells). Scale bars: 50 lm. All data presented as mean-
6 standard deviation; *p < 0.05.
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with previous work correlating spreading, cell adhesions, and
YAP activity [36,37], we observed a lower nuclear to cytoplasmic
ratio of YAP signal in cells within crimped matrices as compared
to controls due to a decrease in YAP localized to the nucleus
(Figs. 4(d)–4(f)).

Endothelial Cell Migration and Network Formation on
Crimped Dextran Vinyl Sulfone Matrices. Examining EC phe-
notype at fixed timepoints is beneficial in understanding how
matrix mechanics regulate cell behavior and mechanosensing.
However, we also sought to examine the dynamics of cell-ECM
interactions on crimped and control matrices by time-lapse live
imaging (see Movies S3 and S4 available in the Supplemental
Materials on the ASME Digital Collection). Over the first 4 h of
culture, cells actively recruited matrix fibers without evident
spreading or migration. Following this initialization period, cells
began to spread and migrate in both matrix conditions (Fig. 5(a)).
Quantifying migration speed from tracked labeled nuclei, we
found that ECs migrated 13% faster on crimped matrices com-
pared to control (Fig. 5(b)). Additionally, in crimped matrices we
noted frequent instances of directed protrusion and migration
toward neighboring cells positioned multiple cell lengths away, a
phenomenon that was not observed in control matrices (Fig. 5(c)).
Physical matrix deformations and local fiber alignment appear
to generate lines of tension between cells that promoted
directional cell extension, indicative of long-range mechanical
communication.

Our lab and others have investigated the involvement of long-
range mechanical communication in vasculogenesis, the de novo
formation of microvascular networks [23,38]. We previously
developed a model of EC network formation on suspended matri-
ces of electrospun dextran methacrylate fibers to study in vitro
vasculogenesis and discovered a critical role for physical matrix
remodeling during the assembly of these complex, multicellular,
capillary-like structures [23]. As crimped DexVS matrices exhibit
low stiffness and increased nonlinearity at low strain regimes
(Fig. 2) as well as heightened fiber recruitment by single ECs
(Fig. 3), we hypothesized that crimped fibrous microstructure
would also encourage EC network formation.

To investigate this, we cultured ECs at high cell density
(6� 104 cells cm�2) on control and crimped matrices for 5 days
(Fig. 6(a)). While EC networks formed in both conditions with
robust VE-cadherin expression at cell-cell junctions (Figs. 6(a)
and 6(c)), networks on crimped matrices exhibited longer exten-
sions between nodes while networks on control matrices had
larger nodes with shorter extensions. These observations were
supported by a decrease in the ratio of cell area to perimeter in
crimped matrices compared to control, a previously used metric to
classify network formation [23,39] (Figs. 6(a) and 6(b)). Addi-
tionally, high resolution imaging indicated increased fiber bun-
dling and thicker cellular networks in crimped matrices, mirroring
results seen earlier with single cells (Figs. 3(j) and 3(k)). Interest-
ingly, ECs in crimped matrices wrapped around bundles of fibers,
leading to the formation of tube-like structures; this phenomenon
was not observed in control matrices (Figs. 6(d) and 6(e)).

Discussion

Mimicking the architectural and mechanical properties of col-
lagenous tissues is critical to building in vitro models for disease
modeling applications and scaffolds for tissue repair. Here, we
established a new approach to generating crimped electrospun
synthetic polymer fibers to mimic the tortuous microstructure of
fibrillar collagen in many soft tissues. By functionalizing electro-
spun DexVS fibrous matrices with HSP, we demonstrated control
over the degree of crimping and resulting tensile nonlinearity
(Figs. 1 and 2). Additionally, we utilized photoinitiated radical
polymerization of DexVS fibers after functionalization with HSP
to orthogonally control stiffness and fiber crimp. Noncrimped
fibrous matrices exhibited relatively high Young’s moduli values

and more linear behavior as compared to crimped fibrous matrices
possessing a low stiffness toe region followed by increased
stress–strain response beyond the transition strain. Whether this
degree of nonlinearity (between 5–15% strain) affects cell behav-
ior, though, likely depends on the forces and strains that cells gen-
erate. Previous work from our lab showed cell force-induced
strain up to 50% in a similar compliant fibrous matrix [22], how-
ever further analysis and quantification of cell traction forces and
resulting matrix strains during dynamic physical remodeling
events remains an outstanding challenge.

Regardless, we observed striking changes in cell morphology
and behavior between control and crimped fibrous matrices, where
fiber crimp promoted fiber recruitment and increases in cell and
nuclear thickness, concurrent with decreases in cell spreading,
focal adhesion area, and YAP nuclear localization (Figs. 3 and 4).
These observations contrast previous results in fibrous matrices
from our lab and others, where lower matrix stiffness and
increased fiber recruitment correlated with increases in cell
spreading and focal adhesion formation [19,20,24]. We hypothe-
size that this discrepancy is due to the enhanced three-
dimensionality of matrices with crimped fibers (Figs. 1 and 3).
Three-dimensional distribution of cell adhesions has been shown
to influence cell shape, polarity, and cytoskeletal organization
[40]. Forced apical-basal polarity and unrestricted planar spread-
ing of cells plated in 2D enables distinct cytoskeletal organization
compared to cells embedded in 3D ECM, which tend to assume a
stellate morphology with limited polarization [41]. Further,
decreases in focal adhesions and YAP nuclear localization have
been noted in cells embedded within 3D hydrogels as compared to
on flat, 2D surfaces [36,42,43]. In addition to the changes in
dimensionality, crimped matrices exhibit a lower stress–strain
response over large strain regimes which could also contribute to
impaired spreading and decreased contractility.

In addition to fixed timepoint analysis, we investigated EC
migratory dynamics via time-lapse microscopy. Alongside
decreases in cell spreading, adhesion, and nuclear YAP localiza-
tion, we observed an increase in migration speed (Fig. 5). This
observation is in line with previous reports indicating that larger,

Fig. 5 EC spreading and migration dynamics on crimped
DexVS matrices. (a) Average cell spread area over 16 h after
seeding on DexVS matrices functionalized with various HSP
concentrations (n 5 6 fields of view). (b) Migration speed as a
function of HSP concentration (n�197 cells). (c) Representa-
tive time-lapse images of lifeAct-GFP expressing ECs on DexVS
matrices functionalized with 0.0 and 2.0 mM HSP. Arrows indi-
cate matrix alignment between interacting cells. F-actin (cyan),
DexVS fibers (magenta). Scale bars: 50 lm. All data presented
as mean 6 standard deviation; *p < 0.05.
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more mature adhesions imply slower adhesion turnover and lower
migration speeds [44]. However, recent work from Mason et al.
has linked nuclear YAP/TAZ to limiting adhesion maturation and
ultimately increased migration speeds [45]. While mechanosens-
ing is likely involved in cell migration, we anticipate other physi-
cal cues could contribute to differences in migration speed
between crimped and control matrices. Specifically, the same
number of fibers distributed throughout a thicker matrix implies a
relative increase in porosity, which could facilitate cell migration
in 3D (see Movie S2 available in the Supplemental Materials on
the ASME Digital Collection.). Additionally, the low stiffness at
low strains of crimped fibrous matrices enabled prominent fiber
recruitment and large matrix deformations (Fig. 3), and the forma-
tion of “strap” regions of aligned fibers spanning neighboring
cells. These regions of anisotropic topography, adhesive ligand
distribution, and stiffness likely direct cell protrusions and subse-
quent migration [46] (Fig. 5). The dynamic reorganization of
matrix fibers and cell-to-cell mechanical interactions in crimped
matrices may also contribute to the observed increase in migration
speeds. Such a result would be supported by computational mod-
eling studies implicating nonlinear mechanics of fibrous ECM
structure in the optimization of long-range mechanical communi-
cation between cells [47–49].

Together, the formation of strap regions, long-range mechanical
communication, and faster cell migration could all contribute to
the enhanced self-assembly of EC networks containing tube-like

structures in crimped matrices compared to controls. Increased
fiber recruitment with fiber crimp ultimately causes matrix densifi-
cation and restriction of potential network paths of assembling
cells. These restricted paths contain tensile tracks of aligned fibers
that facilitate long-range force transmission to support longer cell
extensions reflected by the decrease in area to perimeter ratio with
fiber crimp. Additionally, densification of matrix fibers beneath
extending cells may explain the appearance of tube-like EC struc-
tures (Fig. 6). Interestingly, the polarity of tubular structures
formed here parallels that of previous work spatially patterning
ECs in micromolded collagen gels [50]. In these studies, ECs den-
sified and wrapped around a collagen core to form tubules, yield-
ing structures that anastomosed with host vasculature upon
implantation [51]. While the presence of synthetic DexVS fibers
within these cell structures is a potential limitation, future work
could utilize crimped fibers to mediate tubulogenesis followed by
triggered degradation of fibers to open lumenal space.

Beyond the potential to engineer vascularized constructs,
crimped synthetic fibers may also hold potential for restoring the
mechanical function of dense connective fibrous tissues. One out-
standing issue with the functionality of fibrous scaffolds for tissue
repair is limited cell infiltration due to dense packing of fibers and
subcellular pore size. Cell invasion upon implantation, however,
is critical for rapid progenitor or repair cell recruitment as well as
vascularization. Our results suggest fiber crimp increases matrix
porosity and cell migration speed. While many methods to

Fig. 6 EC network formation on crimped DexVS matrices. (a) Confocal fluorescence images of ECs and fibers after 5 days
of culture on low density DexVS matrices functionalized with variable HSP concentrations. F-actin (cyan), DexVS fibers
(magenta), nuclei (yellow). Scale bar: 300 lm. Dashed boxes indicate locations of higher magnification images depicting VE-
cadherin expression at cell-cell junctions. Scale bar: 50 lm. (b) Cell area/perimeter ratio (n 5 12 fields of view) and (c) total
VE-cadherin fluorescent intensity normalized to cell density (n 5 8 fields of view) as a function of HSP concentration. Repre-
sentative confocal fluorescent images and z-plane cross sections of tube-like structures in (d) control and (e) crimped
matrix conditions. Scale bar: 10 lm. Dashed boxes indicate locations of higher magnification. Scale bar: 5 lm. All data pre-
sented as mean 6 standard deviation; *p < 0.05.
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increase cell infiltration of fibrous scaffolds have been developed
[52,53], crimped fibers could present a new strategy toward
resolving this challenge.

Conclusion

In this work, we developed a new approach to generating
crimped structure in electrospun fibrous matrices by functionaliz-
ing synthetic DexVS fibers with a hydrophilic swelling peptide.
This technique presents an additional level of structural and
mechanical control to an already highly tunable biomaterial plat-
form. Due to the ubiquity of fiber crimp in collagenous tissue, this
unique microstructure likely has influence on cell and tissue
behavior at multiple length scales. We found that matrices pos-
sessing crimped fibers led to pronounced changes in mechanical
nonlinearity and regulated EC mechanosensing, migration, and
network formation. The approach described here could be used in
future work to better understand the influence of nonlinear ECM
mechanics in healthy and abnormal tissue function and to engi-
neer tissue constructs that more accurately recapitulate the
mechanical behavior of native tissues.
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