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Abstract

Understanding the fundamental reproductive biology of a species is the first step toward identify-

ing parameters that are critical for reproduction and for the development of assisted reproductive

techniques. Ejaculates were collected from aquarium (n = 24) and in situ (n = 34) sand tiger sharks

Carcharias taurus. Volume, pH, osmolarity, sperm concentration, motility, status, morphology, and

plasma membrane integrity were assessed for each ejaculate. Semen with the highest proportion

of motile sperm was collected between April and June for both in situ and aquarium sand tiger

sharks indicating a seasonal reproductive cycle. Overall, 17 of 30 semen samples collected from

aquarium sharks from April through June contained motile sperm compared to 29 of 29 of

in situ sharks, demonstrating semen quality differences between aquarium and in situ sharks.

Sperm motility, status, morphology, and plasma membrane integrity were significantly higher

(P < 0.05) for in situ compared to aquarium sand tiger sharks. Testosterone was measured by an

enzyme immunoassay validated for the species. Testosterone concentration was seasonal for both

aquarium and in situ sharks with highest concentrations measured in spring and lowest in summer.

In situ sharks had higher (P < 0.05) testosterone concentration in spring than aquarium sharks.

This study demonstrated annual reproduction with spring seasonality for male sand tiger sharks

through marked seasonal differences in testosterone and semen production. Lower testosterone

and poorer semen quality was observed in aquarium sharks likely contributing to the species’

limited reproductive success in aquariums.
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Summary sentence

During mating season, in situ sand tiger sharks Carcharias taurus have higher plasma testosterone

and better semen quality than aquarium housed sand tiger sharks impairing reproductive success

of aquarium populations.

Key words: assisted reproduction, conservation, fish reproduction, seasonal reproduction, semen, sperm,
testosterone

Introduction

Aquariums educate and inspire their guests through the diversity
of their collections, which ubiquitously include elasmobranch fishes
(sharks and rays). Among the most popular sharks exhibited in
aquaria are sand tigers, Carcharias taurus, owing to their large
size, conspicuous dentition, docile nature, and long lifetime under
managed care [1]. With nearly a quarter of elasmobranch species,
including the sand tiger shark, classified as threatened with an
elevated risk of extinction; research, conservation, and education
are needed for responsible management of shark populations [2–5].
Removing barriers to reproduction and maintaining self-sustaining
populations under managed care is one conservation measure aquar-
iums are striving to achieve through their support of in situ and
aquarium shark research [6, 7].

Sand tiger females require 8–10 years to reach maturity [1] and
have a biennial or triennial reproductive cycle [8–13]. Gestation
is 9–12 months and the maximum fecundity is two young, one
per uterus, due to adelphophagy [11, 14–16]. Males mature after
6–8 years [1] and have an annual reproductive cycle [10]. The
female’s lengthy reproductive cycle, low fecundity, and long time
to reach maturity (8–10 years) results in a species that can be
easily over-exploited in a short amount of time [17], imperiling
the species.

Despite a long history of husbandry for sand tiger sharks dat-
ing back to the 1930s, reproduction in aquaria has been largely
unsuccessful for reasons that remain poorly understood [18–21].
Further, transport of adult sharks between aquariums is logistically
challenging, requiring specialized equipment and life support sys-
tems as well as highly trained and skilled husbandry profession-
als. Artificial insemination and assisted reproductive technologies
may be one solution to help aquariums achieve self-sustaining,
genetically diverse collections of elasmobranchs and preclude the
need to relocate large aquatic animals [22, 23]. Before protocols
for assisted reproduction through artificial insemination can be
developed, safe and reliable semen collection techniques and the
reproductive biology for each species in consideration need to be
understood. The sand tiger shark is a highly migratory species, with
onset of breeding season associated with changes in temperature
and day length [14, 24–27]. These same environmental cues may
be important for the reproductive seasonality of aquarium sand
tiger sharks [20, 28].

Nonlethal techniques including ultrasonography, blood hormone
measurements, and semen collection as well as available expertise
in animal handling are now replacing lethal sampling methods
to characterize reproductive status [29–31]. The objectives of this
study were to: (1) develop a safe and reliable method for semen
collection and assessment from sand tiger sharks; (2) investigate
reproductive periodicity and seasonality of male sand tiger sharks,
and (3) compare semen parameters and testosterone concentration
between in situ and aquarium sand tiger sharks.

Materials and methods

Animals and housing

Mature sand tiger sharks (n = 24) housed at AZA institutions:
Georgia Aquarium affiliate Marineland Dolphin Adventure, Ripley’s
Aquariums, New York Aquarium, Shark Reef at Mandalay Bay, and
Aquarium of the Pacific were examined one to four times annually
over 3 years and six additional sharks were sampled once. Aquar-
ium environmental conditions are shown in Table 1. In situ sharks
(n = 34) were caught using longlining methods with 25–100 (16/0)
circle hooks with flattened barbs baited with frozen-thawed Atlantic
mackerel (Scomber scombrus). Lines were set throughout the day
and soaked for 30 min–2 h before retrieval. Sharks were examined
once between April and August over 2 years. Animal procedures
were approved by the South-East Zoo Alliance for Reproduction &
Conservation (SEZARC) Institutional Animal Care and Use Com-
mittee (IACUC) and carried out in accordance with AZA-accredited
institutional guidelines.

Shark examinations and blood collection

Sharks with fully calcified claspers that rotate at the base and splay
open at the head (rhipidion) were considered mature and sampled for
semen [32]. Blood (15 ml) was collected from the ventral tail vein and
immediately transferred to lithium heparin coated blood collection
tubes without separator gel (BD Vacutainer, Franklin Lakes, NJ).
Blood samples collected from in situ sharks were held in a cooler
chilled with ice packs until processing at the end of the day. Plasma
was banked in an ultralow freezer (−80 ◦C) and a vial stored frozen
(−20 ◦C) for steroid hormone analysis. Ultrasonography using an
Edge II with a rC60xi 5–2 MHz transducer (Fujifilm SonoSite, Inc.,
Bothell, WA) or Ibex Pro with a Cli3.8 2.5–5 MHz curvilinear trans-
ducer (E.I. Medical Imaging, Loveland, CO) was used to examine
ampullae of males.

Semen collection

Aquarium sand tiger sharks were manually restrained and a stream
of oxygenated water created from bubbling oxygen gas was directed
at the shark’s mouth using a submerged pump, and respiration
rate was monitored throughout restraint [33]. In situ sand tiger
sharks were sampled from South Carolina (April) and Delaware Bay
(June–August) and restrained boat-side or transferred to a livewell
aboard the vessel for examination. Restraint included dorsoventral
rotation to induce tonic immobility (TI) [34, 35] for no longer than
30 min. Semen was collected using a sterile 16-inch 18Fr polyvinyl
chloride catheter with a rounded, closed tip (Kendall/Covidien,
Mansfield, MA) inserted through the urogenital papilla and into
an ampulla (15–20 cm). Semen was extracted using gentle suction
from a catheter tip syringe (Monoject, Kendall/Covidien, Medtronic,
Minneapolis, MN) while slowly withdrawing the catheter through
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Table 1. Environmental characteristics for aquarium sand tiger sharks Carcharias taurus.

Institution Sharks (n) Seawater Light/photoperiod Temperature (◦C) Temperature
change (◦C)

Enclosure

Georgia Aquarium affiliate
Marineland Dolphin
Adventure

5 Natural Natural/natural 14.1–29.2 12–15 248 550 l
2.1 m deep

12.2 m round
Ripley’s Aquariums 2 Artificial Artificial/13L:11D 17–25 2–8 208 198 l

1.7 m deep
12.2 m round

Wildlife Conservation
Society’s New York Aquarium

6 Natural Artificial with
natural influence

23 ± 1 <2 357 340 l
1.3 m deep

12.2 m round
Aquarium of the Pacific 1 Natural Natural/natural 24.4 ± 0.6 <2 16 052 l

1.8 m deep
oval

Shark Reef Aquarium 4 Artificial Artificial/
15L:9D

22.8–24.4 <2 4900 kl
6.7 m deep

the length of the ampulla. Semen was transferred to sterile conical
tubes (Thermo Fisher Scientific, Waltham, MA) after collection.

Care was taken to preserve catheter sterility before entry into
the urogenital papilla, and once introduced into an ampulla, the
catheter was not removed until semen collection was complete.
Semen samples were maintained in the dark at 4 ◦C until analysis
and assessed at ambient temperature (22–25 ◦C) within 24 h. To
investigate the prevalence of potential pathogenic organisms that
might be deleterious in an artificial insemination program, semen
samples (n = 7 in situ, n = 4 aquarium) from sand tiger sharks
were collected onto a sterile culturette (BBL CultureSwab Plus,
Becton, Dickenson and Company, Sparks, MD) immediately after
collection and shipped to the University of Georgia Veterinary
Diagnostic Laboratories, Athens, GA, California Microbiological
Reference Laboratory, Tustin CA, or IDEXX Laboratories, Inc, ME
for aerobic culture.

Semen assessment

Semen was heterogeneous with semisolid rods, translucent, and
sometimes opaque, distributed within minimal and viscous semi-
nal fluid. Semen volume was measured to the nearest ml using
15 or 50 ml conical tubes. Semen osmolarity and pH were mea-
sured using a freezing point depression method (Fiske Model 210
Micro-Osmometer, Advanced Instruments Inc., MA) and pH strips
(#109584; MilliporeSigma, Billerica, MA), respectively. Sperm con-
centration was determined using a hemocytometer with oligospermic
ejaculates defined as containing <1 × 104 sperm/ml. An aliquot of
semen was preserved 1:10 in 0.1 M Sorenson’s phosphate buffer
(#11610-10; Electron Microscopy Sciences, Hatfield, PA) supple-
mented with 0.02% CaCl2, 0.35 M sucrose, 3.2% paraformalde-
hyde, and 2.5% glutaraldehyde. Sperm morphology was assessed
using phase contrast microscopy by examining 100 sperm per ejac-
ulate at ×100 oil immersion and reported as a percentage.

Motility and status on a 0–5 scale with 0 for no movement and
5 for very rapid linear progression [36] were assessed in 3 μl of
raw sample and after 1:10 dilution with artificial seawater (ASW;
1050 mOsM, #S9883; Sigma, St. Louis, MO) at room temperature
(22 ◦C) using ×20 phase contrast microscopy. Progressive motility
was expressed as the percentage of sperm exhibiting forward move-
ment and total motility was expressed as a percentage that included
nonprogressive and progressive motility.

Sperm plasma membrane integrity was assessed using 200 nM
SYBR-14 and 24 μM propidium iodide ASW (Live/Dead stain,
#L-7011; Molecular Probes, Inc., Eugene, Oregon) and counting
100 cells using an Olympus B-Max 60 epifluorescent microscope
with filter cube U-M51005 for dual wavelength excitation. Sperma-
tozoa fluorescing green over the head region were assessed as plasma
membrane intact, and sperm fluorescing partially red or red over the
head region was assessed as plasma membrane damaged [37]. To
validate the use of the plasma membrane integrity stain for shark
sperm, an aliquot of sperm suspension was frozen to −80 ◦C in
the absence of cryoprotectant to disrupt the plasma membrane. The
frozen-thawed, nonmotile sperm were added to aliquots of motile
sperm in ratios of 100:0, 80:20, 60:40, 50:50, 40:60, 80:20, and
0:100. The sperm suspensions were stained and assessed for percent
sperm motility and percent sperm plasma membrane integrity. To
check plasma membrane integrity and motility for sperm within
opaque semisolid rods, after staining, individual rods were removed
to a microscope slide and a smash preparation was made by flatten-
ing beneath a coverslip.

Confocal microscopy

Whole and cross-sections of opaque semisolid rods observed in raw
sand tiger ejaculate were cut by hand using single edge razor blades
and immersed in 250 μl of ASW containing 200 nM SYBR and
24 μM PI for 15 min. Sections were examined in a Lab-Tek II 8
Chamber Slide (Nunc, Naperville, IL) using a laser-scanning, confo-
cal microscope (Zeiss 710, Thornwood, NY) coupled with a Zeiss
Axiophot inverted microscope in stack scanning mode, collecting
31 μm optical sections with a Zeiss Fluar 5X/0.25 numerical aperture
objective, and ZEN software (Zeiss, Jena, Germany). Imaging was
performed using laser excitation at 488 and 561 nm, and fluores-
cence was collected between 500–550 and 575–610 nm. To display
3D information in 2D images, Z-stacks were merged using maximum
intensity projection in ZEN 2011.

Testosterone enzyme-linked immunoassay

Plasma samples from 24 adult aquarium sharks (n = 87 samples)
collected year-round and 35 adult (n = 35 samples) and 22 juvenile
(n = 22 samples) in situ sharks collected between the months
of April and August were assayed for testosterone using a com-
petitive double antibody enzyme-linked immunoassay (EIA) with
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a polyclonal testosterone antisera raised in New Zealand white
rabbits (R156/7) [38] and corresponding horseradish peroxidase
(HRP) label (Coralie Munro, University of California, Davis, CA).
Antisera cross-reactivities are previously reported [39]. Precoated,
preblocked, 10 μg/ml goat anti-rabbit IgG (#A009-25MG; Arbor
Assays, Ann Arbor, MI) plates were maintained until use at 4 ◦C in
zip lock bags with desiccant. All reagents and plates were brought
to room temperature prior to use, and 50 μl standard or sample
was added to precoated wells, followed immediately by 50 μl of
HRP conjugated standard, followed by 50 μl of antibody, excluding
two blank wells for a nonspecific binding control. Samples were
run in duplicate at a dilution of 1:10 in a modified PBS (0.04 M
NaH2PO4, 0.06 M Na2HPO4, 0.15 M NaCl, 0.1% BSA, pH 7.0).
Plates were incubated (2 h) at ambient temperature (∼24 ◦C) before
washing four times with 0.008% Tween 20 (# P1379-100 ml;
Sigma, St Louis, MO) in distilled water. After washing, 100 μl
High Kinetic Tetramethylbenzidine (#TMBHK-1000; Moss, INC.,
Pasedena, MD) colorimetric substrate was added to each well and
the plates were incubated at room temperature until an optical
density of 1.0 at 450 nm was reached for the zero hormone stan-
dards, whereon 1 M HCl (#320331; Sigma, St Louis, MO) was
added. Plates were read with a Biotek ELX808 (Biotek Instruments,
INC, Winooski, VT).

Serial dilutions of pooled plasma generated dose–response curves
parallel to serially diluted testosterone standard. Recovery of known
amounts of testosterone added to pools of plasma was 97.6 ± 6.8%
(0.6903× + 0.0065, R2 = 0.9992). As an additional validation,
male sand tiger shark samples (n = 24) previously analyzed using
radio-immunoassay [10] were assayed using EIA and were correlated
(R2 = 0.863). Interassay coefficients of variation (CVs) were 11
and 15% for high and low biological controls and intraassay CVs
were 2.46 ± 0.09%. Assay sensitivity (the value obtained at 90–
95% binding) was 0.04 ng/ml for testosterone. Hormone values were
reported as ng/ml.

Statistics

Descriptive statistics were used for semen and sperm parameters.
Pearson’s correlation coefficient was calculated to assess the rela-
tionship between plasma membrane integrity and total motility for
semen after dilution in ASW to validate the Live/Dead stain for use
with elasmobranch sperm. Semen parameters and testosterone con-
centration were compared by using the single best sample collected
for each aquarium-housed male based on sperm motility (when data
for more than 1 month was available) and in situ sand tiger sharks
for April to June using a two-sample Wilcoxon rank-sum (Mann–
Whitney) test. In situ semen parameters were compared between
months using a Kruskal–Wallis test and Dunn post-hoc pairwise
comparisons with Benjamini–Hochberg adjusted P-values.

Testosterone concentration between months for in situ males
was compared using one-way analysis of variance (ANOVA) with
Tukey post-hoc comparisons. For the summer season, testosterone
concentration for mature versus immature in situ sharks was com-
pared using an independent sample t-test. Linear mixed modeling
(LMM) was used to assess the significance of month on testosterone
concentration for aquarium sharks. A single plasma sample was
collected from an aquarium shark during the months of July and
December; therefore, these months were removed from analysis.
Mixed models included individual as a random factor to account
for unbalanced repeated measures for aquarium sharks with month
as the factor or explanatory variable. Testosterone concentrations
were compared between shared seasons (spring, March to May and

summer, June to August) for aquarium and in situ sharks using
LMM with shark as a random factor to account for unbalanced
repeated measures for aquarium sharks and season and population
(in situ or aquarium) and their interaction modeled sequentially.
Model fit was compared using likelihood ratio tests (LRT). For
models with a significant LRT, explanatory factors were retained if
the model Bayesian Information Criteria (BIC) was reduced [40].
Final models were fit by restricted maximum likelihood (REML)
with error degrees of freedom calculated using the Satterthwaite
method. Differences for significant factors were explored using post-
hoc pairwise comparisons with Tukey adjusted P-values and Ken-
ward–Roger adjusted degrees of freedom. Statistical analyses were
conducted using R Version 3.3.1 [41] with packages lme4 Version
1.1–14 [42], lmerTest Version 2.0–33 [43], emmeans Vesion 1.3.1
[44], and ggplot2 Version 2.2.1.0 [45]. An alpha value of P < 0.05
was considered significant.

Results

Animal handling

In this study, 24 aquarium sharks were examined collectively 94
times without incident. Handling for 30 min or less did not result
in observable negative effects, and aquarium males swam normally
upon release and resumed eating within 24 h. In situ sharks were
handled similarly and swam normally upon release.

Semen and spermatozoa characteristics

Ejaculates were collected from 58 sharks. Ultrasonography informed
if semen was available for collection in the bilateral ampullae
(Figure 1). With the transducer in transverse orientation cranial
to the pelvic girdle, ampullae cross-sections were oval in shape
with heterogeneous hypoechoic centers when engorged with semen
and were collapsed or flat when empty. Correlation between the
ultrasonographic appearance and ability to collect an ejaculate
was confirmed by three unsuccessful attempts when ampullae
appeared flat or collapsed versus 100% success when ampullae
appeared engorged or full. Collection was not attempted further for
sharks when ultrasound indicated collapsed or flat ampullae. Semen
cultures were positive for Pseudomonas sp. and Staphlyococcus
sp. in two of seven in situ sharks and one of four aquarium
sharks.

Sand tiger shark seminal fluid contained semisolid translucent
rods 5–10 mm in length and 2–3 mm in diameter. Semen con-
tained free sperm in the seminal fluid and within opaque rods
or spermatophores (Figure 2A). Spermatophores were smaller than
translucent rods and contained small groups of aligned sperm,
randomly dispersed throughout the center of the opaque rod [46–
48] (Figure 2B). Spermic ejaculates contained either free sperm or
a combination of spermatophores and free sperm; spermatophores
were never observed without free sperm. Spermatophores were most
common in aquarium shark ejaculates collected during May and in
situ sharks during April (Table 2).

C. taurus spermatozoa (Figure 2C) consisted of a helical
head (36.1 ± 0.24 μm) with 16 gyres, a midpiece with 4 gyres
(8.9 ± 0.06 μm), and a flagellum (64.6 ± 0.22 μm). A cytoplasmic
sleeve, located at the junction of the midpiece and tail, was present
on freshly collected sperm. Upon activation of sperm motility by
dilution in ASW, the cytoplasmic sleeve moved toward the distal
end of the tail and for most sperm was shed from the sperm within
minutes.

Sperm were nonmotile or had minimal motility in raw ejaculates
and acquired motility only after dilution in ASW, demonstrating a
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Figure 1. Semen localization in ampulla epididymis by ultrasonography in spring mating season. With the transducer in transverse orientation (A) and positioned

on midline (arrow) or sagittal and positioned laterally (B) immediately cranial to the pelvic girdle, semen (s) in the ampulla lumen is hypoechoic compared to

kidney (k), dorsal musculature (m), and the ventral and caudal epigonal (e). Semen is separated by septae (asterisk) forming partial chambers in the terminal

portion of the ampulla. Imaging depth (cm) is given on the right of each sonograph.

Figure 2. Sand tiger shark semen (A) is composed of semisolid translucent rods, opaque spermatophores, and free sperm in the minimal and viscous seminal

fluid. A spermatophore cross section (B) reveals small groups of aligned sperm, randomly dispersed throughout the center of the opaque rod. Sand tiger

shark spermatozoa (C) consisted of a helical head with an acrosome, a midpiece, and a flagellum with a transient cytoplasmic sleeve (arrow) located at the

junction of the midpiece and tail that was shed from most sperm soon after acquiring motility. Nuclei (D) of plasma membrane intact (green) and damaged

(red) spermatozoa after staining with sperm Live/Dead stain.
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Table 2. Semen collection by month for aquarium and in situ sand tiger sharks Carcharias taurus.

Jan Feb March April May June July Aug Sept Oct Nov Dec

Aquarium (n = 24)
Sharks 3 12 6 6 15 6 10 6 6 3 1
Collection attempts 3 13 8 8 17 11 15 6 7 5 1
Semen obtained 0% 31% 25% 38% 88% 36% 27% 17% 14% 0% 0%
Motility observed 0% 23% 25% 25% 65% 36% 0% 0% 0% 0% 0%
Spermatophores present 0% 8% 13% 13% 71% 36% 7% 0% 0% 0% 0%

In situ (n = 34)
Sharks 17 7 7 3
Collection attempts 17 7 7 0
Semen obtained 100% 100% 86% 0%
Motility observed 100% 100% 86% 0%
Spermatophores present 100% 86% 57% 0%

helical forward movement akin to a drilling motion. In smash preps
of spermatophores, sperm were nonmotile with the rare exception
of sperm near the periphery of the preparation from select in situ
samples. Spermatozoa displayed backwards motility on occasion.
In each case of backward motility, the sperm’s forward progression
was halted by matrix or other cellular debris within the sample and
resulted in the sperm reversing its rotation axis and “unscrewing”
itself from the obstacle. After a short distance of reverse motility, the
sperm would cease all motility briefly before resuming progressive
forward motility.

Semen parameters and seasonality

In situ sharks were examined in April, June, July, and August,
and semen was present in ampullae April to July, but not August
(Table 2). All ejaculates from in situ sharks were spermic, and
sperm concentration was significantly higher for samples collected
in July (n = 6) compared to June (n = 7) and April (n = 17), but
semen volume was significantly lower in July and semen was not
available for collection in August marking the end of the repro-
ductive season (Table 3). Morphology, PMI, and motility were all
significantly lower in July compared to April and June (Table 3.) In
comparison, only 38% of collection attempts for aquarium males
were successful in April, increasing to 88% in May, and decreasing
to 36% in June. Outside of those months (January to March and
August to December), the percentage of successful collections was
lower confirming a similar seasonal window for sperm production
for aquarium males.

For semen collected from April to June, pH, osmolarity, semen
volume, and sperm concentration were similar between in situ
and aquarium sharks, but sperm morphology, PMI, motility, and
status were significantly higher for in situ semen (Table 4). Normal
sperm morphology percentages were generally high throughout
sampling months (58–100% in situ, 42–96% aquarium sharks)
with the predominant sperm abnormalities observed as partial
or complete unfurling of the head gyres, swelling or blebbing of
the head and midpiece, bent midpiece, and coiled or bent tails.
Assessment of PMI using the SYBR-PI combination stain revealed
that percentages of green and red stained sperm were correlated
with ratios of frozen-plasma membrane damaged and nondamaged
sperm (r = 0.95; P < 0.001), validating the stain as an indicator
of shark sperm plasma membrane integrity (Figure 2D). In smash
preps of spermatophores stained with SYBR-PI, sperms were
plasma membrane damaged, with the rare exception of a few in
situ samples.

Testosterone

Mature in situ male sharks (n = 19) had higher testosterone con-
centrations than juvenile sharks (n = 22) for samples collected
during summer (June to August), the only season when samples
from both age classes were collected (P = 0.045; Figure 3A). Mature
in situ shark testosterone concentrations were significantly higher
(P < 0.05) in April than June, July, or August (Figure 3B). Mature in
situ sharks had higher testosterone than aquarium sharks (P < 0.05)
during spring, but no difference was observed during the summer
season (Figure 4). Testosterone concentrations in aquarium sharks
were highest in February and lowest in summer and fall (Figure 5).
Elevated testosterone in spring coincided with the breeding season
when ejaculates of the best quality were collected, whereas summer
testosterone concentrations were significantly lower (P < 0.05) than
spring and coincided with the end of breeding season and cessation
of semen production.

Discussion

Seasonal patterns of testosterone and sperm production confirm
that the reproductive cycle of male sand tiger sharks is annual
with a breeding season from April to June. However, in situ sam-
ples were not available for March; therefore, it is possible that
the breeding season commences before April. All biological sam-
ples were collected from live animals demonstrating that nonlethal
techniques are effective to characterize reproduction, an important
consideration for research with species that are protected or endan-
gered. Careful monitoring of shark health during examinations and
limiting animal handling to 30 min were effective in minimizing
risk of adverse effects after examinations. These methods have
since been safely employed to collect blood and semen samples in
multiple elasmobranch species (data not shown), including zebra
sharks (Stegostoma tigirinum), leopard sharks (Triakis semifasciata),
sharpnose sharks (Rhizoprionodon terraenovae), blacknose sharks
(Carcharias acronotus), smooth dogfish (Mustelus canis), southern
stingrays (Hypanus americanus), shovelnose guitarfish (Rhinobatos
productus), and blacktip reef sharks (Carcharhinus melanopterus),
demonstrating the practicality of this sampling approach.

Reproduction of aquarium sand tiger sharks resulting in live
young has been realized by only four aquaria worldwide [21]. Com-
paratively, poor semen quality and lower blood plasma testosterone
for aquarium sharks compared to in situ sharks during the breeding
season may contribute to the lack of reproductive success. Similar
observations of impaired reproduction due to reduced quantity and
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Table 3. Monthly semen characteristics for in situ sand tiger sharks Carcharias taurus.

Month n Mean ± SE Median Range Group∗

Sperm concentration (106/ml)
April 17 13.15 ± 3.06 10.15 0.08–39.5 a
June 7 196.29 ± 65.45 119 28–466 ab
July 6 490.5 ± 214.19 350.5 117–1540 b

Volume (ml)
April 17 218.8 ± 41.6 120 50–580 a
June 7 103.2 ± 30.8 130 7.5–200 ab
July 6 12.6 ± 3.0 12 3.5–25 b

Morphology (%)
April 15 96 ± 1 98 87–100 a
June 7 90 ± 6 96 58–100 a
July 6 64 ± 10 72.5 32–95 b

Plasma membrane integrity (%)
April 12 67.8 ± 8.0 77.5 10–95 a
June 7 53.7 ± 10.4 45 22.8–85 ab
July 6 22.7 ± 5.4 21.7 5–45 b

Total motility (%)
April 16 61.9 ± 7.7 70.25 10–95 a
June 7 45.2 ± 10.3 33.1 15–80 ab
July 6 14.6 ± 2.6 16.25 5–20 b

Progressive motility (%)
April 16 19.8 ± 3.9 20 0–50 a
June 7 14.4 ± 4.8 9.3 5–35 a
July 6 0.8 ± 0.4 0.5 0–2.5 b

∗Letters indicate group membership from Kruskal–Wallis test and Dunn post-hoc pairwise comparisons with Benjamini–Hochberg adjusted P-values. Groups that share a letter are not
different using a significance threshold of P < 0.05.

Table 4. Semen characteristics and plasma testosterone for aquarium and in situ sand tiger sharks Carcharias taurus during the mating

season, April to June.

Aquarium In situ

P∗ n Mean ± SE Median Range n Mean ± SE Median Range

Sperm concentration (106/ml) 0.087 14 12.05 ± 3.71 7.5 0.62–48.8 24 66.57 ± 25.14 17.35 0.08–466
Volume (ml) 0.370 14 209.8 ± 75.2 74.5 20–1000 24 185.1 ± 32.4 125 7.5–580
Morphology (%) 0.000 12 79 ± 4 81 42–96 22 93.95 ± 1.99 97.5 58–100
Plasma membrane integrity (%) 0.010 13 32.7 ± 9.3 20 0–87.9 19 62.6 ± 6.3 75 10–95
Total motility (%) 0.004 14 27 ± 8 11 0–80 23 57 ± 6 70 10–95
Progressive motility (%) 0.002 14 5 ± 2 0 0–26 23 18 ± 3 20 0–50
Status 0.008 14 2.3 ± 0.4 2 0–4 23 3.6 ± 0.2 4 2–4
pH 0.051 14 7.1 ± 0.1 7.12 6.25–7.7 24 6.8 ± 0.1 6.75 6.5–7.75
Osmolarity (mOsm) 0.322 13 1088 ± 25 1060 989–1328 22 1104 ± 16 1108 935–1254
Plasma testosterone (ng/ml) 0.000 13 9.35 ± 6.34 1.2 0.2–84.6 21 28.57 ± 5.83 20.8 1.4–103.4

∗Wilcoxon rank-sum (Mann–Whitney) test P-value.

quality of semen have been described also among teleost fishes in
aquaculture where exogenous hormones and photothermal regimes
are used to stimulate gametogenesis [49–53]. Reproductive dysfunc-
tions observed for aquaculture fish include a lower gonadosomatic
index (GSI) and truncated or temporally shifted spawning seasons
[54–56] compared to their in situ counterparts. In situ greater
amberjack Seriola dumerili (Risso, 1810) had higher concentrations
of androgens during spermatogenesis and progestins during spermi-
ation compared to aquaculture fish [56]. Also common with sand
tiger sharks, lower sperm motility has been observed for aquaculture
fish compared to in situ fish [50, 55, 57]. Collectively, the male
reproductive system is affected by managed care for many fishes.

Sand tiger shark spermatozoa were consistent in morphology
to other elasmobranch species and composed of a helical shaped
head, midpiece with cytoplasmic sleeve, flagellum, and acrosome
[47]. The cytoplasmic sleeve of sand tiger spermatozoa slid off the
midpiece and along the entire length of the flagellum until it was
shed completely, an event that typically took only minutes after
spermatozoa acquired motility. In this case, the cytoplasmic sleeve is
analogous to the mammalian Hermes body or cytoplasmic droplet
and a measure of maturation [58]. This indicates that sand tiger
sperm undergo a post-testicular maturation process analogous to
capacitation. Similar to other elasmobranchs studied, sand tiger
shark spermatozoa were either nonmotile or minimally motile until
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Figure 3. Testosterone concentration for in situ sand tiger sharks. Immature sharks have lower plasma testosterone than mature sharks during summer (A). For

mature sharks, testosterone is highest in April, the breeding season, and decreases to a nadir by late summer when they are no longer breeding (B). Different

letters indicate significant (P < 0.05) differences among the groups.

Figure 4. Testosterone concentration (estimated marginal mean and 95%

confidence interval) for in situ and aquarium sharks during spring (breed-

ing season) and summer (nonbreeding season). In situ shark testosterone

concentration was highest during spring and decreased to baseline levels

in summer. Aquarium shark testosterone concentration was not different

between seasons. In situ sharks had higher testosterone concentration than

aquarium sharks during the breeding season. Different letters indicate signif-

icant (P < 0.05) differences among the groups.

diluted in ASW or other iso-osmotic electrolyte solutions (data
not shown). This is consistent with observations in the banded
houndshark (Triakis scyllium) where it was suggested that dilution
of the ejaculate in electrolyte solutions similar to seawater or
uterine fluid would mimic conditions during breeding and initiate
forward progression [59]. Studies in teleosts show that changes in
the concentration of specific ions rather than total osmolarity are
responsible for the initiation of motility [60].

The observation of backward sperm motility in the sand tiger
shark was unexpected, though backwards sperm motility in elasmo-
branchs was described already for T. scyllium [59]. Reverse motil-
ity is not a common spermatozoa characteristic, but spermatozoa
from gastropods and fruit flies also have reverse motility [61–
63]. Both fruit flies and gastropods demonstrate postcopulatory
sexual selection [64, 65], and the sand tiger shark has been shown
to demonstrate behavioral polyandry [66]. Polyandry is associated
with postcopulatory sperm competition in animals with internal
fertilization and generally favors large ejaculates. Because each sand

Figure 5. Annual testosterone concentration (estimated marginal mean and

95% confidence interval) for aquarium sharks. Testosterone concentration

was highest in February to initiate spermatogenesis in preparation for the

reproductive season. Testosterone remained elevated throughout spring, the

breeding season, and decreased to baseline in late summer. Different letters

indicate significant (P < 0.05) differences between months.

tiger shark ampulla contains approximately a liter of semen and
females mate with multiple males, it is reasonable to suppose that
sperm competition occurs in this species and that backwards motility
may allow further postcopulatory sperm selection.

Sand tiger shark semen contained free and individual sperm as
well as spermatophores. Spermatophores are broadly defined as fully
encapsulated sperm packages and are observed commonly among
arthropods and molluscs [67]. Spermatophores occasionally are
described in vertebrates including select amphibians, teleosts, and
chondrichthyans [67]. Among chondrichthyans, spermatophores
have been described for sharks [46–48, 68, 69] and chimeras [70,
71] as ovoid to spherical aggregates of laterally aligned bundles
of sperm embedded in a matrix forming a cellular medulla with
an acellular cortex. When spermatophores were observed in sand
tiger shark semen, they were dispersed within an ejaculate that
included acellular hyaline rods and free sperm. Similar translucent
acellular gelatinous rods have been described in ejaculates from blue
Prionace glauca [72] and basking Cetorhinus maximus [68] sharks.
Spermatophores are indicative of testicular spermatogenesis and
accessory sex gland secretory activity, but seminal fluid and acellular
hyaline rods reflect only accessory gland secretory activity. Shark
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spermatophores are posited to be a mechanism for sperm storage
and slow release after insemination, but the current study found that
for sand tiger spermatophores, only rarely were plasma membrane
intact sperm capable of motility observed. In contrast to blue shark
spermatophores [72], sand tiger spermatophores do not breakdown
in the cold-stored raw ejaculate or after dilution in ASW for months
(data not shown), suggesting that enzymatic action is required for
spermatozoa liberation. Experiments establishing the fertilization
capability of spermatozoa released from spermatophores are needed
to understand their role in sand tiger reproduction. Polyandrous sand
tiger sharks may utilize both postcopulatory sperm competition and
postfertilization competition via adelphophagy, affording females an
additional selection mechanism to ensure the single young per uterus
is offspring from the male with the fittest genes [66].

Elasmobranch reproduction is regulated by the hypothalamic–
pituitary–gonadal (HPG) axis through hormone production.
Endocrine profiles have been measured and related to testis size,
sexual conflicts, and reproductive season for several shark [73–78]
and ray [79–81] species. The endocrinology of male sand tigers
has received little attention with no studies measuring hormones
for in situ sharks prior to this study and only two studies for
aquarium sharks [10, 28]. This study found higher testosterone
during the breeding season among in situ compared to aquarium
sharks. Previous studies found that aquarium sharks that engaged
in seasonal precopulatory conflicts had elevated progesterone (P4),
T and dihydrotestosterone (DHT) compared to aquarium sharks
that were not observed to engage in sexual conflicts, and T and
DHT varied individually based on a dominance hierarchy for
males housed together [10], supporting a link between testos-
terone and reproductive activity and performance/quality in this
species.

Aquarium and in situ male testosterone profiles and semen sea-
sonality support an annual reproductive cycle with spermatogenesis
initiated by increasing testosterone concentration in late winter that
peaks before and remains elevated during mating season in spring.
Testosterone concentration was higher for in situ males in April to
June compared to aquarium males, but for aquarium sharks, the
highest concentration of T was measured during February and no
in situ samples from February were available for comparison. If
in situ and aquarium males follow a similar seasonality, then the
concentration of T for in situ males in winter is expected to be higher
than observed for aquarium sharks in winter. Testosterone has been
associated with gonadal recrudescence, spermiation, and precopula-
tory behavior [73, 79–83]. Therefore, persistently low testosterone
could result in aspermic or oligospermic ejaculates as well as lack of
precopulatory and copulatory behaviors. The androgens DHT and
11-keto-testosterone (11-KT), estrogen, and progesterone also are
produced by elasmobranchs [10, 28, 77, 78, 82] and may influence
spermatogenesis and spermiation in sand tiger sharks but were not
measured in this study.

For seasonally reproducing species, a combination of environ-
mental and social cues initiates the reproductive cycle and maintains
its periodicity [82, 84–86]. In situ sand tiger sharks undertake large
seasonal migrations related to their reproductive habits, [12, 13, 24,
25, 87, 88] and as a result, experience pronounced changes in social
structure, nutrition, photoperiod, and temperature. Of these major
environmental factors, seasonal temperature change is shared among
aquaria with successful sand tiger shark reproduction [20, 21].
The highest testosterone concentration and sperm motility among
aquarium sharks was measured in samples from males exposed
to seasonal photoperiod and temperature cycles. The specific role

of environmental and social factors in the reproductive cycle of
aquarium and in situ sand tiger sharks requires more research.

There are challenges in manipulating environmental cues such
as temperature for species maintained in aquariums in large mixed
exhibits, as a positive change for one species may have a negative
impact on other species. The rate and magnitude of temperature
change required for such cues to be effective is dependent on the
life history of each species. For many sharks, in situ research is
needed to inform and optimize aquarium husbandry. Finally, when
environmental cues of the appropriate magnitude are provided,
it is also unknown how quickly the sharks can be expected to
respond. Evidence for temperature-associated shifts in elasmobranch
reproduction has been observed for in situ [82, 89, 90] and aquarium
[28, 73] elasmobranchs. Among sand tigers, precopulatory behavior
and T and DHT hormone peaks shifted to 4 months earlier than
previous years for three aquarium males after a prolonged period
of elevated temperatures during the prior summer [28]. Shifting of
reproductive season for one or both sexes can result in asynchronous
cycling and prevent successful insemination.

Cultures from sand tiger semen support a low risk for intro-
duction of infectious agents through transferring semen between
animals, which is an important consideration when moving gametes.
Artificial insemination with semen from in situ sharks would increase
genetic diversity of the aquarium shark population and promote
sustainability of managed populations through introduction of new
genetics with little or no expected impact on in situ populations. Arti-
ficial insemination using in situ semen may be necessary if the poor
semen quality observed among aquarium males is inadequate for
successful reproduction. Studies are underway to identify underlying
causes for poor semen quality in aquarium sand tigers. This study
describes the first steps toward developing techniques for assisted
reproduction in sand tiger sharks, including proving a technique for
semen collection and assessment and describing the periodicity and
seasonality for semen production through examination of in situ and
aquarium sharks.
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