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Superoxide-mediated oxidative stress accelerates
skeletal muscle atrophy by synchronous activation
of proteolytic systems
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Abstract The maintenance of skeletal muscle mass
depends on the overall balance between the rates of
protein synthesis and degradation. Thus, age-related
muscle atrophy and function, commonly known as
sarcopenia, may result from decreased protein synthesis,
increased proteolysis, or simultaneous changes in both
processes governed by complex multifactorial mecha-
nisms. Growing evidence implicates oxidative stress
and reactive oxygen species (ROS) as an essential reg-
ulator of proteolysis. Our previous studies have shown
that genetic deletion of CuZn superoxide dismutase

(CuZnSOD, Sod1) in mice leads to elevated oxidative
stress, muscle atrophy and weakness, and an accelera-
tion in age-related phenotypes associated with
sarcopenia. The goal of this study is to determine wheth-
er oxidative stress directly influences the acceleration of
proteolysis in skeletal muscle of Sod1−/− mice as a
function of age. Compared to control, Sod1−/− muscle
showed a significant elevation in protein carbonyls and
3-nitrotyrosine levels, suggesting high oxidative and
nitrosative protein modifications were present. In addi-
tion, age-dependent muscle atrophy in Sod1−/− muscle
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was accompanied by an upregulation of the cysteine
proteases, calpain, and caspase-3, which are known to
play a key role in the initial breakdown of sarcomeres
during atrophic conditions. Furthermore, an increase in
oxidative stress-induced muscle atrophy was also
strongly coupled with simultaneous activation of two
major proteolytic systems, the ubiquitin-proteasome and
lysosomal autophagy pathways. Collectively, our data
suggest that chronic oxidative stress in Sod1−/− mice
accelerates age-dependent muscle atrophy by enhancing
coordinated activation of the proteolytic systems, there-
by resulting in overall protein degradation.

Keywords Protein oxidation . Proteolysis . Sarcopenia .

Autophagy . Ubiquitin proteasome .Muscle atrophy

Introduction

Aging is associated with a progressive loss of muscle
mass, a phenotype that is known as sarcopenia. Although
sarcopenia is well documented in experimental animal
models and in the clinic, the etiology and exact underly-
ing mechanisms of this condition remain poorly under-
stood. The maintenance of skeletal muscle mass depends
on the overall balance between the rates of protein syn-
thesis and degradation. Thus, age-related muscle atrophy
may result from decreased protein synthesis, increased
proteolysis, or simultaneous changes in both processes,
which are governed by complex multifactorial mecha-
nisms (Ferrington et al. 2005; Fry and Rasmussen 2011;
Gordon et al. 2013; Husom et al. 2004).

Growing evidence implicates oxidative stress and
ROS as an important regulator of proteolysis in catabol-
ic muscle atrophy (Ott and Grune 2014; Powers et al.
2005; Tang et al. 2017). ROS can directly or indirectly
damage proteins to alter their function and increase their
turnover rate. Prochniewicz et al. demonstrated that
permeabilized fibers exposed to H2O2 in vitro signifi-
cant ly reduced the contrac t i l i ty of myosin
(Prochniewicz et al. 2008). In addition, Tiago and col-
leagues also reported that peroxynitrite (ONOO−) can
react with F-actin to induce depolymerization in skeletal
muscle. Moreover, peroxynitrite has been shown to
inhibit myosin ATPase function, thus reducing muscle
contractility (Tiago et al. 2006).

It is widely accepted that the ubiquitin proteasome
pathway is the main route by which proteins are degrad-
ed during muscle atrophy. This pathway involves the

targeted degradation of proteins via modification by
ubiquitin and subsequent proteolysis by the 26S protea-
some (Li et al. 2005). Although the 20S core proteasome
can selectively degrade oxidatively modified proteins in
a ubiquitin-independent manner, ROS have been dem-
onstrated to activate the ubiquitin proteasome pathway
in vivo and in vitro (Jung et al. 2006; Ott and Grune
2014). C2C12 cells treated with H2O2 results in an
increased expression of the ubiquitin-activating enzyme,
E214k, and the E3 ligases, atrogin-1 andMuRF1. These
increases correlate with increased ubiquitin-conjugating
activity, increased proteasome activity, and decreased
myosin protein (Gomes-Marcondes and Tisdale 2002;
Li et al. 2003). Although several studies demonstrated
an increased ROS generation and oxidative damage in
aged skeletal muscle (Mansouri et al. 2006; Navarro
et al. 2001; Powers et al. 1992; Powers et al. 2012),
there has been a paucity of in vivo evidence that directly
links ROS and oxidative damage to activation of pro-
teolytic pathways. Therefore, the purpose of this study is
to determine the cause-and-effect relationship of chronic
oxidative stress in vivo and the activation of proteolytic
pathways in skeletal muscle as a function of age. To test
our hypothesis, we utilized a mouse model that lacks the
important antioxidant enzyme, CuZnSOD (Sod1−/−).
Sod1−/− mice are characterized by very high levels of
oxidative stress and elevated levels of oxidative damage
to lipid, protein, and DNA in several tissues, including
skeletal muscle (Jang et al. 2012; Jang et al. 2010;
Muller et al. 2005). Moreover, Sod1−/− mice exhibit
dramatic age-related muscle atrophy that is accelerated
compared to age-matched wild-type (Jang et al. 2012;
Jang et al. 2010;Muller et al. 2005). Here, we report that
oxidative stress in vivo activates proteolysis by concur-
rent upregulation of cysteine proteases, the ubiquitin
proteasome, and lysosomal autophagy. Acceleration of
muscle wasting seen in Sod1−/− mice is in part due to
increased oxidative damage and simultaneous upregu-
lation of protein degradation pathways.

Material and methods

Animals

The Sod1−/− mice used in this study have been de-
scribed previously (Jang et al. 2012; Jang et al. 2010).
Briefly, the mice were maintained under specific
pathogen-free conditions in the heterozygous state

GeroScience (2020) 42:1579–15911580



(Sod1+/-) and backcrossed with C57BL/6J females
(Jackson Laboratory) for more than 20 generations.
For tissue harvesting, mice were anesthetized using
ketamine (30 mg/kg) and xylazine (4 mg/kg) and eutha-
nized by cervical dislocation. Visceral organs were col-
lected and weighed; any gross pathological observa-
tions, such as tumors, cysts, and organ deformities, were
recorded. All of the measurements were done in female
animals. All procedures were approved by the Institu-
tional Animal Care and Use Committee at the Univer-
sity of Texas Health Science Center at San Antonio and
Georgia Institute of Technology.

Immunohistochemistry and immunofluorescence

Muscles frozen in isopentane were sectioned (10 μm)
from the mid-belly and fixed in 4% paraformaldehyde.
For measurement of fiber size, sections were incubated
in blocking buffer for 1 h and then incubated in anti-
laminin (L9393; Sigma-Aldrich) overnight at 4 °C.
Alexa Fluor 488 (Invitrogen) fluorescent dye conjugat-
ed to an anti-rabbit secondary antibody was used for
visualization. Images were visualized with a fluorescent
microscope (Nikon Inc.) and captured with a SPOT RT
camera. Fiber cross-sectional area measurements were
calculated using the Nikon Element software.

Transmission electron microscopy

We fixed muscle block (1 mm3 in size) with 2% para-
formaldehyde and 2.5% glutaraldehyde in 0.1 M sodi-
um cacodylate buffer, post-fixed with 1% osmium te-
troxide followed by 1% uranyl acetate, dehydrated them
through a graded series of ethanol washes and embed-
ded them in resin. Blocks were cut in ultrathin (80 nm)
sections on Reichert Ultracut UCT, stained the sections
with uranyl acetate followed by lead citrate, and viewed
on a JEOL 1230 EX transmission electron microscope
at 80 kV.

Protein carbonyls

Protein carbonyls were measured using the method de-
scribed by Chaudhuri et al (Chaudhuri et al. 2006).
Briefly, the cytosolic extracts from hindlimb muscles
(gastrocnemius, plantaris, tibialis anterior, extensor
digitorum longus, and quadriceps) were diluted to
1 mg/mL, mixed with FTC (1 mM), and incubated at
37 °C for 150 min in the dark. The proteins were

precipitated with an equal volume of 20% chilled TCA
(v/v) and centrifuged at 16,000×g for 5 min at 25 °C.
The pellets were then re-suspended and washed five
times, with 100% ethanol/ethyl acetate (1:1) to remove
the unbound FTC. The final pellets were then dissolved
in phosphate buffer pH 8.0 containing 0.5 mM MgCl2,
1 mM EDTA, and 8 M urea. The concentration of the
protein in each sample was measured byBradford assay,
and approximately 15–25 μg of protein were subjected
to 12% SDS-PAGE (sodium dodecyl sulfate-
polyacrylamide gel electrophoresis). It is to be noted
that all the free FTC may not be quantitatively removed
from the pellets by extensive washing with ethanol/ethyl
acetate. In that case, the free residual FTC will be
removed from the gel during electrophoresis. After elec-
trophoresis, the image of the fluorescent protein on the
gel was captured with the Typhoon 9400 using an
excitation wavelength of 488 nm and an emission filter
at 520 nm with a 40-nm bandpass. The intensity of
fluorescence for each lane (from top to bottom of the
lane) was calculated using ImageQuant 5.0 (Amersham,
GE Health) software.

Caspase-3 and Calpain activity

Caspase-3 activity was measured in the cytosolic ex-
tracts from hindlimb muscles (gastrocnemius, plantaris,
tibialis anterior, extensor digitorum longus, and quadri-
ceps) using the synthetic peptide n-acetyl-DEVD-AMC
(BD Biosciences, San Diego, CA). Active caspases
cleave the AMC from the peptide and the free AMC
fluoresces. Briefly, 1 mL of assay buffer (20 mM
HEPES, 10% glycerol, 1 M DTT, and 14 μL of Ac-
DEVD-AMC/mL of buffer) and 50 μL of sample and
standards were added to a microcentrifuge tube and
protected from light. Samples were incubated at 37 °C
for 60 min, after which fluorescence was measured on a
spectrofluorometer at 380 -nm excitation and 440-nm
emission. All samples were measured in triplicate. Re-
sults are reported as pmol/min/mg protein. Calpain ac-
tivity was measured in the muscle cytosolic fraction
using a fluorometric assay kit (Oncogene Research
Products, San Diego, CA). This assay utilizes the unique
ability of calpain to digest synthetic substrate Suc-
LLVY AMC in the presence of the Ca2+ ion and the
reducing agent TCEP. Released free AMC was mea-
sured fluorometrically at an excitation wavelength of
380 nm and an emission wavelength of 440 nm. All
samples were measured in triplicate.
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Proteasome activity

The fluoropeptides LLE-AMC, AAF-AMC, and LSTR-
AMC were used to measure the caspase-like, chymo-
trypsin-like, and trypsin-like activities, respectively, as
previously described (Kisselev and Goldberg 2005).
Experiments were performed at 37 °C in microtiter
plates using a Fluoroskan-FL Ascent type 374 micro-
plate reader (excitation = 360, emission = 460) to moni-
tor fluorescence every 5 min for 2 h. In the proteasome-
enriched fractions, activity was measured in the absence
and the presence of 200 μM Ada-(Ahx)3-(Leu)3-vinyl
sulfone (Biomol, Enzo Life Sciences, Plymouth, PA) in
the buffer containing 50 mM Tris (pH 7.5), 5 mM
MgCl2, 20 mM KCl, 2.5 μg protein and peptides with
concentrations from 12 to 200 μM for AAF and LLE,
and 3–400 μM for LSTR. The rate of proteolysis was
determined for each peptide concentration by compar-
ing the linear response of fluorescence with a standard
curve of AMC. The rate of proteolysis as a function of
peptide concentration was plotted, and the maximal
activity (Vmax) and the concentration of substrate at
the half-maximal activity (Km) were determined by
fitting a hyperbolic model defined by the Michaelis–
Menton equation to the experimental data.

Native gel electrophoresis

Native gel electrophoresis has been used to determine if
the proteasome remains intact in a higher molecular
weight form (i.e., 26S) or disassembles during the assay
(20S). This could reflect the physiological properties of
the tissue tested or whether or not the extraction process
leads to disassembly. About 50 μg of fractionated mus-
cle lysates from WT and Sod1−/− were run on a 3–12%
non-denaturing, gradient polyacrylamide gel
(Invitrogen, Carlsbad, CA). The gel was run at 30 V
for 30 min in 4 °C, followed by 35 V for 1 h, 50 V for
1 h, and further increased to 75 V for 3 more hours.
Peptidolytic activity of proteasomes was detected after
incubating the gels in a Suc-LLVY-MCA substrate
dissolved in 50 mM Tris pH 8.0, 5 mM MgCl2, 1 mM
DTT, 1 mM ATP, and 0.02% SDS for 15, 30, and
60 min at 37 °C. Proteasome bands were identified by
the release of highly fluorescent, free AMC. Following
the in-gel assay, the protein from the gel was transferred
to PVDF via a wet transfer procedure and subjected to
Western blotting analyses to identify the various protea-
some subunits and whether the proteasome remained

intact or was disassembled into 20S, 19S, or other
complexes.

Western blot analysis

Western blot analysis was performed using a Bio-Rad
Criterion Gel system. The immunoblots were detected
with an enhanced chemiluminescence (ECL) system
(Amersham: Piscataway, NJ) and then visualized and
scanned on a Typhoon 9400 (Amersham: Piscataway,
NJ). Quantification of the immunoblots was performed
with ImageQuant Software (Sunnyvale, CA). The fol-
lowing antibodies against proteasome subunits were
used: α4 (mouse mAb, 1:1,000, PW8120), α7 (mouse
mAb, 1:1,000, PW8110), β2 (mouse mAb, 1:1,000,
PW9300), MECL1 (β2i) (rabbit pAb, 1:1,000,
PW8350), LMP7 (β5i) (mouse mAb, 1:1,000,
PW8845), β4 (rabbit pAb, 1:1,000, PW8890),
Rpn7(rabbit pAb, 1:1,000, PW8225), Rpn10 (mouse
mAb, 1:1,000, PW9250), Rpt5 (mouse mAb, 1:1,000,
PW8770) (Enzo Life Sciences, Plymouth Meeting, PA,
USA), and PA28α (goat pAb, 1:500, sc-21267) (Santa
Cruz Biotechnology, Santa Cruz, CA, USA).

Statistical analyses

All statistical analyses were performed on GraphPad
Prism 8, and data are presented as mean ± standard error
(SEM). The student t test was used to compare differ-
ences between Sod1 null and control WT group. For
autophagic flux analyses, 2-way ANOVA with
Bonferroni’s post hoc test was used. A p-value of less
than 0.05 was considered statistically significant.

Results

Accelerated muscle atrophy in Sod1−/− mice

In a comparison of different hind-limb muscles between
WT and Sod1−/− mice, the overall loss of wet weight of
the muscle normalized to bodyweight clearly showed
muscle atrophy in Sod1−/− mice (Supplemental
Fig. 1A). To test whether the loss of muscle mass was
the consequence of reduced myofiber cross sectional
area, gastrocnemius muscle sections from 20 months
old WT and Sod1−/− mice were stained with hematox-
ylin and eosin as well as immunofluorescence imaging
with anti-laminin (Fig. 1a (a and b)), and these sections
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were used to measure fiber cross-sectional area (Fig. 1a
(c and d)). Next, to examine muscle morphology, we
analyzed ultrathin longitudinal sections from WT and
Sod1−/− muscle using electron microscopy (EM). EM

analyses revealed that in Sod1−/−, the z-lines on the
myofibrils were disoriented, and the myofibril diameters
were considerably smaller compared to WT (Fig. 1a (e
and f)). In an agreement with the visual analysis, in

Fig. 1 Muscle atrophy in Sod1−/− mice is correlated with protein
oxidation. aMorphological and fiber cross-sectional area compar-
ison at 20 months in hematoxylin and eosin (a, b), laminin-stained
sections (c, d), and transmission electron micrograph (e, f) of
gastrocnemius muscle. Scale bar: 100 μm (in a–d) and 2 μm (in
e and f). b Ratio of gastrocnemius wet-weight normalized to body
weight. Values were compared using student t test. ***p < 0.001. c
Quantification of mean cross-sectional area in a. Values were

compared using student t test; ***p < 0.001. d Protein carbonyl
levels in cytosolic fraction ofWT and Sod1−/−muscle at 5 months
and 20 months. Values were compared using two-way ANOVA
with Bonferroni post hoc test; *p < 0.05 (WT vs Sod1−/−) and
#p < 0.05 (5 months vs 20 months). e A representative Western
blot analysis of 3-nitrotyrosin residues from total muscle lysates at
5 months and 20 months
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Sod1−/− muscle fibers, the average cross-sectional area
was ~40% less than the age-matchedWTmice (Fig. 1c).
As shown previously by our laboratory (Jang et al.
2012; Jang et al. 2010), denervation and alterations in
neuromuscular junctions were present in Sod1−/− mus-
cle (Supplemental Fig. 1B). The postsynaptic endplates
of Sod1−/− were extensively fragmented and distributed
compared to the pretzel-like form of WT endplates. The
pre-terminal side of motor axons in Sod1−/− mice dem-
onstrates regions of sprouting and abnormal thinning as
compared to those in WT. Collectively, these data sup-
port the notion that the significant muscle atrophy seen
in Sod1−/− muscle is due to denervation of NMJ (Jang
et al. 2010).

Increased oxidized proteins in Sod1−/−

Oxidatively damaged proteins accumulate in aged skel-
etal muscle, and oxidative modification of contractile
proteins impairs muscle function (Ott and Grune 2014;
Prochniewicz et al. 2008). Therefore, we assessed the
amount of oxidized proteins in muscle from wild-type
and Sod1−/− mice by measuring protein carbonyl and
nitrotyrosylated proteins. As shown in Fig. 1d, protein
carbonyls were increased by 45% in the soluble cyto-
solic fraction from young Sod1−/− mice compared to
young WT mice (5 months). Similarly, protein car-
bonyls were elevated by nearly 40% in 20-month-old
WT mice. However, in 20-month-old Sod1−/− mice,
carbonyl levels remained elevated at the level of young
Sod1−/− mice and did not increase further with age.
Peroxynitrite (ONOO−), which is formed in vivo by
the diffusion-limited reaction of superoxide anion (O
×-) and nitric oxide (NO), which are both produced in
abundance in skeletal muscle (Tidball 2005). Nitration
of the amino acid tyrosine, to produce 3-nitrotyrosine, is
reportedly a reliable index of damage by peroxynitrite
(Duncan 2003). Therefore, we measured the level of
total proteins containing 3-nitrotyrosine using Western
blot analysis (Fig. 1e). Nitrated proteins showed a trend
of increase in Sod1−/− muscle homogenate at both
5 months and 20 months, but it did not reach statistical
significance.

Increased cysteine protease calpain and caspase-3 levels
in Sod1−/−

The ubiquitin proteasome system is the major protein
degradation pathway during muscle atrophy conditions

(Bonaldo and Sandri 2013). However, the proteasome
cannot degrade intact myofibrillar proteins. Thus, sev-
eral investigators suggested that disassembled sarco-
mere by the Ca2+-dependent protease calpain is a nec-
essary first step in initiating the muscle atrophy process
(Chopard et al. 2009; Huang and Forsberg 1998;
Kandarian and Jackman 2006; Williams et al. 1999).
Previous work from Du et al. revealed that activation of
caspase-3 may also present a similar function in trigger-
ing initiation of muscle proteolysis (Du et al. 2004).
Therefore, we determined whether the cysteine prote-
ases, calpain and caspase- 3, are activated in WT and
Sod1−/−muscle. As demonstrated in Fig. 2b, m-calpain,
measured at middle age (11–16months), showed a trend
toward an increase in Sod1−/− muscle homogenate but
did not reach statistical significance. On the other hand,
caspase-3 activity was significantly elevated in Sod1−/−

muscle compared to age-matched WT (Fig. 2a). Addi-
tionally, we measured α-spectrin, which is a substrate
for both calpain and caspase-3, to further confirm their
activation. Using Western blot analysis, we found that
150-kDa cleavage product was significantly higher in
Sod1−/− (Fig. 2c). In all, our data suggest that its con-
junction with increased oxidative damage, activation of
the cysteine proteases, calpain and caspase-3, may trig-
ger the proteolytic process by cleaving contractile pro-
teins in the actomyosin complex.

Increased ubiquitinylated protein in Sod1−/−

Once myofibrillar proteins are cleaved and released
from the actomyosin complex, they are tagged with
poly-ubiquitin for further degradation by the 26S pro-
teasome through the actions of E1 ubiquitin-activating
enzyme, E2 conjugating enzyme, and E3 ligases
(Bonaldo and Sandri 2013; Du et al. 2004; Jackman
and Kandarian 2004). The level of ubiquitin-bound
proteins from the cytosolic fraction was elevated in
middle-aged Sod1−/− mice (Fig. 3a). As illustrated in
Fig. 3b, only the chymotrypsin-like peptidase activity
was increased in Sod1−/− muscle at both 5 months and
20 months, and no changes were seen in either caspase-
like or trypsin-like peptidase activity (data not shown).
On the other hand, we did not see any changes in
MAFbx1 and MuRF-1, two common E3 ligases that
are known to play a pivotal role in multiple conditions
of muscle wasting (Bonaldo and Sandri 2013), suggest-
ing different E3 ligase may be involved (data not
shown). Furthermore, in an agreement with the
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increased proteasome activity in Sod1 null muscle, a
significant increase in the protein levels of various pro-
teasome assembly was seen in Sod1−/− homogenates
with the exception of 20S proteasome. However, the
protein levels of individual 20S subunits were assessed
and β5 and Rpt5 as illustrated in Fig. 3e and f, respec-
tively. Interestingly, subunit PA28α, in contrary to the
other two, exhibited a significant decrease in Sod1−/−

mice as compared to their age-matched WT (Fig. 3g).

Increased macro-autophagy in Sod1−/− muscle

Autophagy is one of the cellular pathways that deal with
protein degradation and has been affected in response to
stress (Kroemer et al. 2010). To assess the significance
of this pathway, we examined the autophagosome for-
mation and autophagic proteins (ATG) in response to
the chronic oxidative stress condition in Sod1−/− mice.
As shown in Fig. 4a, autophagosomes were formed in
the gastrocnemius muscle fibers of 15-month-old
Sod1−/− mice along with increased accumulation of
lipid vacuoles. Intriguingly, mitochondrial damage and
swollen mitochondria co-localized with autophagosome
and lipid vacuoles, suggesting that the ROS and oxida-
tive damage to mitochondria that is present in Sod1−/−

mice may induce mitochondrial autophagy (Fig. 4a (b
and c)). Immunoblotting of the microtubule-associated
protein light chain 3 (LC3) in the absence and presence
of autophagosome–lysosome fusion inhibitor
(Chloroquine) as well as the autophagy-related protein
Beclin-1 was used to monitor the autophagic flux in
Sod1−/− mice (Fig. 4b). During autophagy, LC3-I (the
cytosolic form of LC3) is lipidated to form LC3-II,
which is specifically recruited to the phagophore to form
autophagosomes. In the presence of a lysosomal prote-
ase inhibitor that prevents the fusion between
autophagosomes and lysosomes, the amount of LC3-II
accumulates, generating an autophagic flux (Mizushima
et al. 2010). Beclin-1 is a protein that plays an important
role in autophagy by being involved in the engagement
of membranes to form autophagosomes (Mizushima
et al. 2010). Quantification of the Western blot analysis
demonstrates a significant increase in Beclin-1 protein,
but the LC3-I/LC3-II ratio was not significantly differ-
ent (Fig. 4b and d). However, when autophagic flux was
assessed after the treatment with Chloroquine to block
lysosomal fusion of autophagosome (Fig. 4d), a signif-
icant decrease in LC3-I/LC3-II was observed in Sod1−/−

muscle (Fig. 4e), suggesting more accumulation of

Fig. 2 Elevated levels of cysteine proteases activity in Sod1−/
− mice. a Caspase-3 activity measured at 11–16 months from
hind-limb muscle (b) m-Calpain activity measured at 11–
16 months from hind-limb muscle (c) Western blot quantifi-
cation and representative image of calpain substrate, α-
spectrin cleavage product (150 kDa)
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Fig. 3 A loss of Sod1 induces muscle atrophy through ubiquitin
protein systems. aA representativeWestern blot of total ubiquitin-
bound protein bound and free ubiquitin from cytosolic fraction
from 11 to 16-month-old muscle. b 20S Chymotrypsin-like pro-
teasome activity from 5 month (top) and 20 month (bottom) old
muscle. Values were compared using student t test; *p < 0.05. c A

quantification of native gel analyses of different proteasome as-
sembly muscle homogenates at 15 months of age. Values were
compared using student t test; *p < 0.05. Protein levels of 20S
proteasome subunit α7 (d) and β5 (e), 19S subunit Rpt5 (F),
and 11S proteasome activator PA28α (g). Values were compared
using student t test; *p < 0.05, **p < 0.01, and ***p < 0.001
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autophagosome in Sod1 null myofibers. In addition, the
protein level of the Atg5-Atg12 conjugate, which facil-
itates the lipidation of LC3, was elevated in Sod1−/−

muscle, which further supports an increase in the au-
tophagic flux of Sod1 null fibers (Fig. 4e).

Discussion

A growing amount of evidence suggests that the aging
of a multi-cellular organism is strongly associated with
the loss of protein homeostasis, commonly termed as
proteostasis. The maintenance of proteostasis is partic-
ularly important for skeletal muscle fibers due to its high
content of proteins (Egerman and Glass 2014). The
accumulation of abnormal proteins during aging is
widely believed to result from defects in protein break-
down (Davies and Shringarpure 2006; Ferrington et al.
2005). However, very few experimental data support
these hypotheses. Rates of protein turnover regulate
the levels of specific proteins (Bonaldo and Sandri
2013; Egerman and Glass 2014; Ferrington et al.
2005). In addition, changes in skeletal muscle protein
mass depend on the overall balance between rates of
protein synthesis and breakdown. Muscle wasting may
result from decreased protein synthesis, increased pro-
teolysis, or simultaneous changes in both processes.
These alterations are presumably multi-factorial. Major
factors implicated in the etiology of sarcopenia include
decreased physical activity, declines in α-motor neu-
rons, malnutrition, increased cytokine activity, oxidative
stress, mitochondrial dysfunction, and abnormalities in
growth hormones and sex steroid hormones (Argiles
et al. 2005; Fulle et al. 2004; Giresi et al. 2005). The
causative role of oxidative stress in sarcopenia has been
demonstrated in previous studies (Fulle et al. 2004;
Roubenoff and Hughes 2000; Sakellariou et al. 2018;
Vasilaki et al. 2017). The direct relation between chron-
ic oxidative stress and protein degradation via the ubiq-
uitin proteasome system and the autophagy–lysosome
system in vivo, however, has not been thoroughly ad-
dressed. In this present study, we utilized an aged
Sod1−/−mouse model, which is characterized by elevat-
ed levels of oxidative stress and oxidative damage to
lipid, protein, and DNA in different types of tissue,
including skeletal muscle (Jang et al. 2010; Muller
et al. 2006). In an agreement with previous findings,
we detected an increase in oxidized protein levels as
verified by the measurement of protein carbonyls and

nitrotyrosylated proteins in Sod1−/− mice as compared
to those in age-matched WT mice (Sakellariou et al.
2018). In conjunction with the increased oxidative dam-
age, the cysteine proteases, calpain and caspase-3, were
upregulated in Sod1−/− mice, with the latter being sig-
nificantly elevated. Our data suggest that an increase in
protein modifications by oxidative stress activates
calpain and caspase-3 pathways, which may subse-
quently trigger the proteolytic process by cleaving the
contractile proteins in the actomyosin complex (Du et al.
2005; Du et al. 2004). Intriguingly, we observed several
morphological alterations in myofibrils near
interfibrillar mitochondria (Figs. 1a and 4a). Previously,
we demonstrated that Sod1 null muscle display an age-
dependent increase in mitochondrial ROS emission
(Jang et al. 2010). Thus, future studies elucidating the
link between mitochondrial ROS and proteostasis, as
well as signaling pathways that govern this process, will
be needed.

The ubiquitin proteasome is the main proteolytic sys-
tem for degrading misfolded proteins, as well as oxidized
proteins (Ott and Grune 2014; Sakellariou et al. 2018). In
skeletal muscle fibers, proteasome requires the disassem-
bly of sarcomere byCa2+-dependent proteases, calpain and
caspase-3, to initiate the proteolytic process as it cannot
directly degrade intact myofibrillar proteins (Du et al.
2005; Du et al. 2004; Tang et al. 2017). Thus, the initial
cleavage and release of the myofibrillar proteins from the
actomyosin complex are crucial steps for poly-
ubiquitination and degradation by the 26S proteasome
(Du et al. 2005; Du et al. 2004; Tang et al. 2017).

While our data, in part, support the basic premise of
the oxidative stress theory of aging in skeletal muscle,
due to the deletion of the Sod1 gene in the whole body,
we cannot rule out the contribution of oxidative stress
coming from tissue other than skeletal muscle. In sup-
port of this notion, muscle-specific deletion of Sod1 and
global deletion of Sod1 show different changes in ubiq-
uitin proteasome activity, suggesting cell-autonomous
and non-cell autonomous effects of oxidative stress
potentially regulate this process (Sakellariou et al.
2018). Furthermore, it has been well documented that
proteostasis of muscle is regulated by humoral factors
such as growth hormone, IGF-1, and more (Bassel-
Duby and Olson 2006; Bodine et al. 2001; Egerman
and Glass 2014). Thus, oxidative damage in the other
endocrine organ or oxidative modification of the
secretome may also influence the acceleration of age-
dependent muscle wasting of the Sod1 knockout mice.
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Moreover, one of the emerging concepts in aging re-
search is the organ to organ crosstalk. It will be inter-
esting to test the effects of systemic oxidative stress
using the parabiosis model or tissue-specific deletion
of Sod1 in endocrine organs.

The autophagy–lysosome system is another essen-
tial proteolytic pathway that is involved in the selec-
tive turnover of cytoplasmic proteins and organelles
(Masiero et al. 2009; Masiero and Sandri 2010;

Sandri 2010). Recent studies demonstrated that autoph-
agy is required for the maintenance of muscle mass, and
inhibition of autophagy accelerates atrophy and myopathy
in adult skeletal muscle (Masiero et al. 2009; Masiero and
Sandri 2010). Similar to these studies, we demonstrated
that levels of a key autophagic protein, Beclin-1, were
significantly elevated in response to the chronic oxidative
stress in Sod1−/−mice. Moreover, the autophagic flux was
notably altered in Sod1 nullmuscle following the treatment
of muscle fibers with Chloroquine with a decrease in LC3-
I/LC3-II ratio. Several recent studies indicated that
crosstalk between ubiquitin proteasome and autophagy is
a crucial event in intracellular quality control and recycling
of essential proteins (Kocaturk and Gozuacik 2018; Nam
et al. 2017). Both ubiquitin proteasome and selective au-
tophagy recognize their target by ubiquitin tags via p62/
sequestosome-1. Moreover, reciprocal regulation mecha-
nisms are thought to be present between these conserved
degradation pathways. However, whether oxidative stress
or an accumulation of oxidized proteins disrupts this
crosstalk merits further investigation. Emerging evidence
also suggests that a controlled level of ROS plays a central
role in redox regulation and directs intracellular signaling
pathways in skeletal muscle (Jackson 2008; Jackson 2015;

Sakellariou et al. 2018). Therefore, we cannot completely
rule out the role of ROS in proteostasis (Bonet-Costa et al.
2019). Nevertheless, we can postulate that in the Sod1
knockout model and during aging, high levels of ROS/
RNS generation overwhelm the antioxidant defense and
lead to chronic oxidative stress, which in turn, disrupts the
redox balance and alters regulatory or quality control
mechanism of proteolytic systems.

In summary, our results establish a cause-and-
effect relationship between oxidative stress in vivo
and reciprocal activation of a major protein degra-
dation pathways in age-associated muscle wasting.
Thus, a better understanding of these proteolytic
pathways may provide a druggable therapeutic tar-
get against sarcopenia and frailty.
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