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Summary

Glycolysis plays a central role in organismal metabolism, but its quantitative inputs across 

mammalian tissues remain unclear. Here we use 13C-tracing in mice to quantify glycolytic 

intermediate sources: circulating glucose, intra-tissue glycogen, and circulating gluconeogenic 

precursors. Circulating glucose is the main source of circulating lactate, the primary end product 

of tissue glycolysis. Yet, circulating glucose highly labels glycolytic intermediates in only a few 

tissues: blood, spleen, diaphragm and soleus muscle. Most glycolytic intermediates in the bulk of 

body tissue, including liver and quadriceps muscle, come instead from glycogen. Gluconeogenesis 

contributes less but also broadly to glycolytic intermediates, and its flux persists with physiologic 

feeding (but not hyperinsulinemic clamp). Instead of suppressing gluconeogenesis, feeding 

activates oxidation of circulating glucose and lactate to maintain glucose homeostasis. Thus, the 

bulk of the body slowly breaks down internally stored glycogen while select tissues rapidly 

catabolize circulating glucose to lactate for oxidation throughout the body.

eTOC blurb

Glucose consumption by glycolysis is key for maintaining euglycemia. Here, TeSlaa et al. quantify 

the sources of glycolytic intermediates in mammalian tissues, finding evidence for specialized 

highly glycolytic cell populations, including red muscle, that produce most circulating lactate.
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Graphical Abstract

Introduction

Glucose has long been considered the most important circulating energy precursor in 

mammals. Its catabolic pathway, glycolysis, directly makes two ATP molecules per 

molecule of glucose. Glycolysis also produces NADH and pyruvate, which can be oxidized 

in mitochondria to make additional ATP. When mitochondrial respiration is impaired, 

pyruvate is instead reduced by NADH to lactate, which cells secrete as a waste product. 

Mammals, however, do not net excrete substantial lactate. Instead, lactate released by one 

cell is used as fuel for other cells, with most tissues of the body taking in circulating lactate 

and metabolizing it into pyruvate and downstream TCA intermediates (Brooks, 2018; 

Faubert et al., 2017; Hui et al., 2017).

Uptake of circulating lactate provides a route for cells to generate pyruvate and energy from 

carbohydrate without consuming glucose or running glycolysis. Thus, glucose uptake and 

glycolysis may not be universal features of mammalian cells. What cell types or tissues 

directly use circulating glucose? In cells that do not rely on glucose, where do glycolytic 

intermediates come from?
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Glucose uptake into tissues has been extensively studied (Baron et al., 1988; DeFronzo et 

al., 1989; Gerich, 1993; James et al., 1985a); (Gruetter et al., 1994; Taylor et al., 1992). 18F-

FDG imaging and isotope labeled 2DG uptake assays have revealed high uptake in brain, 

transformed tissue, the heart, and some muscles (Büsing et al., 2013; James et al., 1985a; 

Wetter et al., 1999), yet uptake of glucose or its analogs does not necessarily correlate with 

glucose catabolism via glycolysis (Barrio et al., 2019; Bauckneht et al., 2020; Kernstine et 

al., 2020). Accordingly, it is important to directly measure tissue glycolytic intermediate 

labeling. But, in large part due to detection challenges for glycolytic intermediates, recent 

reports utilizing stable isotope tracing in vivo have focused mostly on TCA cycle 

metabolites (Courtney et al., 2018; Davidson et al., 2016; Faubert et al., 2017; Hui et al., 

2017).

In addition to glucose, there are several other potential contributors to tissue glycolytic 

intermediate pools including glycogen breakdown and gluconeogenesis (Shulman and 

Rothman, 2017). Ultimately, glycolysis, gluconeogenesis, and glycogen synthesis and 

breakdown work in concert to maintain not only tissue glycolytic intermediates, but also 

circulating glucose homeostasis. Defective glucose homeostasis is the hallmark of type II 

diabetes. Accordingly, understanding the in vivo activity of these pathways is of great 

medical importance.

Here we utilize intravenous infusion of 13C-labeled metabolites, including glucose and 

gluconeogenic precursors, in mice to investigate the source of glycolytic intermediates. By 

conducting both direct 13C-glucose infusion and 13C-glucose pulse chase, we are able to 

dissect the contributions of glucose and glycogen. We find that circulating glucose is a 

minority contributor to glycolytic intermediates in many tissues and the bulk body as a 

whole. Both glycogen breakdown and gluconeogenesis contribute to glycolytic 

intermediates across a strikingly wide range of tissues. Despite this, glucose is the largest 

source of circulating lactate, indicating rapid glycolytic flux driven by circulating glucose 

somewhere in the body. We propose that this rapid glycolytic flux, which plays a central role 

in circulating glucose clearance, localizes to tissues where circulating glucose strongly 

labels glycolytic intermediates, including red muscle.

Results

Low labeling of glycolytic intermediates from glucose

To explore the direct catabolism of circulating glucose through glycolysis, we intravenously 

infused U-13C-glucose and measured its contribution to tissue glycolytic metabolites (Figure 

1A-B). Infusions were carried out over the final portion of an 8 h fast, with the infusion rate 

selected to achieve ~15% circulating glucose labeling. Serum collected throughout the 

infusion and tissues collected at the end of the infusion were analyzed by LC-MS (Figure 

1A).

The infusion of glucose results in rapid labeling of circulating lactate suggesting robust 

whole-body glycolysis (Figure 1C). When normalized to the labeling of circulating glucose, 

approximately 50% of lactate is labeled within the first ninety minutes of infusion (Figure 

S1A). Labeling of lactate was lower in blood collected by carotid artery catheter when 
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compared to blood collected from the tail, a site commonly sampled during intravenous 

infusions (Figure 1D). This indicates active catabolism of glucose to lactate locally within 

the tail.

In many tissues, the labeling observed in tissue glycolytic intermediates was strikingly lower 

than in circulating lactate. While labeling was detectable for glucose-6 phosphate (which, 

together with any analytically unresolved isomers, we refer to as hexose-phosphate), 

labeling was often below the limit of quantitation for other intermediates. To improve our 

detection, we developed an LC-MS method employing selected ion monitoring (SIM) scans 

for two relatively abundant glycolytic metabolites: fructose-1,6-bisphosphate and 3-

phosphoglycerate, which in combination with hexose-phosphate allowed measurements in 

upper, mid, and lower glycolysis (Table S1; Figure S1B).

The resulting improved measurement confirmed that there is only a small contribution of 

circulating glucose to tissue glycolytic intermediates, especially in tissues known to have 

important glycogen pools including liver and quadriceps, a classical example of white 

muscle rich in type IIB (fast-twitch) fibers and low in mitochondria. This paucity of labeling 

was persistent even with 8 h glucose infusions (Figure S1F-H). In contrast, red blood cells, 

spleen, soleus, and diaphragm display glycolytic intermediate labeling as high as circulating 

lactate labeling (Figure 1E). Red blood cells are known to be glycolytic (Rose and Warms, 

1966), but measurements of their lactate production rate ex vivo imply that they only 

account for approximately 2.3 nmol min−1 g body weight−1 of lactate production, roughly 

1% of whole-body lactate turnover (Figure S1C-E). The soleus and diaphragm are muscles 

rich in type I (slow oxidative) fibers and type IIA (fast oxidative) fibers with a bright red 

appearance due to high mitochondrial content. These muscles stand out for particularly high 

usage of circulating glucose to support glycolysis.

Feeding modestly increases the fraction of glycolysis from glucose

Circulating glucose homeostasis is maintained after a meal by insulin-induced glucose 

uptake into tissue. To determine if feeding induces a large shift in the in fraction of 

glycolytic intermediates that label from circulating glucose, we infused mice with U-13C-

glucose after refeeding previously fasted mice (Figure 2A). The labeling of circulating 

lactate from glucose increases modestly with refeeding, representing an increase in whole-

body lactate production from circulating glucose (Figure 2B). In tissues, there is a small 

increase in labeling in the quadricep muscles and the liver in the refed state when compared 

with fasting. Some tissues have notably lower labeling in fructose-1,6-bisphosphate when 

compared to hexose phosphate and 3-phosphoglycerate, including adipose tissue and the 

lung. These tissues may contain certain cells with high fructose-1,6-bisphosphate and low 

glucose contribution to glycolysis, and other cells with low fructose-1,6-bisphosphate and 

high glucose contribution to glycolysis. Overall, glycolytic intermediates in many tissues 

remain less than 50% labeled from circulating glucose in both the fasted and refed state 

(Figure 1E and S2A).
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Hyperinsulinemic clamp induces glucose use in glycolysis

Numerous studies have utilized infusion of supraphysiologic insulin to study insulin action, 

with infusion of glucose to maintain euglycemia, a technique termed the hyperinsulinemic-

euglycemic clamp (Ayala et al., 2011; Ayala et al., 2006). We performed clamp studies to 

determine if hyperinsulinemia could increase the labeling of tissue glycolytic intermediates 

from circulating glucose. For comparison, a separate group of mice were infused with a 

lower concentration of insulin (0.8 mU min−1 kg−1 vs 2.5 mU min−1 kg−1) that is more 

physiologic (Figure 2E and S2B-C). Hyperinsulinemia results in a large increase in the 

labeling of circulating lactate from glucose (Figure 2F). With the exception of liver, 

glycolytic intermediate labeling was also increased (Figure 2G). This confirms that sustained 

high levels of insulin induce the direct catabolism of circulating glucose via glycolysis, 

while other substrates make glycolytic intermediates under physiologic feeding and fasting.

Widespread glycolytic intermediate production from glycogen

A potential source of glycolytic intermediates is glycogen. Glycogen is predominantly 

synthesized during feeding and has slower turnover than circulating metabolites. We 

therefore hypothesized that prolonged glucose infusions that spanned a feeding period would 

label glycogen stores and thereby increase labeling in glycolytic intermediates. Consistent 

with this, extending the U-13C-glucose infusion duration to 24 h markedly increased serum 

lactate and tissue glycolytic intermediate labeling, e.g., from approximately 14% to about 

50% in quadriceps and from 16% to 40% in liver (Figure S1G,H).

To better distinguish glycolytic intermediate labeling from circulating versus stored glucose, 

we pursued a strategy of U-13C-glucose pulse-chase infusions. The pulse is a 16 h infusion 

of U-13C-glucose overnight (during the time when mice eat most liberally) which is 

designed to label the glycogen pool in tissues. After the pulse, the infusion is stopped, food 

is removed, and the mice are fasted for 8 h (Figure 3A). During this 8h “chase,” labeling in 

serum glucose declines, but labeling of glycogen is maintained (Figure 3B and S3A).

This pulse-chase strategy effectively highlights the importance of glycogen as a glycolytic 

input. If there were no glycogen contribution to glycolytic intermediates, then one could 

predict tissue glycolytic intermediate labeling during the chase from circulating glucose 

labeling. For example, relative to liver glycogen labeling, circulating glucose labeling during 

the chase is 50%. Based on the 2.5 h 13C-glucose infusion experiments, circulating glucose 

contributes only 16% of liver glycolytic intermediates (Figure 1E). Thus, we would expect 

liver glycolytic intermediate labeling of only 8% relative to liver glycogen. In contrast, the 

observed labeling is roughly 7-fold higher (> 50%), reflecting a major local contribution 

from liver glycogen (Figure 3C). Similarly, while circulating glucose contributes minimally 

to quadriceps glycolytic intermediates, in the pulse-chase experiment, glycolytic 

intermediate labeling relative to quadriceps glycogen is 80% (Figure 3D). Except for spleen, 

soleus, and diaphragm muscle, the labeling of glycolytic intermediate after pulse-chase is 

substantial in most tissues (Figure 3E, Figure S3B). Therefore, our experiments reveal an 

unanticipated widespread contribution from glycogen to glycolysis.
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A potential concern in these experiments is that the major contribution of glycogen, as 

opposed to circulating glucose, may be due to acute stress on the animals. Glycogen 

breakdown, or glycogenolysis, can be stimulated by epinephrine (Deibert and Defronzo, 

1980; Sutherland and Wosilait, 1956). To determine if the low contribution of circulating 

glucose to glycolytic intermediate is due to a stress response, we infused glucose after 

treating mice with propranolol, a beta-adrenergic receptor blocker (Juhlin-Dannfelt et al., 

1982). Treatment with propranolol did not increase the labeling of glycolytic intermediate 

from circulating glucose (Figure S3C). Thus, in fasted mice, glycogen appears to be a major 

physiological source of glycolytic intermediates.

Glycogen contribution to glycolysis in the fed state

We also examined the fed state contribution of glycogen, via pulse-chase experiments in 

which the chase ends during feeding (Figure S4A). As feeding suppresses production of 

circulating glucose from glycogen, at the end of the fed chase, the labeling of circulating 

glucose is almost zero, and any labeling observed in glycolytic intermediates presumably 

comes from glycogen. While only a small fraction of the glycolytic intermediate pool 

labeled in the liver at the end of the chase (Figure S4B), extensive labeling was seen in 

quadriceps (Figure S4C). Substantial labeling was also observed in many other tissues, 

indicating a meaningful contribution of glycogen breakdown in tissues of fed mice (Figure 

S4D).

Gluconeogenic contribution to glycolytic intermediates

Another potential source of glycolytic intermediates is from the reverse flux of circulating 

substrates via gluconeogenesis. In bona fide gluconeogenic organs such as the liver and 

kidney, in which glucose-6-phosphatase is expressed, gluconeogenic flux can produce 

circulating glucose (Cori, 1981; Felig et al., 1970; Krebs, 1964) (Felig et al., 1970). A partial 

gluconeogenic pathway may also contribute to glycolytic intermediates in organs not 

classically considered gluconeogenic. Therefore, we quantified the contribution of 

gluconeogenesis to circulating glucose and tissue glycolytic intermediates by infusing 13C-

labeled gluconeogenic precursors: lactate, alanine, glycerol, and glutamine (Figure 4A).

In fasted mice, we observe a substantial contribution of lactate (40%) and glycerol (33%), 

and to a lesser extent (~ 10%) of alanine and glutamine, to circulating glucose (Figure 4B-

E). Interestingly, we observed substantial glycolytic intermediate labeling not only in 

classical gluconeogenic tissues (liver, kidney), but also in most other organs. This 

presumably involves lactate uptake, entry into the TCA cycle via pyruvate carboxylase, and 

subsequent conversion of oxaloacetate into glycolytic intermediates via 

phosphoenolpyruvate carboxykinase (PEPCK), whose mitochondrial isoform is widely 

expressed across tissues (Stark and Kibbey, 2014). Consistent with this pathway, in most 

tissues, we observed substantial TCA labeling (including M+3 malate, reflective of pyruvate 

carboxylase flux; Figure S5A-B) and greater labeling in 3-phosphoglycerate (3pg) than in 

glycolytic intermediates closer to glucose. We also observe some correspondence between 

tissue TCA fuel preferences and gluconeogenic substrate preferences, e.g., pancreas 

preferentially uses glutamine for both, running a partial gluconeogenic pathway that largely 
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terminates at fructose-1,6-bisphosphate (Figure 4E, S5C). Thus, most mammalian tissues 

engage in at least a partial gluconeogenic pathway that produces glycolytic intermediates.

Even in the classical gluconeogenic organs, labeling of glycolytic intermediates was not 

particularly high (~ 20%). Importantly, nearly twice as much labeling from infused lactate 

was observed in circulating glucose than in either liver or kidney glycolytic intermediates 

(Figure 4B). This suggests that the bulk of gluconeogenic flux in liver and kidney occurs in a 

subset of cells, with the other cells having lower gluconeogenic flux and therefore a lesser 

contribution of lactate to glycolytic metabolites. Such heterogeneity is consistent with the 

idea of zonation of the liver (Ben-Moshe et al., 2019; Cheng et al., 2018; Halpern et al., 

2017; Katz, 1992). In the kidney, it is consistent with gluconeogenic activity localizing to the 

cortex, with the medulla instead consuming glucose (Gerich et al., 2001).

Gluconeogenesis in the fed state

We also performed gluconeogenic substrate infusions in the fed state. After refeeding, 

infusion of 13C-lactate leads to about 16% labeling of circulating glucose, less than half that 

observed in the fasted state, but nevertheless substantial. Analysis of tissue glycolytic 

intermediates revealed a persistent large contribution of lactate (Figure S6A). In contrast, 

fed-state infusions of 13C-alanine, 13C-glycerol, and 13C-glutamine resulted in limited tissue 

glycolytic intermediate labeling (Figure S6B-D). We also measured the labeling in liver 

glycogen, finding that, in the fed state, lactate contributes to hepatic glycogen production 

(Figure S6E) reflecting glycogen synthesis both directly from glucose and indirectly through 

gluconeogenesis (Moore et al., 1991; O’Doherty et al., 2000).

Hyperinsulemic clamp but not feeding blocks gluconeogenesis

We observed a substantial contribution from gluconeogenic substrates to liver and kidney 

glycolytic intermediates in both the fasted and fed states. Accordingly, we sought to quantify 

endogenous glucose production fluxes in the fed and fasted state. While individual tracing 

experiments reveal the overall contribution from the infused 13C-nutrient to downstream 

metabolites, there may be intervening paths. For example, when labeling is observed in 

circulating glucose from infused 13C- lactate, it can be either from lactate-driven 

gluconeogenesis within that tissue or from circulating alanine that was produced from 

lactate in another tissue in the body. To resolve such crosstalk, we used data from each 

infusion to determine how much each substrate labels each other potential substrate, using 

the pulse-chase experiments to reveal contributions from glycogen. The resulting labeling 

matrix can be applied to solve for each substrate’s direct contribution (i.e. contribution 

without passing through another circulating metabolite) to a given metabolite pool (Figure 

5A) (Hui et al., 2020; Hui et al., 2017)).

Analysis of the direct sources of fasting circulating glucose revealed a gluconeogenesis 

contribution (spread across substrates) of 69% and a glycogenolysis contribution of 28%. 

The glycogen contribution disappeared with feeding. The gluconeogenesis contribution 

decreased as a fraction (Figure S6F), but due to increased total glucose turnover with 

feeding, absolute gluconeogenic flux was similar across the fasted and fed states (Figure 

5B).
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This was accompanied by a shift in gluconeogenic precursor usage, from glycerol (whose 

contribution decreased, consistent with insulin inhibition of lipolysis) to lactate, with the 

flux from circulating lactate to circulating glucose trending up (Figure 5B). Thus, the Cori 

cycle is active throughout fed and fasted cycles.

We reasoned that the higher insulin levels induced by clamp (Hatting et al., 2018), as 

compared to feeding, might suppress gluconeogenesis. Therefore, we performed 

hyperinsulinemic-euglycemic clamps (2.5 mU min−1 kg−1 insulin) in combination with 

U-13C-lactate infusion, finding essentially complete suppression of gluconeogenesis (Figure 

5C, D). Labeling of 3-phosphoglycerate and fructose-1,6-bisophosphate in the liver persists 

during hyperinsulinemia, while labeling of hexose phosphate is inhibited, suggesting that 

insulin acts to inhibit fructose-1,6-bisphosphatase (Figure 5E). Collectively, these studies 

show that hyperinsulinemic euglycemic clamp, but not physiological insulin induced by 

feeding, suppresses lactate-driven gluconeogenesis.

Carbohydrate oxidation matches glucose turnover in fasting and feeding

Because we found minimal differences in endogenous glucose production between fasting 

and feeding, we reasoned that consumption pathways must be important for maintaining 

euglycemia (Figure 6A). Glucose turnover increases more than two-fold after feeding due to 

the large influx of glucose from food, and this requires a compensatory increase in glucose 

consumption (Figure 6B). Utilizing published indirect calorimetry data (Hui et al., 2020), we 

found that the amount of carbohydrate that is burned between fasting and feeding matches 

the changes in glucose turnover observed in these states (Figure 6C). This suggests that, at 

least in rodents refed during their active dark cycle, carbohydrate oxidation is the main way 

of clearing incoming dietary glucose.

There is literature evidence for the importance also of other glucose consuming pathways: 

glycogen synthesis and de novo lipogenesis (Irimia et al., 2010; Solinas et al., 2015). We 

quantified glycogen levels in tissues to calculate net glycogen synthesis rates. To quantify 

the rate of de novo lipogenesis, we performed infusion of D2O (Hellerstein et al., 1996; 

Zhang et al., 2017). When compared to carbohydrate oxidation, glycogen synthesis only 

accounted for a small fraction of whole-body carbohydrate consumption. Similarly, de novo 

lipogenesis is negligible in comparison to carbohydrate consumption by oxidation (Figure 

6D). Therefore, in the tested circumstance in mice, oxidation is the quantitatively most 

important means of carbohydrate consumption.

A whole-body model of carbohydrate metabolism

Using observations of circulating metabolite labeling, without relying on tissue metabolite 

measurements, we can use mass and isotope balancing to obtain a pseudosteady-state model 

of glucose and lactate production and consumption fluxes (Methods S1). Such modeling 

does not consider which tissues or cell subtypes are responsible for particular fluxes, but 

provides an overview of whole-body metabolic activity, integrating the results from the 

different tracer experiments. We assume that unmeasured glucose and lactate effluxes (not 

making glycogen or other metabolites) reflect terminal oxidation. The resulting oxidation 

rates, determined independent of any calorimetry data, match the amount of carbohydrate 
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oxidation measured with calorimetry (Figure 6E-F). This model emphasizes the high flux 

conversion of glucose to circulating lactate in both the fasted and the fed states, coupled with 

circulating lactate uptake and oxidation.

Compartmentalized flux from circulating glucose into circulating lactate

To bring tissue specificity to our quantitative analysis, we sought to determine the direct 

sources of tissue glycolytic intermediates and circulating lactate. Similar to our analysis of 

the source of circulating glucose, we utilized the infusion data from each potential substrate 

to determine the direct contribution of each to glycolysis. This analysis revealed that, in the 

fasted state, all tissues made glycolytic intermediates from glycogen, with the highest 

glycogen contribution in quadriceps muscles, heart, and liver. Circulating glucose also 

contributes broadly, with its contribution greatest in soleus (Figure 7A). Gluconeogenic 

substrates also make direct contributions to glycolytic intermediates, with lactate heavily 

used in liver and quadriceps, glycerol in kidney and adipose, and amino acids in pancreas.

Feeding decreases the contribution of glycogen to glycolytic intermediates in many tissues, 

most markedly in the liver, and leads to greater contribution from circulating glucose in heart 

and brown adipose tissue (BAT). In quadriceps muscles, however, even in the fed state, only 

a small amount of glucose directly contributes to glycolytic intermediates (Figure 7A). As 

skeletal muscles are known to uptake glucose in response to insulin (James et al., 1985a), 

this suggests that glucose is first assimilated into the quadriceps’ glycogen pool before being 

used in glycolysis.

To gain a whole-body perspective on the source of glycolytic intermediates, we summed the 

contributions in different tissues which were weighted for their contribution to body mass. 

Largely due to the high mass of white muscle, glycogen was the dominant overall source of 

glycolytic intermediates.

We then performed similar analysis for circulating lactate. In the fasted state, approximately 

43% of circulating lactate (205 nmol min−1 g−1) comes directly from circulating glucose, 

while about 20% (97 nmol min−1 g−1) comes from glycogen (Figure 7B). Upon feeding, the 

total production flux of lactate increases, with a shift toward increased percent contribution 

from glucose (64% or 419 nmol min−1 g−1) versus glycogen (18% or 116 nmol min−1 g−1) 

(Figure 7B), indicating persistent glycogen breakdown after eating, which aligns with the 

dominant contribution of glycogen to white muscle glycolytic intermediates even in the fed 

state. Overall, we observe a striking dichotomy between the source of whole-body glycolytic 

intermediates (glycogen) and lactate (circulating glucose), reflecting compartmentation of 

the flux between circulating glucose and circulating lactate (Figure 7C).

Discussion

Here we quantified the relative contribution of circulating nutrients and internally stored 

glycogen to glycolytic intermediate pools within tissues and to circulating glucose and 

lactate. This analysis revealed a striking discrepancy between the sources of circulating 

carbohydrate, glucose and lactate, and the sources of tissue glycolytic intermediates. In the 

fasted state, the greatest source of tissue glycolytic intermediates is glycogen, yet the largest 
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source of circulating lactate is circulating glucose. This discrepancy argues for functional 

compartmentalization of glycolysis in mammals: most flux from circulating glucose to 

circulating lactate occurs in specialized locale, while most glycolytic intermediates reside in 

other compartments that excrete lactate relatively slowly in the sedentary state and are fed 

primarily by glycogen not glucose.

The glucose-driven, highly glycolytic compartment could be organized at the level of a 

subcellular compartment, cell type, or tissue. For example, even though glucose labels 

glycolytic intermediates in intestine to a lesser extent than it labels circulating lactate, there 

may well be cell types (or subcellular compartments) within the intestine that avidly convert 

circulating glucose to circulating lactate.

The lactate secreted by the glucose-driven, highly glycolytic compartment plays a central 

role in whole body energy production, as circulating lactate—produced originally from 

glucose—serves as a major TCA substrate (Hui et al., 2017; Liu et al., 2020)). The 

predominance of lactate as a direct TCA substrate need not reflect its net consumption, but 

rather may reflect rapid exchange between tissue pyruvate and circulating lactate (Jang et al., 

2019; Liu et al., 2020; Rabinowitz and Enerbäck, 2020). Such exchange enables the 

equilibration of the cytosolic redox balance with circulating lactate and pyruvate (Corkey 

and Deeney, 2020; Goodman et al., 2020; Patgiri et al., 2020). The high magnitude of these 

reversible fluxes also ensures the capacity for net shuttling of three-carbon units between 

tissues and cell types (Brooks, 2018), likely from relatively rare highly glycolytic cells to 

other widely distributed cell types.

Interestingly, among tissues, different muscle types were on the opposite ends of the 

spectrum in terms of use of circulating glucose versus glycogen for glycolysis. Circulating 

glucose most strongly labels glycolytic intermediates in red muscle (soleus and diaphragm). 

In contrast, it makes the smallest contribution in quadriceps, a white muscle.

Muscle termed red or oxidative can be comprised of two different myofiber types: I and IIA, 

both with high oxidative capacity and mitochondrial density (Augusto et al., 2004). In mice, 

soleus is a mixture of both, while the diaphragm in mice is majority type IIA fibers 

(Greising et al., 2015). In contrast, the quadriceps in mice is majority type IIB fast-twitch 

fibers and is termed a white or glycolytic muscle. Interestingly, while referred to as 

“oxidative,” type I and type IIA fibers were previously shown to have high glucose uptake 

both basally and in response to insulin (Henriksen et al., 1991; James et al., 1985a; James et 

al., 1985b). Our data argue that they are major contributors to whole body glycolytic flux, 

converting circulating glucose to circulating lactate.

While flux from circulating glucose to circulating lactate localizes to specific tissues and/or 

cell types, glycogen metabolism proved to be a ubiquitous source of tissue glycolytic 

intermediates. This broad-based glycogenolysis renders each individual tissue capable of 

glycolytic energy production without drawing on the circulating glucose pool, partially 

dissociating circulating glucose homeostasis from tissue fuel requirements. It also makes 

glucose readily available for use by each tissue internally, even if circulation is impaired, 

e.g., due to a wound.
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We further found that gluconeogenesis—at least a partial pathway from the TCA to 

glycolytic intermediates—occurs throughout the body. Strikingly, both glycolytic 

intermediate production via gluconeogenesis and complete gluconeogenic flux to produce 

circulating glucose persist in fed animals. A potential physiological benefit of fed-state 

gluconeogenesis is conversion of nutrients that cannot be readily stored (e.g. amino acids, 

lactate) into glucose and eventually glycogen. Understanding the physiological significance 

of this metabolic activity is an important future objective, as is determining its role in 

impaired regulation of circulating glucose in diabetes.

Muscle is a primary site of insulin resistance in diabetes, and our results suggest that red 

muscles play a central role in direct catabolism of circulating glucose (DeFronzo and 

Tripathy, 2009; Kelley et al., 2002; Rothman et al., 1995). Interestingly, there are shifts in 

fiber composition toward increased fast-twitch fiber types in obesity and type II diabetes (He 

et al., 2001; MÅrin et al., 1994; Oberbach et al., 2006; Stuart et al., 2013; Tanner et al., 

2002). Given the greater direct use of circulating glucose for glycolysis in type I and type IIa 

fibers, as opposed to type IIb fibers, it is tempting to speculate that such fiber type switching 

contributes to insulin resistance. Further investigation into glucose handling in different 

muscle fiber types holds promise for advancing understanding and treatment of diabetes.

Limitations of the Study

The present study is limited to mice on a standard laboratory rodent diet, a high 

carbohydrate diet. While mice are omnivores like humans, they are much smaller, with 

higher surface-to-volume ratio, heat generation needs, and metabolic rate. In addition, mice 

generally have a higher of fraction fast-twitch muscle fibers than other mammals (Augusto 

et al., 2004). In the present study, the mice did not exercise. Exercise can induce both muscle 

glucose uptake and glycogen breakdown (Fueger et al., 2004; James et al., 1985b; Jensen 

and Richter, 2012). In addition, because fasted and feeding took place during their typical 

light and dark periods, the effects of feeding cannot be decoupled from the diurnal cycle.

In terms of measurement limitations, although our tracer experiments covered circulating 

glucose, major circulating gluconeogenic substrates, and glycogen, they did not explore all 

potential glycolytic intermediate precursors. For example, glycolytic intermediates could be 

derived locally from sources other than glycogen, such as glycerol from lipolysis or amino 

acids from protein breakdown. We did not probe such precursors. Perhaps for this reason, 

our measurements failed to account for a substantial fraction of glycolytic intermediates in 

several tissues. In addition, our analysis of glycogen contribution to glycolytic intermediates 

treats glycogen as a homogenous, well-mixed pool and does not account for the structure of 

glycogen, in which the labeling may be more concentrated on the outer layers of the 

glycogen molecule. Finally, and most fundamentally, our measurements were limited to 

ground whole tissues and therefore represent average glycolytic intermediate labeling within 

the tissue. A key implication of this study, based on comparing these tissue measurements to 

circulating metabolite labeling, is that glycolytic flux and gluconeogenic flux can be 

concentrated spatially within tissues, likely within particular cell types. Accordingly, direct 

measurement of glycolytic intermediate labeling in different cell types – by sorting or 

imaging – is a critical future objective.
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STAR Methods

RESOURCE AVAILABILITY

Lead Contact—Further information and requests for resources and reagents should be 

directed to and will be fulfilled by the Lead Contact, Joshua Rabinowitz 

(joshr@princeton.edu).

Materials Availability—This study did not generate new unique reagents.

Data and Code Availability—El-Maven (Elucidata) and AccuCor Isotope Natural 

Abundance Correction used for the analysis of LC-MS data is available on GitHub (https://

github.com/lparsons/accucor). Code used for direct contribution calculations was developed 

in MATLAB (Matworks) as is available as Supplemental Code S1. Isotope labeling data 

generated during this study is included as Supplemental Data S1.

EXPERIMENTAL MODEL AND SUBJECT DETAILS

Mouse studies followed protocols approved by the Princeton University Animal Care and 

Use Committee. Animals were housed on a normal light cycle (8AM-8PM) and fed a 

standard rodent chow (PicoLab Rodent 20 5053, St. Louis, MO). Jugular vein 

catheterization was performed on 10–24 week old male C57BL/6N male mice (Charles 

River Laboratories). Aseptic surgery was performed to place a catheter in the right jugular 

vein and to connect the catheter to a vascular access button implanted under the skin on the 

back of the mouse. For arterial sampling, an additional catheter was implanted in the left 

carotid artery and connected to a two-channel vascular access button. Catheters and vascular 

access buttons (VABs) were bought from Instech Labs. Mice were allowed to recover from 

jugular vein catheterization surgery for at least 5 days before experimentation. For 

intravenous infusions, 13C-metabolites were prepared in saline at following concentrations: 

0.2 M (fasted) and 0.8 M (fed) U-13C-glucose, 0.2 M (fasted) and 0.3 M (fed) 13C-alanine, 

100 mM U-13C-glutamine, and 100 mM 13C-glycerol. Sodium 13C-lactate was diluted to 5% 

w/w in water. The infusion setup (Instech Laboratories) included a swivel and tether to allow 

the mouse to move around the cage freely. Infusion rate was set to 0.1 μl min−1 g−1. Tail 

blood was collected by tail snip (~10 μl) while arterial blood was collected through the 

carotid artery catheter. In both cases blood was directly collected into blood collection tubes 

with clotting factor (Sarstedt 16.442.100). Blood samples were stored on ice and then 

centrifuged at 16,000 × g for 10 minutes at 4°C to get serum samples. Tissue harvest was 

performed at the end of the infusion after euthanasia either by cervical dislocation or by 

intravenous administration of 70 mg/kg pentobarbital. Tissues were quickly dissected, 

clamped with a pre-cooled Wollenberger clamp, and dropped in liquid nitrogen. Propranolol 

was administered at a dosage of 50 mg/kg by oral gavage of 5 μl/g of 10 mg/ml propranolol 

(Sigma) in 0.1% Tween 80, 0.5% Hydroxypropyl-β-cyclodextrin (MP Biomedicals, Cat 

#153540).

METHOD DETAILS

Hyperinsulinemic-euglycemic clamp—Hyperinsulinemic-euglycemic clamps were 

performed according to standard procedure with the addition of stable isotope tracers. 
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Carotid artery and jugular vein catheters were placed at least five days before procedure. On 

the day of the procedure mice were fasted at 8 am (ZT0). At approximately 11:30 am, a 

primed infusion of either [U-13C]glucose (0.2 M in saline at 1 μl min−1 g−1 body weight−1 

for 2 minutes, then 0.1 μl min−1 g−1 body weight−1) or [U-13C]lactate (5% v/v Na·

[U-13C]lactate in water at 1 μl min−1 g−1 body weight−1 for 2 minutes, then 0.1 μl min−1 g−1 

body weight−1) was begun through jugular vein catheter to measure Fcirc values. Serum 

samples of 20 and 50 μl, respectively, were collected through the carotid artery catheter after 

75 and 85 min of infusion. After 90 minutes, the insulin clamp was begun and by infusion of 

2.5 mU min−1 kg−1 insulin (Humulin, Eli Lily), variable glucose (50% dextrose w/v or 2 M 

dextrose + 0.8 M [U-13C]glucose), and red blood cell mixture (1:1 saline washed blood 

cells:10 U/ml heparinized saline) at 3.5 μl min−1. When [U-13C]lactate was a tracer, it was 

additionally infused from a separate pump (5% v/v Na·[U13C]lactate in water at 0.1 μl min−1 

g−1 body weight−1 ). Euglycemia was maintained (120–150 mg/dl) by measuring glucose 

every ten minutes with a glucometer and adjusting the glucose infusion rate as necessary. 

The insulin clamp was carried out for 2 h with blood sample collected every 10 minutes (20–

50 μl) for the last 1 h. For tissue collection, 70 mg/kg pentobarbital was administered 

through a y-connector to the jugular catheter.

Serum Metabolite Extraction—Serum (2 μl) was added to 68 μl of −80°C 100% 

methanol, vortexed, and put on dry ice for at least 5 minutes. The resulting extract was 

centrifuged at 16,000 × g for 10 minutes at 4°C and supernatant was mixed 1:1 with 80% 

methanol. After centrifugation again at 16,000 × g for 10 minutes at 4°C, supernatant was 

transferred to tubes for LC-MS analysis.

Tissue Metabolite Extraction—Frozen tissue was ground by a Cyromill at cryogenic 

temperature (Retsch, Newtown, PA). Ground tissue was then weighed (~20 mg) and mixed 

with −20°C 40:40:20 methanol:acetonitrile:water with 0.5% formic acid (extraction solvent) 

at a concentration of 25mg/ml. Samples were briefly vortexed before neutralizing with 8 μl 

of 15% ammonium bicarbonate per 100 μl of extraction solvent. Extract was then vortexed 

and centrifuged twice at 16,000 × g for 20 minutes at 4°C before the final supernatant was 

transferred to LC-MS tubes for analysis.

Metabolite Measurement by LC-MS—A quadrupole-orbitrap mass spectrometer (Q 

Exactive, Thermo Fisher Scientific, San Jose, CA) operating in negative mode was coupled 

to hydrophobic interaction chromatography (HILIC) via electrospray ionization. Scans were 

performed from m/z 70 to 1000 at 1 Hz and 70,000 resolution. LC separation was on a 

XBridge BEH Amide column (2.1 mm × 150 mm × 2.5 μm particle size, 130 Å pore size; 

Water, Milford, MA) using a gradient of solvent A (20 mM ammonium acetate, 20 mM 

ammounium hydroxide in 95:5 water:acetonitrile, pH 9.45) and solvent B (acetonitrile). 

Flow rate was 150 μl/min. The LC gradient was: 0 min, 85% B; 2 min, 85% B; 3 min, 80% 

B; 5 min, 80% B; 6 min, 75% B; 7 min, 75% B; 8 min, 70% B; 9 min, 70% B; 10 min, 50% 

B; 12 min, 50% B; 13 min, 25% B; 16 min, 25% B; 18 min, 0% B; 23 min, 0% B; 24 min, 

85% B. Autosampler temperature was 5°C, and injection volume was 5–10 μl for serum 

samples and 15 μl for tissue samples.
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For improved detection of fructose-1,6-bisphosphate and 3-phosphoglycerate, selected ion 

monitoring (SIM) scans were added. For 3-phosphoglycerate and fructose-1,6-bisphosphate, 

scans were performed from 180–190 m/z and 336–350 m/z, respectively, from 13–15 

minutes of the 25-minute gradient run with 70,000 resolution and maximum IT of 500 ms 

and AGC target of 3e6.

Data were analyzed using the MAVEN or El-MAVEN (Elucidata) software (Melamud et al., 

2010). For tracer experiments, isotope labeling was corrected for natural 13C abundance (Su 

et al., 2017).

Ex vivo blood cell culture—Mice fed ad lib were anesthetized using ketamine/xylazine, 

and blood was collected via cardiac puncture into a heparinized syringe through a 25G 

needle. Blood was incubated at 37 °C with constant agitation. 50 μL aliquots of whole blood 

were taken over the course of 6 hours and extracted with 200 μL ice cold LC-MS MeOH, 

vortexed, and placed on dry ice for at least 30 minutes to produce an extract with a final 

composition of 80% MeOH. Metabolite extracts were spun at 4 °C for 15 minutes and the 

supernatant was transferred to a fresh tube. The supernatant was dried under a N2 gas and re-

suspended in 60 μL ultrapure MilliQ water. Glucose and lactate concentrations were 

determined using the YSI 2900 biochemistry analyzer. Calculations assume 40% of blood 

volume is RBCs and that the blood content of the mouse is 0.07 ml/g (Hui et al., 2020).

Glycogen Hydrolysis and Measurement by LC-MS—Frozen cryomill ground tissue 

was weighed out (~10 mg) and mixed with 2 M hydrochloric acid (10 μl/mg of tissue). 

Glycogen acid hydrolysis was facilitated by placing in 80°C water bath for 2 hours. Samples 

were then neutralized with 12 μl/mg saturated ammonium bicarbonate before extracting with 

88 μl/mg 50:50 methanol:acetonitrile. For brain samples, glycogen was digested with 

amyloglucosidase (Sigma). Cryomill ground brain samples were first suspended 1 mg/μl in 

100mM sodium acetate buffer pH 4.5 and boiled for 5 minutes. 25 μl of sample were mixed 

with 25 μl of 20 mg/ml amyloglucosidase in the same 100mM sodium acetate buffer pH 4.5. 

Enzyme and tissue mix were incubated at 37°C for 4 hours and then extracted with 200 25 μl 

of 50:50 MeOH/ACN. All samples (both acid and enzyme digested) were centrifuged at 

16,000 × g and supernatant transferred to LC-MS tube for analysis. All samples were run 

side-by-side with a tissue sample that was directly extracted (no hydrolysis) with 110 μl/mg 

40:40:20 methanol:acetonitrile:water to measure free glucose. Samples were analyzed as 

described in the Metabolite Measurement by LC-MS section except scans were performed 

from m/z 178 to 188 and the resolution was 140,000. The LC gradient was: 0 min, 60% B; 1 

min, 60% B; 1.5 min, 50% B; 3 min, 50% B; 4 min, 25% B; 6 min, 25% B; 7 min, 0% B; 

7.5 min, 70% B; 10 min, 70% B. Injection volume was 10 μl. To subtract out free glucose, 

ion counts for non-hydrolyzed samples were subtracted from those of hydrolyzed samples to 

get the values for glycogen.

The concentration of glycogen at different time points was then used to calculate the net 

glycogen synthesis flux.
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Net glycogen synthesis =
[glycogen]2 − [glycogen]1

t2 − t1

Direct Contribution Calculations—For metabolite pools, the mass isotopomer 

distribution (after natural isotope correction) was used to calculate the fractional carbon-

atom labeling given by:

L =
∑i = 0

n i ⋅ mi
n ⋅ ∑i = 0

n mi

where n is the number of C atoms in the metabolite, i is the different mass isotopolgues (m + 

0, m + 1 etc.) and m is the abundance of the given isotopolgoue as previously 

described(Fendt et al., 2013).

Normalized labeling is defined as the fractional labeling of the metabolite of interest divided 

by the fractional labeling of the tracer (e.g. of circulating glucose in a standard glucose 

infusion experiment). For pulse-chase experiments, glycogen labeling in the tissue of interest 

is used as the tracer labeling to calculate the normalized labeling of glycolytic intermediates.

The direct contribution of circulating nutrients and glycogen to tissue glycolytic 

intermediate, circulating glucose, and circulating lactate was calculated as described 

previously1. The logic is as follows: for each infusion condition, the measured labeling in a 

given metabolite pool is the sum of the direct contribution from the tracer and contribution 

from other substrates that acquire labeling from the tracer (these other substrates are 

sometimes referred to as secondary tracers). By performing independent infusions to probe 

each secondary tracer, we can solve for the direct contributions of each potential substrate to 

a given metabolite pool. For example, for glucose and glycogen, we can write two equations:

LGI glc = Lglc glc ⋅ fGI glc + Lglycogen←glc ⋅ fGI glycogen
LGI glycogen = Lglc←glycogen ⋅ fGI glc + Lglycogen←glycogen ⋅ fGI glycogen

where LGI←glc represents the labeling observed in glycolytic intermediates from 2.5 h 

glucose infusion, Lglc←glc represents the labeling in glucose from the 2.5 h infusion of 

glucose, fGI←glc represents the direct contribution of circulating glucose to glycolytic 

intermediates, Lglycogen←glc represents the labeling in glycogen from 2.5 h infusion of 

glucose, fGI←glc represents the direct contribution of tissue glycogen to glycolytic 

intermediates, LGI←glycogen represents the labeling observed in glycolytic intermediates 

from the pulse-chase experiment, Lglc←glycogen represents the labeling in circulating glucose 

from the pulse-chase experiment, and Lglycogen←glycogen represents the labeling in glycogen 

from the pulse-chase experiment. As all of the L values are empirically measured, we can 

determine the f values by linear algebra (system of 2 equations with 2 unknowns). When 

expanding to more tracers (1..n), we can represent this in matrix format:
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L1 1 ⋯ Ln 1
⋮ ⋱

L1 n Ln n

fGI 1
⋮

fGI n
=

LGI 1
⋮

LGI n

Both of the matrix on the left and the vector on the right are empirically measured. By 

matrix inversion, we can thereby determine the f vector containing the direct contributions. 

The same approach was applied to calculate the direct contributions to circulating lactate 

and glucose. Calculations were performed in MATLAB using constrained linear 

optimization solver “lsqlin”, where, the constraints are fi>=0 and sum(f)<=1. Errors of the 

output f were obtained by Monte Carlo simulations. We randomly sample each measured 

element L (in both the matrix and the vector) multiple times (50), assuming a normal 

distribution with the experimentally measured standard deviation. The linear solver was run 

for each randomly sampled set of L, from which the errors of f were determined. To quantify 

the fraction of body tissue that comes from each source, direct contributions were multiplied 

by tissues glycolytic intermediate concentrations from Table S1 and published tissue weight 

values(Brown et al., 1997).

Circulatory turnover flux measurements—To measure the circulatory turnover flux of 

a circulating metabolite, we infused uniformly 13C labeled form of the metabolite. At 

pseudo-steady state, we measure the mass isotope distribution of the metabolite in serum. 

The circulatory turnover flux, Fcirc, and carbon atom circulatory turnover flux, Fcirc
atom, were 

calculated as previously described4,5. The fraction of the metabolite that is fully labeled, 

Lm+n (e.g. m+6 of glucose), is used to calculated the circulatory turnover flux, Fcirc:

Fcirc = R ⋅ 1 − Lm + n

Lm + n

where R is the infusion rate of the labeled tracer. To determine the carbon-atom circulatory 

turnover flux Fcirc
atom we instead use the fractional labeling of the tracer, L.

Fcircatom = R ⋅ 1 − L
L

Calculation of circulating metabolite interconversion fluxes—We calculated the 

direct contribution of all of our tracers (circulating glucose, lactate, alanine, glycerol, 

glutamine, and stored glycogen) to each other. Using this information and the carbon atom 

circulatory flux (Fcirc
atom), we can calculate the fluxes converting one circulating metabolite 

into another (interconversion fluxes), as described in detail by our group recently (Hui et al., 

2020; Hui et al., 2017) and in Supplemental Methods S1.

To do this, we first calculate the total flux through a circulating nutrient k, Jcirc,k, and then 

multiply it by the direct contribution values (as fractions) to obtain the direct contributing 

fluxes (in units of nmol carbon/min/g). The total flux through a circulating nutrient is related 
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to its Fcirc
atom, but somewhat greater if some of the influxes are themselves labeled. To 

determine the Jcirc,k, we first determine the fraction of influx that is unlabeled of the given 

metabolite, k, (ck) and use this constant to calculate the total circulatory flux through the 

metabolite:

Jcirc, k =
Fcircatom

ck

Incorporation of interconversion fluxes into whole-body model of 
carbohydrate metabolism—See Methods S1 in the supplemental information.

Quantification of de novo lipogenesis—To quantify the rate of de novo lipogenesis in 

fasted and fed states, we infused 20% D2O saline intravenously into mice in 12 h intervals 

either from 8am to 8pm (ZT0-ZT12) or from 8pm to 8am (ZT12-ZT0). When D2O is 

infused, the D2O enrichment in serum and tissue is not at steady state but increasing linearly 

with time. The final serum enrichment (p1) is a linear function of time:

p1 = t · k1

Rapid H-D exchange of tissue NADPH and D2O results in quick equilibrium between these 

pools24. NAPDH labeling (p2), therefore, also linearly increases with time:

p2 = t · k2

Because synthesis of one palmitate molecule requires 14 H from NADPH and 7 H from 

H2O, the expected deuterium per palmitate (E) will be:

E = (7 · p1) + (14 · p2) = (7 · t · k1) + (14 · t · k2)

Define

f = the average de novo lipogenesis flux per hour (gram/hour)

D = measured average deuterium per fatty acid

C = total fat amount

For an infusion of duration t hours, the deuterium amount incorporated into new synthesized 

fatty acid is:

∫ f ⋅ E dt = D ⋅ C
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f ⋅ 7
2k1 ⋅ t2 + 7k2 ⋅ t2 = D ⋅ C

f
C = D

3.5k1 + 7k2 ⋅ t2

Newly synthesized palmitate (F) in t = 12 h is given by:

F
C = 12 ⋅ f

C = D
3.5k1 + 7k2 ⋅ 12

• Values were then converted to nmol glucosyl units per hour where one 2-carbon 

unite equals 0.5 molecules of glucose.

Quantification of carbohydrate oxidation—Indirect calorimetry data recently 

published from our laboratory was used for the calculation of carbohydrate oxidation rates in 

fasting and fed states4. To calculate the approximate amount of VO2 consumption that 

comes from burning of carbohydrate, VO2 consumption and CO2 production rates were 

converted into units of nmol min−1 g body weight−1. For fasting values, we used the values 

spanning the last 2.5 h of an 8 h fast, which corresponds with our infusion experiments. Fed 

data was taken from the first 2.5 h after the lights were turned off which corresponds with 

our fed infusions data. Because more oxygen is consumed for fat oxidation than 

carbohydrate, we can calculate the amount of carbon used for oxygen consumption from 

carbohydrate, VO2carb, and from fat, VO2fat. To do this we solved the following equations:

V O2carb + V Ofat = CO2 production rate

V O2carb +
V O2fat

.6667 = O2 consumption rate

Insulin measurement—Serum insulin concentrations were measured with Insulin ELISA 

kit (Crystal Chem) following the manufacturer’s instructions.

Quantification and Statistical Analysis: Data are presented as means with error bars 

representing the standard error of the mean. T-test and one-way or 2-way ANOVA tests with 

correction for multiple comparisons were utilized to calculate p-values. p-value of less than 

0.05 was considered to be significant. Prism (GraphPad) was used for statistical analysis.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Highlights

• Most circulating lactate comes from circulating glucose

• But most tissue glycolytic intermediates come from glycogen

• This discrepancy reflects compartmentalization of glycolysis

• Glycolytic flux is concentrated in red muscle and other specialized cell 

populations
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Figure 1. Circulating glucose supplies only a fraction of glycolytic intermediates.
(A) Schematic of experimental procedures. [U-13C]glucose is infused into jugular vein 

catheterized mice. At the end of the infusion, serum and tissue are collected for LC-MS 

analysis.

(B) Schematic of glycolysis showing hexose phosphate (hp), fructose-1,6-bisphosphate 

(fbp), and 3-phosphoglycerate (3pg).

(C) Serum glucose and lactate labeling from [U-13C]glucose infusion (n=5 mice). Data is fit 

with a single exponential.
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(D) Normalized labeling of circulating lactate when sampled from the tail (n=10) versus 

from a carotid artery catheter (n=16). P-value calculated by unpaired t-test; **p=0.0021.

(E) Labeling in arterial serum glucose, arterial serum lactate (n=16 from 1D), and tissue 

glycolytic intermediates at the end of 2.5 h fasted [U-13C]glucose infusions. n=4 for most 

tissues except gastroc (n=2) and diaphragm (n=9). Tissue abbreviations are quadriceps 

fermoris muscle (quad), gastrocnemius muscle (gastroc), diaphragm (diaph), small intestine 

(small int), gonadal white adipose tissue (gwat), inguinal white adipose tissue (iwat), and 

brown adipose tissue (bat).

Mean ± SEM. Replicates indicate number of mice in which measurements were made.

TeSlaa et al. Page 25

Cell Metab. Author manuscript; available in PMC 2022 February 02.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Figure 2. Hyperinsulinemia increases glucose use in glycolysis more than physiologic feeding.
(A) Illustration of 2.5 h fasted and refed [U-13C]glucose infusion.

(B) Normalized labeling in arterial serum lactate after 2.5 h infusion in fasted (n=16 from 

Figure 1B) and refed (n=6) states. P-value calculated by unpaired t-test; *p=0.015.

(C) Normalized labeling from 2.5 h [U-13C]glucose infusion of glycolytic intermediates 

hexose-phosphate (hp), fructose-1,6-bisphosphate (fbp), and 3-phosphoglycerate (3pg) in the 

quadriceps muscles, the soleus, and the liver for fasted (n = 4 from Figure 1E) or refed (n=6 

for liver and quad, n=5 for soleus) mice. P-values calculated by two-way ANOVA; *p<0.05
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(D) Illustration of hyperinsulinemic-euglycemic clamp with additional [U-13C]glucose 

tracer. Mice infused with either 2.4 or 0.8 mU min−1 kg−1 insulin, variable glucose to 

maintain euglycemia (required only in 2.5 mU min−1 kg−1 insulin group), and tracer 

amounts of stable isotope labeled glucose. Red blood cells were also infused to maintain 

hematocrit to allow for repeated blood sampling.

(E) Insulin levels measured by ELISA in different states: fasted (n=10), refed (n=7), 0.8 mU 

min−1 kg−1 insulin infusion (n=5), or 2.5 mU min−1 kg−1 insulin infusion (n=6). P-value 

calculated with one-way ANOVA; ****p<0.0001

(F) Normalized label in arterial serum lactate after infusion of either 0.8 (n=2) or 2.5 (n=3) 

mU min−1 kg−1 of insulin with [U-13C]glucose.

(G) Normalized labeling of glycolytic intermediates hexose-phosphate (hp), fructose-1,6-

bisphosphate (fbp), and 3-phosphoglycerate (3pg) in the quadriceps muscles, the soleus, and 

the liver after infusion of either 0.8 (n=2) or 2.5 (n=3) mU min−1 kg−1 of insulin with 

[U-13C]glucose. P-value calculated with two-way ANOVA; ***p=0.0005, ****p<0.0001.

Mean ± SEM. Replicates indicate number of mice in which measurements were made.
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Figure 3. Glycogen supplies glycolytic intermediates in all tissues.
(A) Schematic of pulse-chase experiment. Mice were infused with [U-13C]glucose for 16 h 

with the goal of labeling glycogen. Next an 8 h chase was performed in which the infusion 

was stopped during 8 h of fasting to allow circulating metabolite labeling to decrease.

(B) Arterial serum glucose and lactate labeling over the course of the pulse-chase 

experiments. Combined data during the infusion is fit with a single exponential. Labeling in 

liver glycogen collected at the end of the pulse-chase is also displayed. Mean ± SEM; n=4 

mice for most time points except serum at 20 and 22 h (n=2), serum at 24 h (n=9), liver 
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glycogen at 20 h (n=5) and liver glycogen at 24 h (n=8). Error bars for some data points are 

too small to be visible.

(C-D) Labeling in serum glucose and lactate and tissue glycolytic intermediates normalized 

to glycogen labeling in the liver (C) or the quadriceps (D) at the end of the pulse-chase 

experiment. Expected labeling from circulating glucose is calculated based on the 2.5 h 

glucose infusion data from Figure 1 as described by the displayed equation; n=6 mice.

(E) Labeling in glycolytic intermediates at the end of the pulse chase experiment normalized 

to glycogen labeling measured in each tissue. n vary by tissue; n=4 mice for most tissues; 

n=6 for liver, quad, heart, and small intestine; n=5 for soleus and diaphragm, n=3 for iwat, 

bat and gastroc, and n=2 for brain.

Mean ± SEM. Replicates indicate number of mice in which measurements were made.

TeSlaa et al. Page 29

Cell Metab. Author manuscript; available in PMC 2022 February 02.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Figure 4. Gluconeogenic substrates broadly contribute to glycolytic intermediates in mammalian 
tissues.
(A) Schematic of the entry points of measured substrates into glycolysis.

(B-E) Labeling in circulating metabolites (lactate, glucose, alanine, glycerol, and glutamine) 

and tissue glycolytic intermediates after 2.5 h fasted infusion (normalized to enrichment of 

the tracer in serum). Each panel represents data from a different tracer: [U-13C]lactate (B), 

[U-13C]alanine (C), [U-13C]glycerol (D), and [U-13C]glutamine (E). Mean ± SEM; n=4 

mice in all cases except f in [U-13C]lactate infusion where n=10 mice for serum 

measurements and n=8 for liver and kidney measurements.
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Figure 5. Gluconeogenesis persists in the physiologic fed state.
(A) Illustration of substrate interconversions used to calculate the direct contributions to 

circulating glucose

(B) Direct substrate contributions to circulating glucose production flux. The total height of 

each bar is reflective of total glucose turnover, calculated by the Fcirc
atom. n ≥ 3 mice for each 

nutrient and condition.

(C) Illustration of hyperinsulinemic-euglycemic clamps performed in combination with 

U-13C-lactate infusion. Mice infused with either 2.4 or 0.8 mU min−1 kg−1 insulin, variable 

glucose to maintain euglycemia (required only in 2.5 mU min−1 kg−1 insulin group), and 
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tracer amounts of stable isotope labeled lactate. Red blood cells were also infused to 

maintain hematocrit allowing for repeated blood sampling.

(D) Normalized labeling in arterial serum glucose after the indicated 13C-lactate infusions; n 

vary by condition; fasted (n=10 mice from Figure 4B); fed (n=7 mice); insulin infusions 

(n=3 mice).

(E) Normalized labeling of liver glycolytic intermediates hexose-phosphate (hp, n=3 mice), 

fructose-1,6-bisphosphate (fbp, n=2), and 3-phosphoglycerate (3pg, n=2) during U-13C-

lactate infusion in combination with either 0.8 or 2.5 mU min−1 kg−1 of insulin with variable 

glucose.

Mean ± SEM.
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Figure 6. Carbohydrate is primarily cleared through oxidation.
(A) Schematic indicating the measured fates of glucose.

(B) Glucose turnover in the fasted (n=9 mice) and fed states (n=5 mice) from Figure 5B.

(C) The rate of carbohydrate oxidation measured by indirect calorimetry (n=6 mice per 

condition) calculated based on data from (Hui et al., 2020).

(D) Carbohydrate consumption fluxes.

(E) Fluxes of carbohydrate oxidative measured independently by stable isotope tracing (as 

consumption flux not flowing into other metabolites) or by indirect calorimetry. (F) Model 

summarizing carbohydrate production and consumption fluxes in fasting and feeding. The 

model is calculated from metabolite interconverting fluxes determined by isotope labeled 

glucose, lactate, glycerol, alanine, and glutamine infusions in each of these conditions. 

Fluxes <50 nmol C min−1 g body weight−1 are not displayed.

Mean ± SEM.
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Figure 7. Select tissues convert circulating glucose to circulating lactate, bypassing the bulk of 
whole-body glycolytic intermediates.
(A) Direct nutrient contributions to production of glycolytic intermediates in each tissue.

(B) Direct nutrient contributions to production of circulating lactate. The total height of each 

bar represents total lactate turnover.

(C) Illustration showing the amount of whole-body glycolytic intermediates that come from 

circulating glucose or glycogen, compared to the amount of circulating lactate that comes 

from each of these sources.

Mean ± SEM; n ≥ 3 mice for each nutrient and condition.
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KEY RESOURCES TABLE

REAGENT or RESOURCE SOURCE IDENTIFIER

Chemicals, Peptides, and Recombinant Proteins

D-glucose (U-13C6, 99%) Cambridge Isotope Laboratories CLM-1396

Sodium D-lactate (13C3, 98%) 20% w/w in H2O Cambridge Isotope Laboratories CLM-10768

L-Alanine (13C3, 99%) Cambridge Isotope Laboratories CLM-2184-H

Glycerol (13C3, 99%) Cambridge Isotope Laboratories CLM-1510

L-Glutamine (13C5, 99%) Cambridge Isotope Laboratories CLM-1822-H

Propranolol Hydrochloride Sigma-Aldrich 1576005

Heparin Sodium Fisher Scientific H19

Humulin 100U/ml Thermo Fisher NC1415864

Deuterium Oxide Cambridge Isotope Laboratories DLM-6-PK

Glycerokinase Sigma 6278

Experimental Models: Cell Lines

Human: A5469 ATCC CCL-185

Human: HCT 116 ATCC CCL-247

Human: MIA PaCa-2 ATCC CRL-1420

Human: PANC-1 ATCC CRL-1469

Experimental Models: Organisms/Strains

Mouse: C57Bl/6N Charles River Laboratories C57Bl/6

Software and Algorithms

MATLAB software MathWorks

Prism software GraphPad

MAVEN software Princeton University http://genomics-pubs.princeton.edu/mzroll/index.php

El-MAVEN software Elucidata https://elucidatainc.github.io/ElMaven/Downloads/

Accucor GitHub https://github.com/lparsons/accucor

Biorender Biorender biorender.com

Others

XBridge BEH Amide XP column Waters 176002889

Insulin ELISA Kit Crystal Chem 90080

Mouse Jugular Vein Catheter Instech Laboratories C20PU-MJV1301

Mouse Carotid Artery Catheter Instech Laboratories C10PU-MCA1459

Mouse Vascular Access Button, 1-channel Instech Laboratories VABM1B/25

Mouse Vascular Access Button, 2-channel Instech laboratories VABM2B/25R25
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