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This paper describes the development and evaluation of a new nested reverse transcription (RT)-PCR for the
detection of rhinovirus in clinical samples. The nucleotide sequences of the 5* noncoding regions of 39
rhinoviruses were determined in order to map the most conserved subregions. We designed a set of rhinovirus-
specific primers and probes directed to these subregions and developed a new nested RT-PCR. The new assay
includes an optimal RNA extraction method and amplicon identification with probe hybridization to discrim-
inate between rhinoviruses and the closely related enteroviruses. It proved to be highly sensitive and specific.
When tested on a dilution series of cultured viruses, the new PCR protocol scored positive at 10- to 100-fold-
higher dilutions than a previously used nested RT-PCR. When tested on a collection of clinical samples
obtained from 1,070 acute respiratory disease patients who had consulted their general practitioners, the new
assay demonstrated a rhinovirus in 24% of the specimens, including all culture-positive samples, whereas the
previously used PCR assay or virus culture detected a rhinovirus in only 3.5 to 6% of the samples. This new
assay should help determine the disease burden associated with rhinovirus infections.

Rhinovirus infections, the main cause of the common cold,
are generally restricted to the upper airways and induce only
mild symptoms. For elderly and very young individuals, how-
ever, it has been reported that rhinoviruses can also cause
lower respiratory tract infections that may result in severe
illness (23, 28, 29, 31). In addition, rhinovirus infections may
exacerbate chronic bronchitis and asthma (10, 20, 33). The full
scope of the disease burden associated with rhinovirus infec-
tions is only beginning to be recognized, since virus isolation is
difficult (24, 25) and other methods for the detection of rhi-
novirus infections are hampered by extensive genetic variation.
About 200 Picornaviridae serotypes have been identified, of
which more than 100 belong to the genus Rhinovirus (36, 39).
Sensitive and specific rhinovirus detection methods are needed
to assess the full pathogenic potential of these viruses.

Numerous reports describing the development and applica-
tion of PCRs for rhinovirus detection have been published.
Most of these PCRs are based on primers that are exclusively
directed towards sites with conserved nucleotide sequences in
the 59 noncoding region (NCR) (2, 12, 14, 16, 18, 21, 22, 38).
Other rhinovirus PCRs also use primers directed towards the
VP2 and VP4 capsid genes (11, 30, 34). Since most of these
target sequences are shared with enteroviruses, which may also
replicate in the respiratory tract, rhinovirus PCRs often in-
clude amplicon identification by probe hybridization (7, 11, 14,
16) or by restriction enzyme digestion (22). Other PCRs aim at
rhinovirus specificity by amplifying a genome segment that
differs in length between rhinoviruses and enteroviruses (4, 30,
34) or by selective secondary amplification (2, 18, 30). All
rhinovirus PCRs developed to date are based on the same five
rhinovirus prototype sequences presently available from the

genetic databases and on the sequence homology of rhinovi-
ruses and enteroviruses.

During a surveillance program on respiratory viral infec-
tions, we collected nose and throat swabs from individuals with
acute respiratory disease who had consulted their general prac-
titioners (GPs). These clinical samples were examined for the
presence of rhinoviruses by using virus culture. The same sam-
ples were also tested with a rhinovirus PCR using primers
described by Kämmerer et al. (22) in a locally developed pro-
tocol. A significant number of samples that were positive in
virus culture were negative in this rhinovirus PCR. In order to
improve rhinovirus detection, we determined the 59 NCR nu-
cleotide sequences of a panel of 39 rhinoviruses. On the basis
of this sequence information, we developed a rhinovirus-spe-
cific nested reverse transcription (RT)-PCR (“new PCR”) that
includes an optimal RNA extraction method and amplicon
identification with probe hybridization to discriminate between
rhinoviruses and enteroviruses. The sensitivity and specificity
of the assay were evaluated with a dilution series of cultured
viruses and with clinical samples.

MATERIALS AND METHODS

Clinical samples and patients. Nose and throat swabs were obtained from
patients with acute respiratory illness who had consulted their GPs. These GPs
participate in the nationwide Continuous Morbidity Registration System of the
Netherlands Institute of Primary Health Care (NIVEL, Utrecht, The Nether-
lands). Patients were included in the study when, in the prodromal stage for at
most 4 days, at least one of a set of symptoms—cough, coryza, sore throat, frontal
headache, retrosternal pain, and myalgia—was accompanied by a rise in body
temperature. Clinical samples were taken from the August to May seasons of
1994 to 1995 (1994–1995) (n 5 556) and 1996–1997 (n 5 514). For both seasons,
9, 9, 53, 21, and 8% of the samples were taken from patients of ages 0 to 4, 5 to
14, 15 to 44, 45 to 64, and .64 years, respectively. The two sexes contributed
almost equally to each age group except for the 0 to 4 group, which contained
61% boys. The nose/throat swabs were stored in 5 ml of transport medium
(Hanks’ balanced salt solution containing gelatin, lactalbumin, yeast, and anti-
biotics) and sent by normal post to the laboratory at room temperature. Most
samples were processed within 2 days (average of 1.6 days [6 1.2]). In the
laboratory, transport medium was separated from the swabs and mixed, and a
1-ml aliquot was frozen (270°C) for PCR analysis at a later stage. The remaining
transport medium was centrifuged (10 min at 3,000 3 g) and the supernatant was
immediately used for virus isolation.
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Virus culture. Virus isolation and identification were conducted according to
standard protocols (19, 25). Clinical samples (200 ml of supernatant) were inoc-
ulated into four cell cultures in tubes including tertiary cynomolgus monkey
kidney cells, human diploid lung fibroblasts, HEp-2 cells, and R-HeLa cells (a
rhinovirus-sensitive subline of HeLa). Multiple rhinovirus-sensitive cell cultures
were used because some rhinoviruses grow only in one of the cell cultures. The
maintenance medium was slightly acidic, and the tubes were incubated in roller
drums at 33°C to improve rhinovirus growth (19, 25). Rhinoviruses and entero-
viruses were recognized by their (similar) cytopathic effects and host cell ranges
and were distinguished in an acid lability assay (19, 25).

Sequence analysis of 5* NCRs. (i) Selection of isolates. The 59 NCRs of a panel
of 39 rhinovirus strains were sequenced. The panel comprised 30 Dutch isolates
from the 1992–1993, 1993–1994, and 1994–1995 seasons (including 14 viruses
from samples of the 1994–1995 season that were negative in the old PCR) and 9
prototype viruses (serotypes 1A, 7, 21, 29, 37, 58, 62, 72, and 87) displaying
different sensitivities to antiviral compounds and using different cellular recep-
tors (1, 40). The prototype viruses were obtained from the American Type
Culture Collection (Manassas, Va.).

(ii) NCR amplification and sequence analysis. Virion-associated RNA was
released by heating 25 ml of culture supernatant for 30 min at 65°C in the
presence of 5 units of RNase inhibitor (Amersham Life Science, Little Chalfont,
United Kingdom). Five microliters of this preparation was subsequently used in
a 25-ml single-tube RT-PCR, as described in “Nested RT-PCR protocol,” below.
RT-PCR was performed with primers Pr7 and Pr13 (30) or with primers Rtheo1
(59-TTAAAACTGGRTSTGGGTTGTTCCCAC-39) and Pr13 (30). Three dis-
tinct Pr7 primers were used, each modified according to the nucleotide se-
quences of rhinovirus serotypes 2, 14, and 16. The secondary (seminested)
amplification was performed with the same primers except for Pr13, which was
replaced by either Pr12 (30) or primer 1 (35). The generated amplicons were
purified with a Spin-X column (Costar, Corning, N.Y.) and directly sequenced
with the Taq DyeDeoxy terminator cycle sequencing kit (Amersham Life Sci-
ence) on a 373A DNA automated sequencer from Applied Biosystems (Foster
City, Calif.). Sequence alignment and analysis were conducted by using the
GeneWorks and DNASTAR software packages (Oxford Molecular Group, Ox-
ford, United Kingdom, and Lasergene, Madison, Wis., respectively).

Primers. Primers complementary to the most-conserved 59 NCR subregions
were designed by using the computer program Oligo (Oligo, Dortmund, Ger-
many). Primer sequences are given in Fig. 1B. Oligonucleotides were purchased
from Perkin-Elmer (Norwalk, Conn.).

RNA extraction methods. We compared five RNA extraction methods. In
extraction method A, a 25-ml sample was incubated for 30 min at 65°C in the
presence of 5 units of RNase inhibitor (Amersham Life Science), and 5 ml was
subsequently used in the PCR, as described in “Nested RT-PCR protocol,”
below. Method B consisted of RNA extraction with Trizol reagent (Life Tech-
nologies, Rockville, Md.). Method C consisted of RNA extraction with the
QIAamp viral RNA purification kit (Qiagen, Hilden, Germany). Method D
consisted of RNA extraction with the High Pure RNA isolation kit (Boehringer,
Mannheim, Germany). Method E was a silica-based RNA extraction method,
according to Boom et al. (6). In methods B, C, D, and E, RNA was extracted
from a 100-ml sample and the RNA was collected in either 50 ml (methods B, C,
and D) or 25 ml (method E) of water, according to the instructions of the
respective manufacturers; 5 ml of these RNA preparations were then used in the
PCR (see below).

Nested RT-PCR protocol. In the new PCR, viral RNA was extracted from 200
ml of transport medium by using the High Pure RNA isolation kit (Boehringer).
Five microliters of the eluted RNA preparation was then used in a 25-ml single-
tube RT-PCR. RT-PCR conditions were 50 mM Tris-HCl (pH 8.5), 50 mM
NaCl, 6 mM MgCl2, 2 mM dithiothreitol, deoxynucleoside triphosphates (1 mM
each), 2.5 units of RNase inhibitor (Amersham Life Science), 6 units of avian
myeloblastosis virus reverse transcriptase (Boehringer), 1 unit of Taq polymerase
(Perkin-Elmer), and 12.5 pmol of primers ncr2 and ncr1. Upon the RT reaction
(0.5 h at 50°C), the 59 NCR was amplified by 20 cycles at 95°C for 1 min, 50°C
for 1 min, and 72°C for 2 min. Secondary amplification was performed on 1 ml of
the RT-PCR mix in a final volume of 25 ml with primers ncr3 and ncr4 by 40
cycles at 95°C for 1 min, 64°C for 10 s, and 72°C for 2 min. Amplicon gel
electrophoresis, blotting, hybridization with biotin-labeled rhinovirus- and en-
terovirus-specific probes, and subsequent detection were conducted according to
standard protocols (37). Precautions for minimizing and checking for contami-
nation included performing sample preparation, reaction mix preparation, and
product analysis in separate rooms and the simultaneous processing of negative
control samples, comprising 20% of the number of test samples. The old PCR
protocol, initially used in the 1994–1995 season, was identical to the above
protocol except that virion-associated RNA was released by incubating the clin-
ical samples at 65°C (method A in “RNA extraction methods,” above) and that
primers coxprim1 to coxprim4, as published by Kämmerer et al. (22), were used.

Evaluation of the newly developed rhinovirus PCR. To evaluate the sensitivity
of the new PCR, it was applied to serial dilutions of cell culture-grown rhinovirus
preparations. Furthermore, the rhinovirus detection rate in clinical samples of
the new PCR was compared with that of virus culture (1994–1995 and 1996–1997
seasons) and by our previously used old PCR assay (1994–1995 season only). The
specificity of the new PCR was determined by sequence analysis and virus culture
(combined with the acid lability test).

Nucleotide sequence accession numbers. The nucleotide sequence data re-
ported in this paper have been submitted to the GenBank database under
accession no. AF108149 to AF108187.

RESULTS

NCR sequence analysis. (i) NCR amplification. We se-
quenced the 59 NCRs of 39 rhinoviruses, including recent iso-
lates and prototypes, in order to design optimally matching
primers for a rhinovirus-specific PCR. To obtain nucleotide
sequences encompassing the most-conserved 59 NCR subre-
gions, amplification by seminested PCR and subsequent se-
quencing were done with primers directed towards less well
conserved sites at the 59 terminus of the 59 NCR and in the
open reading frames VP4 and VP2. First, primers (Pr7, Pr13,
and Pr12) published by Mori and Clewley (30) were used (Fig.
1A). Using three versions of the 59 primer Pr7, adapted to the
nucleotide sequence of rhinovirus serotypes 2, 14, and 16, we
were able to amplify the 59 NCRs from eight of the nine
selected prototype rhinoviruses and from 20 of the 30 selected
field isolates. Subsequent attempts to amplify (parts of) the 59
NCRs of the other selected rhinovirus isolates and prototype
viruses with several combinations of primers indicated that
PCR failure was caused by (additional) sequence variation in
the Pr7 region. The 59 NCRs of these isolates and prototype
viruses, however, were amplified by using the primer Rtheol,
which is directed towards the 59 terminus of the rhinovirus
genome (Fig. 1A). Finally, the 59 NCR of rhinovirus serotype
87 was amplified by replacing primer Pr12 with primer 1, an
enterovirus-specific primer (35).

(ii) NCR sequence variation. Analysis of the 39 obtained
rhinovirus 59 NCR sequences, together with the five rhinovirus
prototype 59 NCR sequences available from the genetic data-
bases, revealed a particular pattern of sequence variation:
short stretches of generally 1 to 6 relatively well conserved
nucleotides separated by stretches (mostly similar in size) of
highly variable residues (data not shown). This pattern resulted
in a relatively high level of nucleotide sequence variation (up
to 50%) between individual 59 NCR sequences. Figure 2 shows
a dendrogram based on an alignment of all 44 NCR sequences
available (about 470 nucleotides bordered by regions A and F
[see below]). It appears that these rhinovirus 59 NCR se-
quences group into multiple clusters. The rhinovirus serotype
87 NCR sequence was the most divergent, which is in line with
its particular phenotype. The cellular receptor used by rhino-
virus serotype 87 is different from those used by all other
rhinoviruses examined (13, 15, 27, 40). Comparison of the
rhinovirus serotype 87 NCR sequence with the 59 NCR se-
quences of enteroviruses revealed that this rhinovirus is genet-
ically much more closely related to enteroviruses than to other
rhinoviruses (data not shown).

(iii) Conserved 5* NCR subregions. Fortunately, a number
of large and well-conserved subregions suitable for primer
design are present in the variable rhinovirus 59 NCR. Most of
these regions, A to F (Fig. 1B), have already been used by
others for rhinovirus detection by PCR. In our large set of 59
NCR sequences, regions E and F appeared to be most con-
served. Only one nucleotide substitution was observed for a
single sequence in region E. Region D, which we used for
probe hybridization to discriminate between rhinoviruses and
enteroviruses, showed only very limited sequence variation
(predominantly at nucleotide position 363). Discriminative
probe hybridization is based on an extra thymidine residue
present in enteroviruses at position 359 (16). In our data set,
such a residue was absent from all but one rhinovirus 59 NCR,
namely that of rhinovirus serotype 87. Region C appeared as a
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new, previously unrecognized conserved region. It displayed a
separate consensus sequence specific for a cluster of rhinovi-
ruses, including the serotype 14 strain (Fig. 2). Similarly, region
A showed sequence variation that is partly cluster specific.
Finally, region B displayed little sequence variation, almost
exclusively restricted to two central nucleotide positions.

Improvement of the rhinovirus PCR. (i) Primer selection
and detection limits. We first designed primers directed to-

wards the conserved 59 NCR subregions A to F (Fig. 1B). Since
others have previously designed primers for the same regions,
most of the primers used in this study are only marginally
different in sequence. Six primer combinations were tested at
various annealing temperatures in a nested RT-PCR format
with three rhinoviruses, namely, rhinovirus serotype 2 and rhi-
noviruses 9219168 and 9504967. These rhinoviruses were se-
lected to represent the most divergent 59 NCR sequences (Fig.

FIG. 1. (A) Locations and orientations (arrows) of primers used to amplify the 59 NCRs of 39 rhinovirus isolates and prototypes (see Materials and Methods). The
gray bar represents the 59 NCR from which the nucleotide sequence was determined. The black regions, labeled A to F, indicate the locations of the relatively long,
well-conserved subregions. For reference, the complete rhinovirus genome is given at the top. (B) Nucleotide sequences (cDNA) of the six relatively long,
well-conserved subregions of the rhinovirus 59 NCR. At the top, the consensus sequence of each region is given together with its relative position based on the rhinovirus
serotype 2 sequence. Identical residues are indicated with dots; a dash indicates that no nucleotide residue is present at that particular position. At the bottom, the
sequences of the primers and probes used in the study are given. Arrows indicate primer orientations. The coxprim1 to coxprim4 primers were previously published
by Kämmerer et al. (22). The codes of the rhinovirus field isolates and prototypes from which the sequences were derived are given on the left. Rhinovirus serotype
x is abbreviated as rhino x. The seven-digit numbers represent field isolates; the first two digits indicate the year of isolation. The sequences of rhinoviruses marked
with bullets were downloaded from the GenBank sequence database.

FIG. 2. Dendrogram based on the sequence alignment of a 530-nucleotide region (bordered by regions A and F) of the 59 NCRs of 44 rhinoviruses. The codes of
the rhinovirus field isolates (seven-digit numbers) and prototypes (“rhino x”) from which the sequences were derived are given on the right. ■, sequence obtained from
the GenBank database.
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1B). The assay sensitivities achieved by the various primer
combinations were determined by testing the primers with a
series of 10-fold dilutions of each of the three rhinoviruses
(data not shown). Three of the primer sets that amplified these
viruses most efficiently, together with a previously used primer
set (set I [Table 1]), were subsequently tested with a larger
panel of viruses consisting of 13 rhinoviruses and 7 enterovi-
ruses (rhinoviruses 9219168, 9504967, serotype 2, serotype 87,
serotype 14, 9503504, 9501469, 9306388, 9408089, 9501936,
9501943, 9409389, and serotype 72; enteroviruses coxsackievi-
rus A9, coxsackievirus A21, coxsackievirus B3, coxsackievirus
B4, echovirus 11, echovirus 12, and enterovirus 70). Primer set
III proved to be superior to or performed as well as the three
other primer sets for all rhinoviruses tested except for rhino-
virus field strain 9409389 (data not shown). On average, the
detection limit for rhinoviruses was 10 times lower with a
nested RT-PCR based on primer set III (the new PCR) than
with the previously used nested RT-PCR based on primer set
I (the old PCR). Primer set III is not the best choice for the
detection of enteroviruses. The nested RT-PCR based on
primer set I appeared to be most sensitive for the detection of
the—arbitrarily selected—enteroviruses. In the present study,
we focused specifically on rhinovirus detection. In order to
develop a PCR for the sensitive detection of both rhinoviruses
and enteroviruses, additional primers that are more specific for
enteroviruses (e.g., directed to region A) should be included.

(ii) Selected primers and risk of mismatches. The primers of
set III were all elongated compared with the primers directed
towards the same regions that were used in other PCRs. Only
primer ncr1 had an altered nucleotide composition. The ab-
sence of sequence variation in region F allowed the crucial
initiation step of cDNA synthesis to be primed with a perfectly
matching primer (ncr2). We observed the most sequence vari-
ation in regions A and B. Therefore, primer mismatches are
expected to predominantly affect the annealing of only one of
the primers (the sense primer) of each primer pair. With this
particular distribution of the observed sequence variation over
the primer target sequences, the impact of variability in regions
A and B on assay sensitivity is expected to be low, especially
since both sense primers are elongated compared to those
previously designed for these regions. Moreover, primer ncr1
no longer carries mismatched nucleotides to the consensus
sequence of the majority of rhinoviruses in this region. Because
of the elongation of the primer, the occasional mismatch ex-
pected in the target sequence of the sense primer for region B
(ncr3) will now be located at a greater distance from the 39
primer terminus (Fig. 1B) and therefore will have less influ-
ence on the efficiency of the priming process.

(iii) RNA extraction method. Five RNA extraction methods
were compared with respect to their efficiencies in recovering
rhinovirus RNA from nose/throat swabs. Two positive clinical
samples that were each serially diluted in pooled negative
clinical samples were used. By methods C, D, and E, all based
on the adherence of RNA to silica particles, the detection limit
of the assay was about 10 times lower than that of methods A
and B, which rely on RNA release by heating only and on

ethanol precipitation after virus membrane solubilization, re-
spectively (results not shown). The High Pure RNA isolation
kit of Boehringer (method D) was selected for further exper-
iments, since it was the least time consuming.

Evaluation of the newly developed rhinovirus PCR. (i) Sen-
sitivity. To determine whether the enhanced analytical sensi-
tivity of the newly developed PCR (new PCR) did indeed
result in an improved detection rate of rhinovirus genomic
RNA in clinical samples, we tested a large number of nose/
throat swabs from patients with acute respiratory disease who
had consulted their GPs. We examined 556 swabs from the
1994–1995 season and 514 swabs from the 1996–1997 season by
using virus isolation (both seasons), the old PCR (1994–1995
season), and the new PCR (both seasons). Table 2 shows the
results obtained in both seasons. In the 1994–1995 season, the
old PCR tested positive in about half of the culture-positive
specimens and detected rhinovirus in another 3% of the cul-
ture-negative samples. In contrast, the new PCR scored posi-
tive in all culture-positive samples and identified rhinovirus in
about 18% of the culture-negative specimens, raising the PCR
detection rate for this season from 6.1 to 23.9%. No specimens
from the 1996–1997 season were examined with the old PCR,
but a very similar fraction of the samples in this season tested
rhinovirus positive when assayed with the new PCR (23.5%).
Virus culture detected only 3.5% positive samples in this sea-
son.

(ii) Specificity. All rhinovirus culture-positive samples were
also positive with the new PCR. Analysis of 63 rhinovirus PCR
amplicon sequences from the 1996–1997 season revealed that
all of these sequences were indeed rhinovirus sequences, indi-
cating that the specificity of the new PCR is 100% (results not
shown).

(iii) Clinical relevance. To obtain information about the
temporal association between a positive rhinovirus PCR test
result and the clinical symptoms displayed by the patient, we
resampled 26 patients on an average of 32 days after the first
sample had tested positive with the new rhinovirus PCR. No
rhinovirus was detected in any of the 19 follow-up samples
taken from patients who had recovered from respiratory ill-
ness. In contrast, rhinovirus RNA was detected with the new
PCR in 7 of 14 follow-up samples obtained from individuals
(n 5 14) still reporting respiratory illness.

TABLE 1. Oligonucleotide primer setsa evaluated in a nested RT-PCR with dilution series of 13 rhinoviruses and 7 enteroviruses

Primer pair
Primer set

I II III IV

Outer coxprim1 1 ncr2 coxprim3 1 ncr2 ncr1 1 ncr2 coxprim3 1 ncr2
Inner coxprim3 1 coxprim4 ncr5 1 ncr4 ncr3 1 ncr4 ncr3 1 ncr4

a See Fig. 1B for oligonucleotide sequences.

TABLE 2. Rhinovirus detection in clinical samples

Sample parameter

No. (%)

1994–1995
season

1996–1997
seasona

No. tested 556 514
Positive by virus culture 35 (6.3) 18 (3.5)
Positive by old PCR 34 (6.1) ND
Positive by virus culture and old PCR 18 (3.2) ND
Positive by new PCR 133 (23.9) 121 (23.5)

a ND, not done.
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DISCUSSION

To enhance the diagnostic sensitivity of the rhinovirus PCR,
we analyzed a panel of 44 rhinovirus 59 NCR sequences and
designed optimally matching oligonucleotide primers. We de-
veloped a new nested RT-PCR with these primers that in-
cludes an optimal RNA extraction procedure and amplicon
identification by probe hybridization to discriminate between
rhinoviruses and enteroviruses. This assay proved to be highly
sensitive and specific, as determined by titration of cultured
rhinoviruses and by a comparative study with 1,070 clinical
samples obtained during two seasons in The Netherlands.

The impulse for the present study was the observation that a
number of virus culture-positive clinical specimens had tested
negative with a previously used PCR. This underlines the im-
portance of using both a virus isolation method and a PCR
detection technique. These assays serve as mutual controls for
sensitivity. The sequence variation displayed by the 59 NCRs of
44 rhinoviruses was carefully mapped to assess whether primer
mismatches due to sequence variation could explain the low
sensitivity of the old rhinovirus PCR. Such mismatches are
likely to occur, since the primers for all rhinovirus PCRs de-
veloped to date are based on the nucleotide sequences of only
five rhinovirus prototypes isolated decades ago. Indeed, better
matching primers could be designed for the same, but pres-
ently more accurately defined, conserved 59 NCR subregions.
When compared with the primers we initially used (coxprim1
to coxprim4), only three nucleotide substitutions were intro-
duced into the new primers (all in the ncr1 primer [Fig. 1B]).
However, the new sequence information also allowed us to
elongate all four primers of the nested PCR. The increased
lengths of the primers probably contributed the most to the
increased sensitivity of the new PCR. One may conceive that,
for example, the elongated primers ncr1 and ncr3 directed
towards regions A and B still anneal efficiently even when a
sequence variation that is similar to what we observed in our
data set is encountered (Fig. 1B). In addition, the implemented
efficient RNA extraction method also contributed significantly
to the increased sensitivity of the new PCR. We have chosen to
develop a nested PCR in order to obtain an assay with the
highest possible sensitivity. In a pilot experiment, we obtained
detection limits with a single PCR (no secondary amplifica-
tion) that were 100-fold lower than we were able to achieve
with a nested PCR. Only by using a nested PCR assay that
incorporates an optimal RNA extraction method, optimally
matching primers, and amplicon identification and detection
by probe hybridization may we expect to develop a robust assay
that detects most, if not all, rhinoviruses.

We designed PCR primers based on the sequence informa-
tion obtained from a specific set of (tissue-cultured) rhinovi-
ruses. We expect, however, that our new PCR will detect the
vast majority of all circulating wild-type rhinoviruses since (i)
the primers were designed on the basis of a large set (n 5 44)
of rhinoviruses, including viruses dependent on different cel-
lular receptors and from both antiviral groups (A and B) (1,
40); (ii) we were able to obtain the 59 NCR sequences of all
rhinoviruses selected for analysis; (iii) presently circulating rhi-
noviruses and old prototype rhinoviruses, isolated decades ago,
still appear to have the same conserved sequences; and (iv) the
conserved primer regions are part of the internal ribosome
entry site, whose function is essential for viral replication (5).

Since we chose to target a 59 NCR region that is similar in
length for both rhinoviruses and enteroviruses, we added a
discriminative amplicon hybridization step to the rhinovirus
PCR. Only nucleotide position 359, located in conserved sub-
region D, displayed rhinovirus- and enterovirus-associated

variation that could be readily utilized. Our surveillance data
indicate that the chance of rhinovirus misclassification is low
since (i) we observed a 100% match between the results of
probe hybridization and the results of acid lability testing for
all rhinoviruses and enteroviruses cultured in the two illness
seasons studied (n 5 58), (ii) all 63 amplicon sequences that we
have determined (rhinovirus probe positive) were true rhino-
virus sequences, and (iii) only 1.6 and 3.8% of the samples
were scored as enterovirus positive with the new PCR in the
two monitored seasons (data not shown). Rhinovirus serotype
87 poses a special problem. It has the enterovirus-specific nu-
cleotide at position 359 (Fig. 1B) and will therefore be falsely
labeled as an enterovirus in our assay. This imperfection is
difficult to avoid since we—quite unexpectedly—found that the
entire 59 NCR of rhinovirus serotype 87 is much more closely
related to the 59 NCR sequence of enteroviruses than to that of
rhinoviruses (data not shown). Actually, the problem is that,
irrespective of their genomic structures, rhinoviruses and en-
teroviruses are defined as acid-labile and acid-resistant picor-
naviruses, respectively.

With the new PCR, we detected a rhinovirus in about 24%
of the clinical samples. This new PCR was able to detect a
rhinovirus in at least four times as many specimens as could be
detected by virus isolation (Table 2). This is even more signif-
icant since our culture techniques ensured optimal conditions
for rhinovirus isolation, and significant inactivation of rhinovi-
rus during transport is unlikely since the rhinovirus inactivation
rate at room temperature is low (9). Still higher incidences (up
to 53%) of rhinovirus infections have, however, been reported
for several other PCR-based surveillance studies also targeting
nonhospitalized individuals (3, 17, 18, 21, 26, 32). Several fac-
tors could explain this discrepancy. We sampled not only dur-
ing the expected peak incidence of rhinovirus infection but
nearly throughout the entire year, from August to May. Fur-
thermore, most of the patients in our study suffered from
relatively severe respiratory disease, which could be character-
ized as an influenza-like illness. Therefore, rhinovirus infec-
tions typically associated with milder respiratory diseases such
as the common cold are less likely to be detected. Finally, our
patients were not sampled at first symptoms but only when they
had consulted their GPs, mostly because the respiratory dis-
ease had persisted. Considering these differences, our rhinovi-
rus detection rate of 24% is surprisingly high.

There is experimental evidence that respiratory disease is
positively correlated with the load of rhinoviruses in the respi-
ratory tract (8). Introduction of an assay with a lower detection
limit therefore has the inherent danger of a decreased clinical
relevance of positive test results. The detection rate of rhino-
virus infection in healthy individuals or, with the same line of
reasoning, in patients with a respiratory disease from another
cause may increase selectively relative to that in individuals
actually suffering from respiratory disease caused by rhinovi-
ruses. However, follow-up sample testing suggests a temporal
association between a positive test result and the displayed
respiratory disease, even when rhinoviruses were detected by
the sensitive new PCR. We were unable to detect rhinoviruses
in those patients who had recovered from disease, suggesting
that rhinoviruses were not likely to be present as “commensal”
organisms. In contrast, we detected a rhinovirus in 7 of the 14
follow-up samples when the initial respiratory symptoms per-
sisted. In these cases, amplicon sequencing indicated viral per-
sistence by the absence of sequence variation (data not shown).
However, case control studies are required to provide further
data on the causal relationship between rhinovirus infection
and disease. Asymptomatic infections in 0 to 4% of adult
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control individuals and in as many as 12% of healthy children
have been reported in other surveillance studies (18, 21).

In conclusion, we developed an improved, highly sensitive
and specific nested RT-PCR for the detection of rhinoviruses
in clinical specimens. Using the new PCR, we demonstrated
that the acute respiratory tract disease of about 24% of the
patients consulting their GPs was associated with a rhinovirus
infection. The presently described assay should help determine
the disease burden associated with rhinovirus infections in
different categories of patients more accurately. In addition,
evaluation of the clinical management of and the antiviral
therapy for infections with rhinoviruses, as well as other respi-
ratory pathogens inducing similar symptoms, can be improved
with the presently described new rhinovirus PCR.
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