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Abstract

Dyneins make up a family of AAA+ motors that move toward the minus end of microtubules. 

Cytoplasmic dynein is responsible for transporting intracellular cargos in interphase cells and 

mediating spindle assembly and chromosome positioning during cell division. Other dynein 

isoforms transport cargos in cilia and power ciliary beating. Dyneins were the least studied of 

the cytoskeletal motors due to challenges in the reconstitution of active dynein complexes in vitro 

and the scarcity of high-resolution methods for in-depth structural and biophysical characterization 

of these motors. These challenges have been recently addressed, and there have been major 

advances in our understanding of the activation, mechanism, and regulation of dyneins. This 

review synthesizes the results of structural and biophysical studies for each class of dynein motors. 

We highlight several outstanding questions about the regulation of bidirectional transport along 

microtubules and the mechanisms that sustain self-coordinated oscillations within motile cilia.
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INTRODUCTION

Dynein is the primary motor responsible for motility and force generation toward the 

minus ends of microtubules (MTs) (124, 150) and drives a myriad of cellular processes 

in eukaryotes (69, 136, 138). Cytoplasmic dynein (dynein-1) carries membrane-bound 

organelles (components of the endocytic pathway, Golgi vesicles, peroxisomes), viruses, 

transcription factors, aggregated proteins, and mRNA-containing particles toward the 

nucleus (for a review, see 136). In neuronal axons, dynein-1 is the only motor that drives 

retrograde transport toward the cell body (125, 148). Dynein-1 also plays important roles in 

mitosis, including positioning the spindle, focusing the MTs into poles, and regulating the 
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spindle assembly checkpoint (152). Surprisingly, a single dynein-1 heavy chain gene appears 

to be responsible for this enormous breadth of cellular activities. In comparison, more than 

40 kinesin motors perform complementary cellular functions by moving toward the plus end 

of MTs (60). Consistent with its role as an essential retrograde motor, defects in dynein-1 

function impair neuronal integrity and lead to developmental (98) and neurodegenerative 

disorders (38, 53).

Dynein-2 drives intraflagellar transport (IFT) in the retrograde direction in motile and 

sensory cilia (126). IFT carries axonemal precursors and membrane proteins for the growth, 

maintenance, and sensory functions of cilia (115). Dynein-2 associates with IFT at the 

ciliary base and is transported to the tip by kinesin-2 (24). The primary role of dynein-2 is 

to recycle IFT components and signaling proteins from the tip to the base (115, 127), and 

null mutations result in short cilia filled with IFT particles (126). Mutations in dynein-2 

subunits have been linked to skeletal ciliopathies including shortened limbs, cystic kidneys, 

and retinal degeneration (177).

A large family of axonemal dyneins is located between adjacent MT doublets of an 

axoneme, which is composed of nine MT doublets arranged in a circle, surrounding a 

central pair of MTs (70, 176). These motors slide the parallel array of MTs relative to each 

other, and flexible linkers between MT doublets convert sliding motions into bending of 

motile cilia. The structural organization and regulation of axonemal dyneins power ciliary 

beating and determine distinct beating patterns observed in various ciliates. The absence of 

axonemal dyneins leads to a broad spectrum of ciliopathies, such as male infertility and 

primary ciliary dyskinesia (185).

Earlier biophysical and biochemical studies focused primarily on dynein-1. Single-molecule 

and bulk kinetics studies unraveled how dynein-1’s mechanochemistry is coupled to the 

stepping, force generation, and processivity of a functional dimer (27, 39). Advances in the 

biochemical reconstitution of the entire dynein-1 transport machinery (105, 144) and the 

resolution revolution in cryo-electron microscopy (cryo-EM) (52, 172, 186) have recently 

revealed how dynein is recruited to specific cargos and activated for processive motility. 

Although dynein-2 and axonemal dyneins are significantly less understood than dynein-1, 

important strides have recently been made in elucidating their structures and regulation. In 

particular, cryo-electron tomography (cryo-ET) studies of intact cilia have begun to shed 

light on how dynein-2 motors interact with IFT trains (76) and how thousands of axonemal 

dyneins are coordinated to power bending and self-coordinated oscillations of motile cilia 

(116).

In this review, we begin by discussing the assembly, motility, and regulation of the dynein-1 

transport machinery, which also serves as a primer for other dynein motors. We then focus 

on how dynein-2, together with kinesin-2, drives IFT along the length of cilia. We cover 

recent advances in the structure and regulation of axonemal dyneins, focusing specifically 

on models that describe their self-coordination during the ciliary beating. We conclude 

with a discussion on some of the remaining questions in the dynein field and highlight 

experimental approaches that might prove useful in understanding the regulation of this 

complex motor.
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CYTOPLASMIC DYNEIN

The Architecture of the Dynein-1 Complex

The 1.4 MDa dynein-1 complex is a dimer of six polypeptides (Figure 1a). The dynein-1 

heavy chain (HC) (530 kDa) is the largest subunit and contains a C-terminal motor domain 

and an N-terminal tail domain (21, 86). Like other AAA proteins, dynein-1’s motor domain 

self assembles into a ring of six AAA modules. The catalytic site of each AAA module 

is characterized by complementary Walker A and Walker B motifs and an arginine finger 

from the adjacent AAA module (86, 146). Unlike other members of the family, dynein-1 

is unusual in that its six AAA modules are concatenated into a single polypeptide and not 

identical (63). The first four AAA subunits bind ATP, whereas AAA5 and AAA6 do not 

possess a nucleotide-binding pocket. AAA1 is the primary site for ATP hydrolysis, and ATP 

binding and hydrolysis mutations to this site fully abolish motility (25, 85). Although AAA2 

binds ATP, it lacks the catalytic glutamate in the Walker B motif for hydrolysis. ATP binding 

to this site plays a structural role in rigid body motions within the ring (86, 146, 147). AAA3 

and AAA4 hydrolyze ATP asynchronously with AAA1 and serve as regulatory sites for 

dynein-1 motility (25, 32).

In contrast to kinesin, whose MT interface is located on the surface of the ATPase core 

(60), dynein-1’s MT-binding domain (MTBD) is located at the end of a 15-nm coiled-coil 

stalk between the AAA4 and AAA5 modules (47). The stalk and MTBD are intimately 

related, as sliding in the stalk coiled-coils by a single turn changes the affinity for MTs 

(50, 83). Stalk sliding is mediated by AAA5 and AAA6, which propagate conformational 

rearrangements from AAA1 down to the stalk via the buttress, a short coiled-coil that 

extends from AAA5 (86, 146). From yeast to mammals, the motor domains of dynein-1s 

are structurally homologous. However, mammalian dynein-1 contains an additional 32-kDa 

globular C-terminal domain that resides near the pore of the AAA+ ring on the opposite side 

of the linker. The C-terminal domain has been proposed to regulate processivity and force 

generation (118, 121), but the underlying mechanism remains unclear.

The N terminus of the AAA+ ring connects to an α-helical bundle referred to as the linker. 

The linker undergoes nucleotide-dependent conformational changes at the surface of the ring 

and serves as a mechanical element to power dynein motility (18, 84). The N-terminal third 

of the HC is referred to as the tail; it dimerizes the HCs and provides a scaffold for two 

copies of the intermediate chain (IC) and light-intermediate chain (LIC), as well as three 

light chains (LCs) recruited by the IC (186).

Assembly and Activation of the Dynein-1 Transport Machinery

Single-molecule studies established that the dynein-1 HC purified from yeast 

Saccharomyces cerevisiae is an active motor capable of processive motility in the absence of 

any cofactors and associated peptides (137). Similar to kinesin and myosins, the ability of 

dynein-1 to walk processively requires the dimerization of the HCs; monomeric constructs 

are incapable of taking consecutive steps along MTs (137). In contrast to yeast dynein-1, 

both recombinant and tissue-purified mammalian dynein-1 motors were not processive, 

generated weak forces, and had low MT-binding affinity (33, 101, 166, 170). Initially, this 
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seemed to be at odds with the robust dynein-1-driven transport in mammalian cells. EM 

studies revealed that mammalian dynein-1 forms an autoinhibited conformation, nicknamed 

the φ-particle because it resembles the Greek letter phi (3) (Figure 1a). In this conformation, 

the motor domains self-dimerize in an antiparallel orientation through pairwise interactions 

between the linker, ring, and stalk, and the stalk coiled-coils are stabilized in the low-affinity 

state. Overall, the φ-particle inhibits the simultaneous binding of both MTBDs to the MT. 

Mutation of interacting residues between the motor domains leads to the opening of the φ 
conformation, but dynein-1 is still unable to walk processively in the open conformation. 

This is because the dimerization interface in the tail domain remains in the twisted 

conformation, which prevents the motor domains from adopting a parallel orientation (186). 

Yeast dynein-1 has also been reported to form a φ-particle (104), suggesting that this 

autoinhibitory mechanism is well-conserved among species. Yet yeast dynein-1 can walk 

when it transiently switches to the open conformation (104), suggesting that its tail does not 

inhibit simultaneous interaction of the motor domains with the MT.

The observations that surface-immobilized dynein-1 monomers rapidly glide MTs and that 

dimerization of two motor domains through a long rigid rod leads to a higher prevalence of 

processive movement (166) suggest that mammalian dynein-1 is capable of driving robust 

motility, but there might be an essential component missing in the motility assays. The 

obvious target for the search of a missing component was dynactin (Figure 1b), a 1.1-MDa 

23-protein complex that contains a short actin-like Arp1 filament (173). Dynactin serves as a 

cofactor for all dynein-1-mediated processes in the cytoplasm (51, 149). However, dynactin 

had a low affinity to dynein-1 and did not affect the velocity or ATPase activity in vitro 

(77, 82). Studies in live cells showed that dynein-1 can be specifically recruited to a cargo 

through the coiled-coil domain of Bicaudal-D and Hook family proteins (10, 145, 159). In 

vitro reconstitution assays showed that these cargo adaptors link dynein-1 to dynactin and 

activate processive motility at speeds comparable to that of the retrograde transport observed 

in neurons (105, 122, 144).

Cryo-EM studies of reconstituted dynein-1-dynactin-cargo adaptor (DDX) complexes 

revealed the mechanism that activates mammalian dynein-1 motility (26, 173). The coiled­

coil region of the cargo adaptor runs between dynein-1 and dynactin and stabilizes their 

interactions. The dynein-1 tail exhibits translational symmetry when it is bound to the Arp1 

filament of dynactin. This leads to downstream structural changes that enable the motor 

domains to adopt a parallel orientation, thus priming dynein-1 for processive movement 

(Figure 1c). Dynactin can also recruit a second dynein-1 dimer side-by-side with the first 

dimer (52, 172) (Figure 1c). These complexes exhibit increases in both processivity and 

velocity compared to complexes with one dynein-1 dimer (39, 172).

Mutagenesis of the φ interface results in the hyperactivation of dynein-1 and causes mitotic 

defects (104, 186), suggesting that the transition of dynein-1 from the φ, to the open, 

to the active conformation is tightly regulated by dynein-1-associated factors. Recent in 

vitro studies proposed that transition to the open conformation is regulated by Lis1. Lis1 

is the only known accessory factor that binds directly to dynein-1’s motor domain (65), 

Because Lis1 binds to the dynein-1 motor domain near the AAA3 site (65), it prevents self­

interactions between motor domains in the φ conformation and favors the open conformation 
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of dynein-1, which has a higher affinity to dynactin (186). Lis1 promotes the assembly of 

dynein-1 with dynactin and a cargo adaptor (40, 64, 104) and dissociates from activated 

DDX complexes (40, 64) (Figure 2). This model is consistent with in vivo studies, which 

identified Lis1 as a required cofactor for most, if not all, dynein-1-driven transport in the 

cytoplasm (103).

Studies in live cells indicated that Lis1 also facilitates the plus-end localization of dynein-1 

(93, 159). In reconstituted assays, Lis1 is not required for tip tracking of dynein-1 (35), but it 

enhances the frequency at which DDX is recruited to plus ends (6). In contrast, the CAP-Gly 

domain of the p150Glued subunit of dynactin directly interacts with MT plus tip-tracking 

proteins EB1 and CLIP-170 and facilitates the assembly of the complex at the plus end (72). 

Therefore, Lis1’s role in dynein-1 tip tracking can be explained by the enhanced interaction 

of Lis1-bound dynein-1 with dynactin localized at the plus end (Figure 2).

Because heterozygous mutations of Lis1 result in lissencephaly (103), it is tempting to 

speculate that the association of Lis1 with dynein-1 is regulated by additional factors. 

Cellular and biochemical studies indicated that Nde1/Ndel1 simultaneously interacts with 

Lis1 and dynein-1 and enhances Lis1 binding to dynein-1 (65, 179, 187). How Nde1–

Lis1–dynein-1 interactions affect the assembly of active motor complexes remains to be 

demonstrated.

The Mechanochemical Cycle

As dynein-1 moves along an MT, ATP hydrolysis in the AAA+ ring of each monomer 

generates a series of conformational changes, which detach the monomer from the MT and 

reorient its linker domain to produce a net step toward the minus end (140). This repetitive 

conversion of chemical energy to mechanical work is referred to as the mechanochemical 

cycle. Structural studies revealed the snapshots of the dynein-1 motor domain in the apo, 

ATP-like, ADP.Pi, and ADP states (9, 21, 86, 87, 146, 147). Biochemical and spectroscopic 

studies measured the kinetics of transitions between these states (66, 84, 110). The results 

of these studies can be summarized in a model for an ATPase cycle that results in a minus 

end–directed step (Figure 3).

Dynein-1’s cycle is primarily driven by the nucleotide state (apo, ATP, ADP.Pi, and ADP) of 

the AAA1 site (25, 85), which controls the conformation of the linker (straight versus bent) 

and the registry of the stalk coiled-coils (α versus β) within a dynein-1 monomer (138). In 

the nucleotide-free state (Figure 3, State 1), the nucleotide-binding pocket of AAA1 is in the 

open conformation. The arginine finger from AAA2 is positioned away from the Walker A 

and Walker B motifs of AAA1, making an incomplete catalytic site. The stalk coiled-coils 

are in the α registry, in which the MTBD is tightly bound to the MT. The linker is in the 

straight conformation and spans the AAA+ ring from AAA1 to its hydrophobic docking site 

at AAA5 (86, 146).

ATP binding to AAA1 results in a series of conformational changes that result in the 

release of the motor from the MT and bending of its linker, yet the order of events 

between ATP binding and hydrolysis is unclear. This is due to the inherent challenges 

in trapping the AAA1 site in the prehydrolysis (ATP-bound) or posthydrolysis (ADP.Pi) 
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states. The ATP hydrolysis–deficient mutant of AAA1 has been used to trap AAA1 in the 

ATP-bound state (25). The negative stain EM structure of this mutant (9) was similar to the 

ATP-hydrolysis transition state of native dynein-1 in ADP-vanadate (ADP.Vi) at a higher 

resolution (147). Collectively, these structures reveal that, upon ATP binding, the arginine 

finger from AAA2 moves into close contact with the γ-phosphate of ATP, which propagates 

rigid-body movements throughout the AAA ring (9, 139). AAA5 and AAA6 rotate together 

and pull the return coil of the stalk via the buttress. This shifts the stalk coiled-coils to the 

β registry (Figure 3, State 2) (120, 147), which triggers MT release (Figure 3, State 3) (83). 

Additionally, ATP binding to AAA1 causes the ring to adopt a planar conformation (9, 139). 

The linker moves into the bent (prepowerstroke) conformation, exiting the ring near AAA2 

(Figure 3, State 4) (139, 147). This priming stroke of the linker has been proposed to move 

the MTBD toward the minus end and generates a net bias in dynein-1 directionality (96, 

139).

To generate a productive cycle, dynein-1 must release from the MT before its linker 

undergoes the priming stroke. It is possible that ATP binding to AAA1 first triggers the stalk 

registry shift and the release of MTBD from the MT. After MT release, dynein-1 hydrolyzes 

the ATP, and the linker undergoes the priming stroke in the ADP.Pi state (Figure 3, State 4). 

Consistent with this view, the linker adopts straight, bent, and intermediate conformations 

before ATP hydrolysis occurs at AAA1 (9), whereas the linker of native dynein-1 was 

observed only at the bent conformation in the ADP.Vi state (139, 147). Solution kinetic 

measurements raised another possibility that both MT release and the priming stroke occur 

in the ATP-bound state, but MT release occurs more quickly, whereas it takes longer for the 

linker to be stabilized in its bent conformation (66).

After a brief diffusional search for a new binding site, the MTBD of the stepping monomer 

rebinds to the MT in the ADP.Pi state (Figure 3, State 5). Stable docking of the MTBD to 

its binding pocket may result in a shift of the stalk coiled-coils to the α registry (86, 169), 

which then rotates AAA5 and AAA6 to their original positions and releases the inorganic 

phosphate (171). After phosphate release, the linker returns to its straight conformation by 

docking at AAA5 in the ADP state (Figure 3, State 6) (146). This is referred to as the 

powerstroke, which generates force and enables dynein-1 to pull its cargo in the forward 

direction (7). After ADP release, dynein-1 returns to the apo state (Figure 3, State 1). As a 

result, the motor takes a step toward the minus end upon single ATP hydrolysis at the AAA1 

site (39, 137), and this cycle repeats many times before the motor eventually dissociates 

from its track.

While AAA1 is the primary site of ATP hydrolysis, catalytic activity at AAA3 is required 

for robust motility, as mutations defective in ATP binding or hydrolysis at this site 

significantly reduce speed and force generation (25, 32). Single-molecule studies proposed 

that ATP hydrolysis at AAA3 is decoupled from the mechanochemical cycle, but it 

completes the circuitry that allows the nucleotide state of AAA1 to control the MT affinity 

(32). When AAA3 is in a posthydrolysis ADP-bound state, conformational changes from 

AAA1 are relayed through the ring (Figure 3, State 0), resulting in fast motility (32). When 

nucleotide binding or hydrolysis of AAA3 is inhibited through mutagenesis, the rotations 

at AAA5 and AAA6 are inhibited. This traps the linker in a straight conformation and the 
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stalk in the α registry (9), resulting in tighter MT binding and substantially reduced velocity 

and force generation (32). It remains to be tested whether the AAA3 switch is regulated by 

dynein-1-associated factors to repurpose the motor as a long-distance transporter or an MT 

anchor. Lis1 has been shown to simultaneously bind to the AAA ring and the stalk based on 

the nucleotide state of AAA3 (30), suggesting an additional regulatory role of Lis1 in the 

mechanics of dynein-1 motility.

Although AAA4 also have conserved Walker A and B motifs for ATP binding and 

hydrolysis, the catalytic glutamate in AAA4 is positioned away from the nucleotide (86, 

147). Therefore, the ATP hydrolysis activity of this site may be greatly reduced. Recent 

work has shown that blocking ATP binding to AAA4 fully inhibits dynein, whereas blocking 

ATP hydrolysis has a little effect on motor velocity (99a). These results indicate that AAA4 

remains mostly in the ATP-bound state and that the nucleotide plays a structural role for the 

AAA1 site to drive the priming stroke of the linker and sliding of the stalk coiled-coils (99a).

How Dynein-1 Steps Along Microtubules

While the mechanochemical cycle explains how the nucleotide hydrolysis is coupled to 

key conformational states within a dynein-1 monomer, the ability of the motor to take 

many successive steps (referred to as processivity) requires the concerted action of the two 

monomers in an active dimer (137). High-resolution tracking studies revealed that dynein-1 

exhibits a fundamentally different stepping behavior than kinesin-1. Kinesin-1 takes uniform 

8.2-nm steps (the distance between adjacent tubulin binding sites) on a single protofilament 

toward the plus end by alternating stepping of its two monomers in a hand-over-hand pattern 

(12, 184). Unlike kinesin, dynein-1 monomers are often located on adjacent protofilaments 

and can step independently of each other (31, 133). The motor is still capable of processive 

movement even when one of the monomers is catalytically inactive (7, 28). Due to its 

large and flexible structure, dynein-1 takes both forward and backward steps of different 

sizes (Figure 4a), as well as sidestepping to neighboring protofilaments (137). In vitro 

studies showed that sidestepping provides dynein-1 with extra flexibility to navigate around 

obstacles on MTs (43, 92). In the absence of tight coordination between stepping of the 

monomers, dynein-1 processivity may be limited by the likelihood of both monomers 

to simultaneously release from the MT. However, a dimer can take many steps before 

dissociation because the mechanochemical cycle of the monomers is rate-limited by ADP 

release in the high-affinity state (61).

The high variability in the size and direction of dynein-1 stepping alters the separation 

between the monomers. When the motor domains are positioned side by side, either 

monomer can release from the MT and take a step while the other serves as a tether (31, 

133). When the monomers are well separated, they are expected to sense intramolecular 

tension due to the stretching of the linker domains (28, 117). The tension was proposed to 

prevent overstretching of the dynein-1 dimer by accelerating the forward stepping of the 

monomer in the lagging position while shifting the size and direction of the steps taken by 

the leading monomer in the backward direction (31). Collectively, the intramolecular tension 

keeps the monomers near each other by partially coordinating the rate and direction of their 

steps (28).
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Origin of Minus-End Directionality

One of the remarkable feats of molecular motors is their exclusive preference to step in a 

particular direction along the cytoskeleton. The kinesin motor family contains a subclass that 

walks toward the MT minus end (75, 178), and these motors drive retrograde transport in 

certain plants that lack the dynein gene altogether (182). In comparison, all dyneins studied 

to date are minus end–directed motors (129). Structural studies proposed that the priming 

stroke of the stepping monomer swivels the AAA+ ring toward the minus end of the MT, 

generating a net bias in a dynein step (Figure 3, State 4) (22, 96, 140). Evidence for the 

linker swing model came from a protein engineering study that reversed the direction of 

dynein motility (19). This was achieved by the insertion of two complementary mutations 

to the stalk. The angle that the stalk makes relative to the MT was reversed by moving the 

positions of the proline residues that generate a kink near the stalk base (19). The AAA+ 

ring was flipped relative to the stalk axis by adding seven-heptad insertions to the coiled­

coils (22) (Figure 4b) such that the linker swing is directed toward the plus end. Therefore, 

the priming stroke of the linker generates the minus end–directed bias in dynein stepping 

and the angle and length of the stalk control the direction that the linker swings relative to 

the MT (19). Because the stalk length and the residues that tilt the stalk coiled-coils are fully 

conserved among dyneins (119), all dyneins are predicted to move toward the minus end.

Force Production of Dynein-1

Dynein-1 is exposed to mechanical forces by other motors bound to the same cargo, active 

fluctuations of the MT cytoskeleton, and the viscous drag from the crowded cytoplasm. 

Therefore, the ability of dynein-1 to maintain minus-end directionality when subjected to 

resistive forces may be critical for a broad range of its cellular functions, including the 

transportation of large organelles and positioning of the mitotic spindle. Dynein-1 motility 

has been studied extensively under force using an optical trap. These studies have shown 

that minus end–directed motility of dynein-1 slows down under resistive forces, and the 

motility comes to a stall at approximately 4 pN (7, 8, 14), lower than the 6-pN stall force 

of kinesin-1 (162). Similar to kinesin and myosin motors, a dynein-1 monomer generates 

force when its linker undergoes the powerstroke in the MT-bound state, whereas the priming 

stroke generates little to no force (7). While the monomer in the leading position bears most 

of the load in kinesin-1 (56), dynein-1 stall force is achieved by active load sharing between 

monomers, presumably due to their flexible and extended structures (7).

Optical trapping has also been used to measure how fast dynein-1 monomers release from 

MTs under force. These studies showed that the MT release rate increases substantially 

when the motor is pulled toward the minus end (assisting force). In comparison, release 

under plus end–directed (hindering) force was slow (28, 117). It remained controversial 

whether dynein-1 forms a catch bond (stronger under load) (90, 94), an ideal bond (load­

independent), or a slip-ideal bond (load-independent after a certain threshold) (117) with 

an MT under hindering load. A recent optical trapping study of yeast dynein-1 proposed 

that dynein-1 forms an asymmetric slip bond with the MT, in which the MT release rate 

increases with hindering forces, albeit less drastically than with assisting forces (42) (Figure 

4c). Because motors are also pulled away from the MT when subjected to either hindering 
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or assisting forces in single bead assays (81, 131), dynein-1 may exhibit even greater 

asymmetry in the absence of azimuthal forces.

The asymmetry in force-induced detachment also explains how the velocity of a dynein-1 

dimer is affected by external forces. In the absence of ATP, dynein-1 moves processively 

in the direction of applied force, and the velocity under assisting forces is higher than that 

under hindering forces (48). In the presence of ATP, hindering forces slow down minus end–

directed motility and bring the motor to a stall when the work done by the force is equivalent 

to the mechanical energy that dynein-1 generates from single ATP hydrolysis (7, 42, 48). 

Under superstall forces, dynein-1 slowly moves toward the plus end (48). The anisotropic 

response of dynein-1 to external forces enables this motor to harness energy from active 

fluctuations of the MT network for faster motility (42).

Locking the registry of the stalk coiled-coils by cysteine crosslinking results in a loss of the 

asymmetry in MT detachment, demonstrating that the asymmetry arises from force-induced 

changes in the stalk registry (135). When dynein-1 is pulled backward, the coiled-coils shift 

to the α registry and dynein-1 remains strongly bound to the MT. When pulled forward, the 

coiled-coils shift a half turn into an intermediate registry between α and β, resulting in faster 

MT release (135).

Some dynein-1-driven processes may require the concerted action of multiple motors 

that collectively generate tens of piconewtons of force (134). To understand how motor 

copy number affects collective motility and force generation, DNA origami was used as 

a programmable scaffold to recruit a known number of motors (29, 39, 46). Increasing 

the motor copy number does not affect the speed of processive kinesin-1s or dynein-1s. 

However, multiple dynein-1s can sustain much larger forces, whereas the kinesin-1 copy 

number has a modest effect on stall force (29, 46). This might be due to the high propensity 

of kinesin motors to detach from MTs under resistive loads, which limits the number of 

kinesins pulling the cargo forward (4, 34). In comparison, the asymmetric force response 

of dynein-1 enables multiple motors to remain bound to the MT and share the resistive 

loads (42). Because dynein-1 is less likely to slip back under load, it successfully acts as 

a formidable opponent to stronger (6 pN stall force) kinesin motors in a purely mechanical 

competition (8, 29). The recruitment of a second dynein-1 to dynactin nearly doubles the 

force generation of the dynein-1 transport machinery (6–7 pN) (Figure 4d) and increases 

the likelihood of dynein-1 winning the tug-of-war (39, 172). Unlike in DNA origami 

experiments, the recruitment of two dynein-1s to dynactin results in faster movement (172) 

through allosteric interactions between the tails of closely packed dynein-1 motors (39).

Regulation of Dynein-1-Driven Transport

Intracellular transport is regulated by motors, adaptors, and other binding partners in a 

cargo-specific manner such that critical cargos can be delivered to many destinations far 

from the cell center (53). Yet not much is known about how the activity of plus and minus 

end–directed motors are spatially and temporally controlled to determine in which direction 

the cargo moves. Studies in live cells suggested that frequent pauses and reversals of cargo 

movement can be explained by the mechanical tug of war between kinesin and dynein-1 

motors on a cargo (11, 58, 158). However, the tug-of-war model does not adequately explain 
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why inhibition of one motor also reduces transport in the direction of the competing motor 

(for a review, see 57). In addition, DNA origami assemblies of kinesin and dynein-1 move 

very slowly, as these motors actively compete against each other (7, 39). This is in contrast 

to the fast speeds observed with most intracellular cargos as they move unidirectionally 

between pauses and reversals (41, 58).

Shortcomings of the tug-of-war model have given rise to more elaborate coordination 

models in which motor activity is regulated by accessory proteins. For example, the recent 

discovery of adaptors that recruit both kinesin and dynein-1 to specific cargos raised the 

possibility that these adaptors also regulate motor activity (20). Recent in vitro studies 

showed that the Hook3 adaptor simultaneously recruits dynein-1 and kinesin-3 (80) and 

activates these motors for processive motility (156). Unlike the pausing and directional 

switching of Hook3-driven cargos (151), these assemblies did not exhibit reversals and 

moved at substantially faster speeds than those reported for the tug of war between kinesin-1 

and dynein-1 (7, 39, 80). It is possible that the motors are reciprocally coordinated when 

recruited by a native cargo scaffold to avoid full mechanical competition. An alternative 

mechanism was proposed based on the studies of the JIP1 adaptor, which controls the 

direction of amyloid precursor protein transport in axons by recruiting either kinesin-1 or 

dynein-1, but not both (44). These models need to be tested further by in-depth structural 

and biophysical studies of kinesin–dynein assemblies on native scaffolds.

The direction of cargo transport can also be regulated by signals encoded on MT tracks. 

In humans, there are seven α- and eight β-tubulin isotypes, which are expressed in a cell 

type–specific manner (71). These tubulin isotypes are also subject to a wide variety of 

post-translational modifications (PTMs), which label a subset of MTs in cells. While MTs 

in neuronal axons are modified by detyrosination, acetylation, and glutamylation, dendritic 

MTs are tyrosinated (141). The tubulin code hypothesis postulates that the complex tubulin 

isotype and modification patterns govern which motors can bind and transport cargos along 

these MTs (175). This hypothesis has been supported by in vitro and in vivo studies (71, 88). 

In dendrites, tyrosinated and acetylated MTs orient differently and serve as preferred tracks 

for kinesin-3 and kinesin-1, respectively (164). In vitro, DDX exhibits a strong preference 

for binding tyrosinated MTs (106). However, tubulin PTMs only mildly affect the MT 

recruitment and velocity of kinesin motors in vitro (78, 157), suggesting that the tubulin 

code fine-tunes bidirectional transport, rather than functioning as a binary switch for motors 

(71).

The MT lattice is also densely coated with a wide variety of structural MT-associated 

proteins (MAPs), which regulate the stability and organization of MTs (13). MAPs consist 

of a large family of proteins characterized by a short MT-binding region (79, 102) and long 

disordered regions extending from the MT surface (13). The immunostaining of neurons 

showed a heterogeneous distribution of MAPs across neuronal compartments (111), and this 

distribution correlates with the role of these MAPs in the control of intracellular traffic. For 

example, the overexpression of tau disrupts the transport of synaptic vesicles in axons (36, 

68). Similarly, MAP2 sorts the entry of axonal cargos by inhibiting kinesin-1 while allowing 

kinesin-3 to drive cargo transport at the preaxonal filtering zone (55). In vitro studies showed 

that MAPs generally inhibit motor-driven transport, with a few exceptions. While kinesin-1 
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is strongly inhibited by tau, DCX, MAP2, and MAP9, it is activated by MAP7 (62, 112). 

Kinesin-3 is activated by MAP9 and DCX but inactivated by other MAPs (112). Consistent 

with these observations, recruitment of kinesin-1 and kinesin-3 to MTs in cultured cells 

depends on the presence of MAP7 and DCX, respectively (5, 99). Selective activation of 

kinesin motors by MAPs gave rise to the MAP code model postulating that MAPs are 

master regulators of cargo transport as well as other processes that occur on the MT surface 

(112). However, no MAP has been reported to enhance dynein-1-driven transport along MTs

—suggesting that either one remains to be identified or an alternative mechanism enables 

dynein-1 to navigate through inhibitory MAPs. Except for MAP9, MAPs were shown to 

less strongly inhibit dynein-1 (112, 163), raising the possibility that MAPs sort outgoing 

cargos driven by kinesins but not the dynein-1-driven transport in the retrograde direction. 

The MAP code model has been challenged by many competing MAPs to occupy the same 

compartments in neurons. In vitro studies showed that activation of kinesin-1 motility by 

MAP7 is not sufficient to allow this motor to walk along MTs decorated by another MAP 

(112). Therefore, it remains unclear how motors transport cargos in the presence of other 

inhibitory MAPs. Future in vitro reconstitution experiments will be required to determine 

whether the interplay between the tubulin code and the MAP code regulates the motility of 

individual motors and the direction of the bidirectional transport machinery on MTs.

INTRAFLAGELLAR TRANSPORT DYNEIN

While dynein-1 is responsible for almost all minus end–directed motility and force 

generation on MTs in the cytoplasm, other dyneins are specifically localized to cilia. 

Cilia are thin, membrane-covered extensions that protrude from the cell surface. The core 

structural component of cilia is the axoneme, which is composed of nine MT doublets 

extending plus-end-out in a circular arrangement, surrounding a central pair of MTs (Figure 

5a). To assemble and maintain cilia, axonemal precursors and signaling proteins must be 

transported from the basal body to the tip, while damaged proteins must be continually 

removed and cleared by the IFT machinery (89). Ciliary cargoes are loaded onto IFT trains 

assembled from IFT-A and IFT-B complexes (142). IFT-B is a 16-protein-core complex that 

recruits motor proteins and carries most ciliary cargos (76), whereas IFT-A, together with 

the BBSome (183), functions as an adaptor complex that links transmembrane proteins to 

IFT-B (115). These particles are organized into IFT trains at the ciliary base and transported 

anterogradely toward the ciliary tip by kinesin-2 and retrogradely back to the base by 

dynein-2 motors (for a review, see 115) (Figure 5a).

Dynein-2 motors comigrate with anterograde trains driven by multiple kinesins (24). 

Experiments using temperature-sensitive mutants in Chlamydomonas showed that dynein-2 

is not active when transported anterogradely by kinesin-2 (24, 153). Cryo-EM of 

Chlamydomonas flagella revealed that, on anterograde trains, dynein-2 is autoinhibited 

by the φ conformation and faces away from the MT surface (76). The autoinhibited state 

of dynein-2 exhibits similar features to the φ-particle conformation of dynein-1, and the 

mutation of the φ interface results in a nonprocessive motor in the open conformation (167, 

168). Unlike dynein-1, the dynein-2 forms an asymmetric dimer with one HC in a straight 

and the other HC in a switch-back conformation due to the different conformations of ICs 
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and LCs that hold the complex together (Figure 5b) (168). The dynein-2 φ-particle precisely 

matches the repeating structure on subtomogram averages of the IFT-B trains (76, 168).

Anterograde trains move along the length of the cilium without transient pausing or reversals 

and offload their cargos when they arrive at the ciliary tip (180). Within a few seconds, 

IFT complexes split apart and mix with other IFT components to assemble retrograde 

trains (24, 107), which have a different morphology than anterograde trains (76). The 

mechanism of IFT tip turnaround and switch of the motors remains to be elucidated. 

Kinesin-II was proposed to be deactivated through phosphorylation by ICK kinase at 

the tip (23). While kinesin-II hitches a ride with retrograde IFT trains in Caenorhabditis 
elegans (130), inactivated kinesin-II dissociates from IFT and diffuses back toward the 

base in Chlamydomonas (24). It remains unclear how dynein-2 is activated at the tip to 

initiate retrograde transport. Because the dynein-2 tail has a different structural organization 

than dynein-1 (168), it may utilize a distinct mechanism or a ciliary factor to open the φ 
conformation. It is also possible that dynein-2 partners with a specific IFT complex subunit, 

which serves as a cargo adaptor. During the structural organization of the retrograde trains, 

this adaptor protein may face toward MTs and activate dynein-driven transport. Consistent 

with this possibility, a temperature-sensitive mutant of the IFT172 subunit of IFT-B results 

in defective IFT particle turnaround at the tip in Chlamydomonas (128), which may be due 

to defects in dynein-2 activation.

Although multiple IFT trains move back and forth along a cilium at a time, trains moving 

in opposite directions do not collide. This suggests that the trains can either dynamically 

switch between MT tracks or recognize different MTs depending on the active motor (1). 

Cryo-ET revealed that anterograde trains bind specifically to B-tubules of MT doublets, 

while retrograde trains are associated with A-tubules—supporting a model in which kinesin­

II and dynein-2 motors recognize specific MT tracks (160). It remains unclear whether IFT 

motors recognize a distinct geometry of MT doublets, recognize specific tubulin PTMs on 

A- and B-tubules (73), or are regulated by unidentified machinery that designates IFT trains 

for specific MT tracks at the base and tip of cilia.

AXONEMAL DYNEINS

Motile cilia generate a beating waveform, which powers cell motility, generates fluid flow 

in respiratory airways and the spinal cord, and mediates cell signaling (108) (Figure 6a). 

Beating is powered by sliding of adjacent MTs through the collective action of periodically 

arranged dynein motors (161) and is tuned by other axonemal components. Dynein motors 

attach via their tails to the A-tubule to form two distinct rows of arms along the length of 

each MT doublet. One row consists of outer arm dyneins (OADs), and the other row consists 

of inner arm dyneins (IADs), with periodicities of 24 nm and 96 nm, respectively (70, 116) 

(Figure 6b). The nexin-dynein regulatory complex (N-DRC) comprises a major structural 

component of the axonemal dynein repeats and is also responsible for interconnecting 

adjacent doublet MTs (54).

Canty et al. Page 12

Annu Rev Biophys. Author manuscript; available in PMC 2021 November 15.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Structure of Axonemal Dyneins

Due to their biochemical complexity and difficulties with recombinant expression, structural 

and mechanistic information gathered about axonemal dyneins is lagging behind that about 

dynein-1. Recent advances in cryo-EM subtomogram averaging have revealed that the motor 

domains of cytoplasmic and axonemal dyneins are structurally similar, and the nucleotide­

dependent conformational changes in the AAA+ ring, linker, and stalk are well conserved 

(96, 113). However, the tail domains are highly divergent, and axonemal dyneins exist as 

monomers, heterodimers, or heterotrimers and interact with a different set of accessory 

factors (176). In solution, the OAD heterotrimer from Tetrahymena forms a three-headed 

flower bouquet structure, consisting of α, β, and γ HCs (74). In cilia, OAD motor domains 

stack upon each other with their motor domains extended toward the adjacent B-tubule 

(116). In contrast, IADs form a colinear arrangement of distinct dyads of heterodimers in the 

axoneme (a–b, c–e, d–g, and fα–fβ), which dissociate into dimers (fα and fβ chains) and 

monomers (a, b, c, d, e, and g chains) in solution (17) (Figure 6b).

The mechanisms by which axonemal dyneins are assembled in the cytoplasm, loaded onto 

anterograde IFT trains, and offloaded at the ciliary tip are still relatively unclear (132). A 

recent cryo-EM study revealed the inactive conformation of Tetrahymena OAD is stabilized 

by a novel protein called shulin in the cytosol (100), which creates evolutionarily distinct 

auto-inhibition mechanisms between cytosolic and axonemal dynein. In the axoneme, a 

docking complex (OAD-DC) assists in the multimerization and loading of dyneins in a 

regular pattern on the A-tubule (123), presumably via a secondary MT binding site in their 

tails (70). Functionality is assisted by several LCs that bind to the tail and motor domain 

(176).

The Mechanism and Regulation of Axonemal Dyneins

Mutagenesis studies revealed that forces generated by OAD power high-frequency ciliary 

beating, whereas IADs are responsible for the formation of ciliary waveforms (16, 181). 

Unlike dynein-1, OAD is not a processive motor, and a majority of OADs in the cilium 

are in the low MT-affinity prepowerstroke state (59, 95). Similarly, OAD exhibits saltatory 

behavior in MT gliding assays in vitro, which is alleviated by increasing MT length or the 

surface density of the motor (2). Therefore, these motors rely on working in large teams to 

slide axonemal MTs. The MT gliding speeds generated by multiple OADs in vitro (5 μm/s) 

are lower than the speed of MT sliding in cilia (20 μm/s) (37), suggesting that the activity of 

OADs is upregulated by their periodic arrangement on axonemes or by other ciliary factors.

In vitro studies showed that OAD exhibits processive motility at low (<20 μM) ATP 

concentrations and generates forces up to 4.7 pN against an optical trap (59). Unlike 

dynein-1, OAD processivity is significantly enhanced in the presence of ADP (67). These 

observations indicate that the mechanochemical cycle of OAD is rate-limited by a weak 

affinity state (i.e., ADP.Pi), as opposed to dynein-1’s strongly bound ADP state. The 

addition of ADP may slow down the ADP release rate and increase the duty ratio of OAD. 

The HCs of OAD appear to have distinct mechanical properties, and the deletion of each 

HC from an OAD trimer has differential effects on motility (45). Although the γ-HC has 

been proposed to have a unique regulatory role in the complex (66, 167), how each HC 
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contributes to the overall motility and force generation of the motor remains unknown. The 

velocities of MT gliding from monomeric OAD were higher than those of the complete 

heterodimer, suggesting that communication occurs between the motor domains when they 

oligomerize (165).

Similar to OAD, IADs are also nonprocessive motors under saturating ATP, and some of 

them were shown to move processively at low ATP (143, 154). IAD was reported to generate 

torque, resulting in clockwise MT rotation about the longitudinal axis (174), which may 

contribute to the pattern of ciliary beating. In addition, a flexible flap in the MTBD of the 

Tetrahymena IAD DNAH7 contacts the neighboring protofilament, which distorts the MT 

lattice (91). It remains to be determined whether dynein motors are coordinated via torque 

generation or conformational changes in axonemal MTs.

Coordination of Axonemal Dyneins in Ciliary Beating

The basic principle of ciliary beating relies on a sliding motion between MTs and axonemal 

dyneins, similar to muscle contraction. However, MT sliding in cilia has distinct features 

not found in other systems. A flexible nexin linker between adjacent MT doublets prevent 

their disintegration by dyneins and result in bending of a cilium (161). Yet how thousands 

of dynein motors on opposite sides of an axoneme are spatially regulated to produce a 

productive and stable waveform remains a mystery. Because regular beating patterns are 

still observed after removing the ciliary membrane (49), we can assume that all of the 

components necessary and sufficient for generating and propagating a beat are integrated 

into the axoneme (155). Theoretical studies proposed that coordination of dynein activity 

must include mechanical feedback depending on the bending and/or sliding of MT doublets 

(15). To bend MTs locally, dyneins on one side of an axoneme must be active while those on 

the other side are inactive. Consistent with theoretical predictions, cryo-ET imaging of sea 

urchin sperm showed that OADs remained in an inactive state on one side of the bent cilium 

while the motors on the opposite side were in the active state (95).

Three models have been proposed to explain the coordinated activation and inactivation 

behavior of dyneins during ciliary bending (Figure 6c). The geometric-clutch model 

proposes that MT bending generates forces perpendicular to the doublet surface. These 

forces push apart adjacent doublets on the outside of the bend while bringing doublets on 

the inside of the bend closer together. An increase in separation between the doublets may 

keep dyneins from binding to MTs, while dyneins between closer-spaced doublets on the 

other side of the axoneme may bind more tightly to the MT (97). The sliding-control model 

states that dyneins are regulated by forces acting parallel to the MT axis (109). In this model, 

elastic nexin linkers generate a force that is resistive to MT sliding. A point is reached 

where the elastic resistance causes the detachment of active dyneins from MT, resulting in 

a sudden relaxation that allows dyneins on the opposite side of the axoneme to slide MTs. 

According to the curvature-control model, dyneins are regulated by the curvature of MT 

doublets within a bend (15). Because the motors on one side of an axoneme face the inner 

surface (compressed), and the ones on the other side face the outer surface (stretched), of 

bent MTs, MT curvature may function as a negative feedback mechanism to control the 

activity of dynein motors. It remains unclear whether the MTBD of dynein can directly 
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sense small deformations associated with a 2 μm radius of curvature, which is approximately 

250-fold larger than the dimension of a tubulin dimer. It is also possible that bending of an 

axoneme alters the spacing between closely packed dynein motors on the inner or outer arm, 

and this affects the collective action of many dyneins to slide the MT doublet. The models 

of ciliary beating are not mutually exclusive, and control of dynein force generation via 

curvature, doublet spacing, or restoring forces can, in principle, produce a traveling wave in 

cilia (15). A recent modeling study proposed that the curvature control is the only model that 

describes ciliary beating observed in native and mutant ciliary strains (114). These models 

rely on many unknown parameters of dynein motors, and the validity of their predictions 

remains to be tested experimentally at the molecular level.

CONCLUSIONS AND FUTURE DIRECTIONS

Experiments over the past several years have led to the development of many new 

insights into the structure and regulation of dynein motility. Most notably, cryo-EM and 

single-molecule fluorescence studies have provided detailed information about the hitherto­

unknown molecular mechanisms that control dynein-1 activation and complex assembly. 

High-resolution structures revealed that the autoinhibited φ conformation is a conserved 

feature among dyneins that transport cargo in the cytoplasm and cilia. Furthermore, 

mounting evidence from in vitro reconstitution experiments supports a model in which cargo 

adaptor proteins are essential for the activation of dynein-1. Similar approaches will likely 

be useful in dissecting how dynein-2 is regulated during IFT and whether certain IFT train 

subunits play a role in the activation of the motor.

Unlike dynein-1, the mechanism and regulation of axonemal dyneins are largely unchartered 

territory. Basic questions about the mechanochemistry, motility, and regulation of these 

motors will require a combination of in vitro reconstitution of active complexes, targeted 

mutagenesis, and in-depth structural and biophysical characterization. Although recent EM 

studies have begun to correlate different structural states of the motor in a beating cilium, 

it remains to be determined how axonemal dynein activity is coordinated during ciliary 

bending. As with dynein-1, in vitro reconstitution of recombinant axonemal dynein will 

be essential to understand its mechanism and regulation. Collectively, the last decade has 

witnessed major advances in understanding the structure and mechanism of dynein motors. 

One of the major challenges will be to understand how dynein is regulated by dynein­

associated factors, MT tracks, and MAPs to carry out its cellular functions at multiple scales.
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FUTURE ISSUES

1. Do cargo adaptor proteins regulate the direction of cargo transport by 

controlling the activity of kinesin and dynein-1 motors?

2. How does dynein-1 transport cargos along neuronal MTs densely coated with 

inhibitory MAPs?

3. How is dynein-2 activated upon arrival of anterograde IFT trains at the ciliary 

tip? Is there a specific IFT complex subunit that serves as an activating 

adaptor for dynein-2?

4. How do cilia beat? What is the negative feedback mechanism that mediates 

the self-coordination of axonemal dyneins in a beating cilium?

5. How do structural organization and mechanical properties of axonemal 

dyneins contribute to the generation of ciliary beating patterns?
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Figure 1. 
The assembly and activation of the dynein-1 transport machinery. (a) The φ-particle 

conformation of the dynein-1 complex (PDB accession code 5NVU) (186). Dynein-1 is 

inhibited by the self-dimerization of the motor domains at multiple contact sites. (b) 

The structure of the dynactin complex (PDB accession code 5ADX) (186). (c) Dynein-1 

forms a ternary complex with dynactin and a coiled-coil cargo adaptor. The dynein-1 tail 

binds to the Arp1 filament of dynactin. Due to the translational symmetry of the Arp1 

filament, the dynein-1 HCs form a parallel orientation and walk processively along MTs. 

Dynactin recruits a second dynein-1 motor, which results in a faster and stronger motor 

complex. Insets represent a 180°-rotated view of ternary interactions among the dynein-1 

tail, dynactin, and the N-terminal fragment of the BicD2 adaptor (PDB accession code 
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5AFU) (173). Abbreviations: HC, heavy chain; IC, intermediate chain; LC, light chain; LIC, 

light-intermediate chain; MT, microtubule; PDB, Protein Data Bank.
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Figure 2. 
Model for plus-end recruitment of dynein-1. (a) Dynactin is recruited to the plus end 

by tip tracking proteins EB1 and CLIP-170. Lis1 binds to the dynein-1 motor domain 

and stabilizes the open conformation of dynein-1 in the cytoplasm. (b) Together with a 

cargo adaptor protein, dynactin recruits Lis1-bound dynein-1 in the open conformation to 

form the active complex. Following complex assembly, Lis1 dissociates from dynein as 

DDX moves processively toward the minus end of the MT. Abbreviations: DDX, dynein-1­

dynactin-cargo adaptor; MT, microtubule.
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Figure 3. 
The mechanochemical cycle of the dynein-1 motor domain. (State 0) Schematic 

representation of the dynein-1 motor domain. The AAA ring (subunits are numbered 1–6) 

is attached to the MTBD through a coiled-coil stalk. The linker resides at the surface of the 

ring and connects to the tail (not shown). The prerequisite of the mechanochemical cycle 

is ATP binding and hydrolysis at the AAA3 site. AAA3 remains in a posthydrolysis (i.e., 

ADP-bound) state to enable the nucleotide state of AAA1 to control the linker conformation 

and stalk registry. (State 1) In the apo state of AAA1, dynein-1 is bound to the MT, the 

coiled-coil stalk is in the α registry, and the linker is in the straight conformation. (State 2) 

Upon ATP binding at AAA1, AAA5–6 undergo rigid body motion (dashed arrow), which 

triggers the buttress to slide stalk coiled-coils relative to each other (solid arrow). (State 
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3) The stalk shifts to the β registry, and the motor releases from the MT. The linker is 

allowed to move freely across the surface of the ring. (State 4) Upon ATP hydrolysis, the 

linker converts to the bent conformation, and this priming stroke moves the MTBD toward 

the minus end. (State 5) The MTBD undergoes a diffusional search and rebinds to the MT 

lattice. MT binding triggers shifting of the stalk coiled-coils (solid arrow) and rigid body 

motion in the AAA ring (dashed arrows). (State 6) The stalk adopts the α registry. The 

inorganic phosphate is released from AAA1. The linker moves the straight conformation 

through the force-generating powerstroke. Following ADP release, the motor returns to the 

initial apo state (State 1). Abbreviations: MT, microtubule; MTBD, MT-binding domain.
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Figure 4. 
Stepping, directionality, and force generation of dynein-1. (a) (Top right) The stepping of a 

QD-labeled DDX motor was tracked on surface-immobilized MTs. (Middle) Representative 

stepping traces (black dots) are fit to a step-finding algorithm (horizontal lines). (Bottom) 

The histogram reveals that dynein-1 takes steps that are highly variable in size and 

direction. Panel adapted from Reference 39. (b) (Top) Cryo-EM 2D class averages of WT 

and engineered yeast dynein-1 monomers. Arrows point to the N terminus of the linker. 

(Bottom) In engineered dynein-1, the angle that the stalk makes relative to the MT is 

reflected by shifting the positions of proline residues in both coiled-coils, and the AAA 

ring is flipped around the stalk axis by a seven-heptad insertion to the stalk coiled-coils 

(highlighted in yellow). These modifications reversed the direction of the linker swing and 

resulted in the plus end–directed motility (blue arrow). Panel adapted from Reference 19. (c) 

(Left) External force induces the release of the motor from the MT. The force alters the stalk 

registry such that the stalk coiled-coils are trapped in the strongly bound (α) registry under 

hindering forces, while they switch to the lower-affinity (γ) registry under assisting forces, 

resulting in faster release when dynein is pulled toward the minus end. (Right) The force­

induced release rate of a dynein-1 monomer in the apo condition exhibits strong asymmetry 

that favors faster release under assisting force. Panel adapted from Reference 42. (d) (Left) 
DDX is attached to a bead held in an optical trap. (Right) An example trajectory shows 

that the motor pulls the bead against the trap. The resistive force increases until the motility 

stalls and the motor releases from the MT (red arrowhead). Panel adapted from Reference 

8. Abbreviations: cryo-EM, cryogenic electron microscopy; DDX, dynein-1-dynactin-cargo 

adaptor; MT, microtubule; QD, quantum dot; WT, wild type.
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Figure 5. 
Activation and recycling of dynein-2 in IFT. (a) (Top) The cross-section of an axoneme 

shows nine MT doublets surrounding a central pair of MTs. (Bottom) Organization of IFT 

trains on a single MT doublet (76). Anterograde trains are comprised of IFT-A and IFT-B 

complexes and transported by kinesin-II along B-tubules toward the ciliary tip. Dynein-2 is 

bound to IFT-B and remains in the auto-inhibited φ conformation. Trains offload their cargo 

and disassemble at the tip. Retrograde trains, formed by available IFT-B complexes at the 

tip, recruit and activate dynein-2 to move back to the ciliary base. In Chlamydomonas IFT, 

kinesin-2 detaches from IFT at the tip and diffuses inside the cilium. (b) The φ conformation 

of dynein-2. One of the HCs (DHC-A) has a straight tail conformation, while the tail of the 

other HC (DHC2-B) has a switch-back conformation that contacts with IFT-B complexes at 

multiple locations (not shown). The HCs are dimerized by the heterodimer of WDR34 and 

WDR60 ICs, which are connected by RB and three dimers of LC8 (PDB accession code 

6SC2) (168). The schematic representation of the coiled-coil stalk and MTBD were added 

from PDB accession code 3VKH (86). Abbreviations: HC, heavy chain; IC, intermediate 

chain; IFT, intraflagellar transport; MT, microtubule; MTBD, MT-binding domain; PDB, 

Protein Data Bank.
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Figure 6. 
Structure and regulation of axonemal dyneins. (a) (Left) A schematic representation of 

a spermatozoon. (Right) Ciliary cross-section displaying the arrangement of dyneins in 

the inner and outer arm of the axoneme. (b) Organization of OAD (red) and IAD (cyan) 

motors along adjacent MT doublets. OAD heterotrimers are spaced 24 nm apart with their 

MTBDs extending toward the adjacent B-tubule. IAD dyad pairs are organized in repeating 

arrays of (fα–fβ), (a–b), (c–e), (g–d) every 96 nm. (c) Models for dynein regulation during 

ciliary beating. In the geometric clutch model, ciliary bending changes the distance between 

adjacent MTs, which prevents the motors from attaching to the MT. In the curvature control 

model, ciliary bending generates a stretched lattice on the convex side. The OAD MTBD 

senses the changes in MT curvature. In the sliding control model, nexin linkers generate 

a resisting force (green arrow) parallel to the axoneme, causing motors to release from 

the MT at high forces. For clarity, only the transitions from straight to convex bends are 

displayed. Abbreviations: IAD, inner arm dynein; MT, microtubule; MTBD, MT-binding 

domain; OAD, outer arm dynein.
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