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ABSTRACT: The linker histone H1 is a highly prevalent protein
that compacts chromatin and regulates DNA accessibility and
transcription. However, the mechanisms behind H1 regulation of
transcription factor (TF) binding within nucleosomes are not well
understood. Using in vitro fluorescence assays, we positioned
fluorophores throughout human H1 and the nucleosome, then
monitored the distance changes between H1 and the histone
octamer, H1 and nucleosomal DNA, or nucleosomal DNA and the
histone octamer to monitor the H1 movement during TF binding.
We found that H1 remains bound to the nucleosome dyad, while
the C terminal domain (CTD) releases the linker DNA during
nucleosome partial unwrapping and TF binding. In addition,
mutational studies revealed that a small 16 amino acid region at the
beginning of the H1 CTD is largely responsible for altering nucleosome wrapping and regulating TF binding within nucleosomes.
We then investigated physiologically relevant post-translational modifications (PTMs) in human H1 by preparing fully synthetic H1
using convergent hybrid phase native chemical ligation. Both individual PTMs and combinations of phosphorylation and
citrullination of H1 had no detectable influence on nucleosome binding and nucleosome wrapping, and had only a minor impact on
H1 regulation of TF occupancy within nucleosomes. This suggests that these H1 PTMs function by other mechanisms. Our results
highlight the importance of the H1 CTD, in particular, the first 16 amino acids, in regulating nucleosome linker DNA dynamics and
TF binding within the nucleosome.

■ INTRODUCTION

The eukaryotic genome is repeatedly wrapped in nucleosomes
along chromosomal DNA to form chromatin.1 Nucleosomes
contain 147 bp of DNA wrapped ∼1.65 times around a histone
octamer comprising two copies each of the core histones H2A,
H2B, H3, and H4.2 These repeating units are further
condensed into higher order structures via the abundant linker
histone H1 found at ∼1 H1 per nucleosome in human somatic
cells.3 H1 binds the nucleosomal core and linker DNA to form
the chromatosome and alters the linker DNA angle to
condense mononucleosomes and arrays of nucleosomes.4−6

Compaction of the genome into chromatin plays an important
role in regulating DNA processing including transcription and
DNA repair by influencing the accessibility of DNA binding
proteins to their sites.
Chromatin compaction and dynamics regulate transcription

factor (TF) accessibility in promoters and enhancers.7,8 H1 is
known for its role in repression of transcription due to its
ability to compact chromatin. The linker histone tends to be
depleted at transcription start sites (depending on the isoform)
and has been found in vitro to reduce TF binding to single
nucleosomes and long arrays of nucleosomes.9−13 H1 can

regulate TF binding to nucleosomes by altering the
spontaneous site exposure of binding sites within nucleo-
somes.12 Nucleosomal DNA spontaneously unwraps, which
exposes binding sites that are sterically blocked by the histone
octamer. This reduces TF occupancy at target sites within
nucleosomes as compared to naked DNA.14 H1 shifts the
equilibrium toward the wrapped state and increases the length
of DNA wrapped around the histone octamer. This results in
H1 reducing but not completely blocking TF occupancy.5,12

Our previous work showed H1.0 remains bound to
nucleosomes as TFs bind partially unwrapped nucleosomes.12

However, it remains unclear how H1.0 remains in complex
with nucleosomes as TFs bind to their sites and what are the
implications for regulating TF binding to nucleosomes.
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H1 has three domains: a short (∼30 amino acids)
unstructured N terminal domain (NTD), a globular winged
helix domain (WHD) (∼80 amino acids), and a long (∼100
amino acids) unstructured C terminal domain (CTD).15 The
WHD binds the nucleosome dyad and the first 10 bp of the
linker DNA utilizing lysines and arginines that interact with the
DNA phosphate backbone.5,16 The WHD is sufficient for
nucleosome specific recognition, while the NTD has little
effect on nucleosome binding in vitro15−17 In contrast, the
CTD is critical for compaction of chromatin into higher
structures and has varying effects on in vitro binding affinity
depending on the nucleosomes and the H1 isoform.18−21 The
CTD varies significantly between isoforms, but as a consensus,
it contains a few S/TPXK phosphorylation target motifs and
has 30−50 positively charged, mostly lysine, amino acids
throughout the domain.22 The domain is intrinsically
disordered but appears to become more structured and
compact upon nucleosome binding.20 Interestingly, two
separate regions of the CTD were shown to be important
for nucleosome array compaction, while one of these regions
was also shown to be important for H1 affinity.19,20 The H1
CTD is potentially critical to nucleosome wrapping, but the
regulatory role of the domain in nucleosome wrapping and the
effects on altering TF binding remain largely unexplored.
Like the core histones, H1 is extensively modified by post-

translational modifications (PTMs) including phosphorylation,
citrullination, acetylation, and methylation.23−26 H1 phosphor-

ylation occurs frequently at CDK consensus motifs (S/T-P-X-
K/R) in mostly the CTD of H1 in a cell cycle-dependent
matter.24 Among the phosphorylation sites, different residues
in different isoforms are modified at distinct stages of the cell
cycle and associated with specific cellular events. H1.2 S172 is
modified during the interphase and the S phase and is
associated with sites of active transcription.27,28 In contrast,
H1.2 T145 is modified during mitosis and involved in
regulation of p53 transcription and DNA repair.29,30 In
addition, citrullination has been shown to be related to
transcription regulation. H1.2 R54 citrullination results in a
loss of positive charge and displacement of the isoform from
chromatin and subsequent chromatin decondensation.31 While
some PTMs are linked to changes in chromatin condensation
and regulation of transcription, the mechanisms behind these
changes are largely unexplored, including the influence of H1
PTMs on nucleosome wrapping dynamics and TF binding.
We investigated the role of the H1.0 CTD and multiple

physiologically relevant H1.2 PTMs on nucleosome wrapping
in regulating TF binding to nucleosomes. We found that
during a TF binding event within a partially unwrapped
nucleosome, H1.0 remains bound to the nucleosome dyad,
while the H1.0 CTD is released from the linker DNA. In
addition, a small region of the CTD is important for altering
nucleosome wrapping and reducing TF binding. Lastly, H1.2
PTMs individually and in combination had essentially no
impact on H1.2 binding to nucleosomes but modestly

Figure 1. Nucleosome/H1 constructs and nucleosome purification gels. (A) Schematic of the DNA used in nucleosome experiments. DNA is 272
bp long and consists of the Widom 601 sequence (light grey) flanked by a 50 bp linker DNA (left, dark grey) and a 75 bp linker (right, dark grey)
with biotin attached to the 3′ end of the 75 bp linker. Within the 601 sequence is a 19 bp Gal4 binding site (blue) at 8−26 bp in the 601 NPS. Cy3
(light green) is attached to a modified thymine 8 bp into the 50 bp linker DNA away from the 601 NPS. (B) Schematic of the H1.0 domains: NTD
(1−22 amino acids, grey), WHD (23−100 amino acids, blue), and CTD (101−194 amino acids, grey). (C) Image of native PAGE analysis of
nucleosomes. DNA lane contains only DNA used to make nucleosomes. Pre-purification lane contains nucleosomes before sucrose gradient
purification. Final lane contains nucleosomes after sucrose gradient purification. The top band is the center-positioned nucleosome and the center
band contains end-positioned nucleosomes. The white lines between the gel on the right indicate non-adjacent lanes from the same gel being
placed together in the figure. (D) Schematic of the H1/nucleosome constructs used in experiments. DNA-OctFRET is designed for FRET-detected
distance changes between Cy3-labeled linker DNA and Cy5-labeled histone octamer at H2A K119C. H1-OctFRET is designed for FRET-detected
distance changes between Cy3-labeled H1.0 at either S22C, S98C, or S131C and Cy5-labeled H2A K119C. H1-DNAquench is designed for
fluorescence quenching-detected distance changes between TQ3-labeled H1.0 at either S22C, S98C, or S131C and Cy3-labeled linker DNA. (E)
Nucleosome structure with human H1.0 (PDB ID 7K5X) indicating the estimated distances between Cy3 on the DNA (green), Cy5 on H2A
(red), H1.0 D24 (purple), and H1.0 K97 (orange). The histone octamer is in gray, DNA is in black, the Gal4 binding site is in dark blue, and H1.0
is in light blue.
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influences TF binding to H1.2 bound nucleosomes. Overall,
this work reveals that the H1.0 CTD is important for
regulating TF binding within nucleosomes, while the PTMs
of H1.2 functions by a mechanism that is distinct from H1’s
ability to bind to nucleosomes, influence nucleosome partial
unwrapping, and regulate TF binding within nucleosomes.

■ MATERIALS AND METHODS
DNA Preparation and Purification. All DNA constructs

were produced using PCR with Cy3- or Cy5-labeled
oligonucleotides and a plasmid containing the Widom 601
nucleosome positioning sequence (NPS) with a Gal4 binding
site at bases 8−26 of the 601 NPS as done previously.12,32,33

DNA constructs were a total of 272 bp long with 50 bp on the
one side of the 147 bp 601 NPS and 75 bp on the other side
containing a 3′ attached biotin for future single molecule
studies. Either Cy3 or Cy5 was attached to the eighth bp
outside the 601 NPS on the 50 bp linker DNA side (Figure
1A). Oligonucleotides were labeled with Cy3 or Cy5 NHS
ester attached to an amine modified thymine (amino-modifier-
C6-dT) and then purified with a reverse phase C18 column.
For attachment, Cy3 or Cy5 NHS ester was resuspended with
anhydrous dimethylformamide (DMF) to 15 mM final
concentration of dye. The fluorophore was then slowly
added to the oligonucleotide in a 5:1 (dye/DNA) ratio and
mixed ∼100 times with a micropipette taking care to not
introduce bubbles. The reaction was slowly rotated in a
rotisserie at room temperature overnight. After the reaction
was complete, ethanol precipitations were used to remove
most of the free dye and then purified by reverse phase high-
performance liquid chromatography (HPLC). PCR was
performed with primers using PFU polymerase in a 96-well
plate. DNA was purified via anion exchange chromatography
and then buffer exchanged and concentrated into 0.5× TE
(Tris-EDTA buffer) with a 30 kDa centrifugal filter.
Histone H1.0 Expression, Purification, and Labeling.

H1.0 expression vectors were mutated using site-directed
mutagenesis. All H1.0 mutants were expressed in Bl21 DE3
pLyseS cells. Transformed cells were grown in LB to an OD600
of 0.6 at 37 °C and induced with 0.4 mM IPTG. After 3 h of
expression, cells were spun at 4000g for 15 min, supernatant
was removed, and cell pellets were flash frozen with liquid
nitrogen.
For purification, cells were thawed and resuspended with 25

mL of H1 buffer 500 (50 mM Tris-HCl pH 8, 500 mM NaCl,
10% glycerol, 1 mM EDTA, 5 mM BME, and 0.5 mM PMSF)
with one complete protease inhibitor cocktail tablet (Roche)
added. Cells were sonicated, spun at 23,000g for 15 min, and
lysate containing the protein was poured off. Lysate was
purified using Bio-Rex 70; 50−100 mesh (Bio-Rad) cation
exchange resin packed into a column for use on an FPLC. A
salt gradient from 0.5 to 0.8 M was used to elute the full length
H1.0 while a gradient from 0.1 to 0.5 M was used for C
terminal deletions using the same H1 buffer 500 mentioned
above, except with increased/decreased NaCl concentrations.
After collected fractions were analyzed on a 16% acrylamide
sodium dodecyl sulfate (SDS) gel, fractions were pooled and
diluted with H1 buffer 0 (0 NaCl) so the salt concentration
was reduced to either 500 mM for full length H1 or 100 mM
for H1 C terminal deletions for an additional round of ion
exchange purification. The protocol for the second round of
purification was the same as the first, except Bio-Rex 70; 100−
200 mesh resin was used for improved resolution near the full-

length products. Fractions containing the correct length
protein were pooled and dialyzed into water with 2 mM
BME and 0.5 mM PMSF and then lyophilized to concentrate
and buffer exchange samples. Lyophilized H1.0 was
resuspended in H1 storage buffer (20 mM sodium phosphate
pH 7, 300 mM NaCl, and 1 mM EDTA), flash frozen, and
stored at −80 °C. The final yield was ∼1 mg/L of culture
grown.
H1.0 was labeled with either Cy3 maleimide or Tide

Quencher 3 (TQ3). H1.0 was incubated with 10 mM TCEP
pH 7.1 for 30 min to reduce disulfides, and then dialyzed into
5 mM PIPES and 2 M NaCl pH 6.1 overnight. H1.0 was
removed from the dialysis and purged with argon gas as well as
another buffer of 2 M (4-(2-hydroxyethyl)-1-piperazineetha-
nesulfonic acid) (HEPES) pH 7.1 for 20 min. HEPES was
quickly added to the H1.0 for a final concentration of 100 mM
HEPES and then 10-fold molar excess of Cy3 or TQ3 at 22
mM dissolved in DMF was added to the H1.0 solution and
reacted at room temperature for 1 h before overnight
incubation at 4 °C. Labeled H1 was purified by diluting the
protein with H1 buffer 250 (250 mM NaCl) and then mixing
the protein with Bio-Rex 70; 50−100 mesh resin as before.
Resin with H1 was washed with H1 buffer 250 to remove the
unreacted fluorophore/quencher, and then H1 was eluted with
H1 buffer 1000 (1,000 mM NaCl). Fractions containing the
H1.0 protein were pooled and dialyzed in water with 2 mM
BME and 0.5 mM PMSF and then lyophilized. Lyophilized
H1.0 was resuspended in H1 storage buffer (20 mM sodium
phosphate pH 7, 300 mM NaCl, and 1 mM EDTA), flash
frozen, and stored at −80 °C.
H1.0 concentration was determined using a modified Lowry

assay with H1.0 of a known concentration (New England
Biolabs) to produce a standard curve and verified by loading
equal amounts of the known and unknown H1.0 on a 16%
acrylamide SDS gel and confirming similar band intensity.

Core Histone Expression, Purification, and Histone
Octamer Preparation. Core histones were expressed and
purified as previously described.12,34 Human H2A, H2A
K119C, and H2B were expressed in Rosetta Bl21 DE3 pLyseS
cells, while human H3 C110A and H4 were expressed in Bl21
DE3 pLyseS cells. Histones were purified separately under
denaturing conditions using size exclusion and cation exchange
chromatography. The histone octamer was also prepared as
previously described.12,34 Lyophilized histones were resus-
pended in unfolding buffer (20 mM Tris-HCl pH 7.5, 7 M
guanidinium, and 10 mM DTT) at 5 mg/mL and mixed
together in a ratio of 1.2:1 of (H2A and H2B):(H3 and H4).
The histone octamer was formed by performing double dialysis
with the mixture into refolding buffer (10 mM Tris-HCl pH
7.5, 1 mM EDTA, 2 M NaCl, and 5 mM BME). The octamer
was removed from dialysis and labeled with Cy3 or Cy5
maleimide as previously described.35 The octamer was
incubated with 10 mM TCEP pH 7.1 for 30 min to reduce
disulfides and then dialyzed into 5 mM PIPES and 2 M NaCl
pH 6.1 overnight. The octamer was removed from the dialysis
and purged with argon gas as well as a separate buffer of 2 M
HEPES pH 7.1 for 20 min. HEPES was quickly added to the
octamer for a final concentration of 100 mM HEPES, and
then, a 10-fold molar excess of fluorophore at 22 mM dissolved
in DMF was added to the octamer solution and reacted at
room temperature for 1 h before overnight incubation at 4 °C.
Excess maleimide was quenched with 10 mM DTT before the
octamer was purified via size exclusion chromatography to
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remove excess heterodimer, free histones, and excess
fluorophore. The unlabeled octamer was purified with size
exclusion chromatography directly after refolding dialysis.
Nucleosome Preparation. Nucleosomes were made and

purified as previously described.12,34 DNA and histone
octamers were mixed in a ratio of 1.25:1 in high salt refolding
buffer (0.5× TE pH 8.0, 2 M NaCl, and 1 mM benzamidine−
HCl) and reconstituted using double dialysis into 4 L of
refolding buffer at 4 °C for 5−6 h and then changed to a new 4
L bucket of buffer at 4 °C overnight (0.5× TE pH 8.0, 1 mM
benzamidine−HCl). Nucleosomes were added to a 5−30% w/
v sucrose gradient and purified with an SW41 Ti (Beckman
Coulter) rotor in an Optima L-90K ultracentrifuge (Beckman
Coulter) spinning at 41,000 rpm for 22 h at 4 °C.36 Sucrose
gradients were fractionated into 0.4 mL fractions and analyzed
by native polyacrylamide gel electrophoresis (PAGE), and
fractions with center positioned nucleosomes were pooled,
concentrated, and buffer exchanged into 0.5× TE pH 8 with a
30 kDa centrifugal filter. Finally, purified nucleosomes were
analyzed by a native 5% acrylamide and 0.3× TBE gel to
confirm purity. Of note, multiple bands can be seen on these,
and subsequent gels due to the imperfect nucleosome
positioning of the Widom 601 NPS on DNA longer than
147 bp.
Three nucleosome constructs were used to monitor the

movement between H1.0, the histone octamer, and the linker
DNA (Figure 1D). DNA-OctFRET was labeled with Cy3 on the
DNA with Cy5 attached to H2A K119C. H1-OctFRET has Cy3-
labeled H1.0 with Cy5 attached to H2A K119C (Figure S1A).
H1-DNAquench has Cy3-labeled DNA with H1.0 labeled with
the TQ3 quencher (Figure S2A). We initially prepared a FRET
system to monitor distance changes between H1.0 and the
linker DNA (Figure S3A). However, while the FRET system
accurately measured H1.0 binding to nucleosomes (Figure
S3B), the FRET measurement of the Gal4 S1/2 to H1.0 bound
nucleosomes (Figure S3C) was an order of magnitude higher
than determined by EMSA (Figure S3D,E). Because of this
difference, we relied on the H1-DNAquench construct to
measure changes between H1 and the DNA, which did not
have this difference.
Gal4 Expression and Purification. The Gal4 DNA

binding domain (amino acids 1−147) was expressed in
Rosetta Bl21 DE3 pLyseS cells. Cells were grown in 2xYT
and induced at OD600 of 0.5 with 1 mM IPTG and 100 mM
zinc acetate. After 3 h of expression, cells were spun at 4000g
for 15 min, the supernatant was removed, and cell pellets were
frozen with liquid nitrogen.
Cells were thawed and resuspended in 30 mL of buffer A

(50 mM Tris-HCl pH 8, 200 mM NaCl, 10 mM imidazole, 10
mM BME, 20 μM zinc acetate, 1 mM DTT, and 1 mM PMSF)
with leupeptin and pepstatin added at 20 μg/mL final
concentration. Resuspended cells were sonicated and spun at
23,000g for 15 min, and the lysate containing the protein was
poured off. The lysate was added to a Ni-NTA column, washed
with buffer A, and the protein was eluted with buffer B (50
mM Tris-HCl pH 7.5, 200 mM NaCl, 200 mM imidazole, 20
μM zinc acetate, 1 mM DTT, 1 mM PMSF, and 0.2% TWEEN
20). Fractions were run on a 12% acrylamide SDS gel, pooled,
and dialyzed into buffer C with 200 mM NaCl (25 mM Tris-
HCl pH 7.5, 200 mM NaCl, 20 μM zinc acetate, 1 mM DTT,
and 1 mM PMSF). After dialysis, the protein was further
purified using cation exchange chromatography with a gradient
from 200 mM NaCl to 600 mM NaCl using buffer C with

appropriate salt concentrations. Protein-containing fractions
were pooled, concentrated, exchanged into buffer D (10 mM
HEPES pH 7.5, 200 mM NaCl, 10% glycerol, 20 μM zinc
acetate, 1 mM DTT, and 1 mM PMSF), and then flash frozen
for storage at −80 °C. The final yield was ∼5 mg/L of culture
grown.

Electrophoretic Mobility Shift Assays. 1 nM nucleo-
somes were incubated with a range of H1 concentrations in
T130 buffer (10 mM Tris-HCl pH 8.0, 130 mM NaCl, 10%
glycerol, and 0.005% TWEEN20) in a total volume of 20 μL
for 20 min at room temperature. Reactions were analyzed by
gel electrophorsis with a 4% polyacrylamide, 0.3× TTE, 10%
glycerol gel at 4 °C with 300V and imaged with a fluorescence
imager.

Fluorescence Measurements. For nucleosome-H1 bind-
ing measurements, nucleosomes and H1 were incubated in
T130 buffer in a 60 μL volume at room temperature for 20 min
and then analyzed with a FluoroMax 4 fluorometer (Horiba).
In Gal4 binding experiments, H1 and nucleosomes were
incubated for 20 min and then Gal4 added and incubated for
10 min. We showed previously that these incubation times
were sufficient to reach the equilibrium.12 Nucleosomes were
at 1 nM in all experiments. Fluorescence spectra were
measured with a FluoroMax 4 fluorimeter (Horiba) by exciting
Cy3 at 510 nm and measuring emission from 530 to 750 nm
and separately exciting Cy5 at 610 nm and measuring emission
from 630 to 670 nm. FRET efficiency was calculated using the
ratioA method.37 Quenching experiments were performed the
same way except only Cy3 was excited at 510 nm, and
emission was measured from 530 to 750 nm.

Synthesis of PTM-Containing H1.2. Modified histone
H1.2 was synthesized using a convergent hybrid phase native
chemical ligation (CHP-NCL) approach.38 Overall, H1.2 was
split into eight peptide segments at 7 Ala sites (Ala24, Ala49,
Ala67, Ala100, Ala134, Ala163, and Ala189), which were
transiently mutated to cysteines for native chemical ligation.
These eight peptide segments were grouped into two blocks by
their sequence. Each block (N-block residues 1−99 and C-
block residues 100−212) was assembled on a solid support,
and the N-block was desulfurized on the resin to remove
extraneous thiols that would interfere with subsequent reaction
prior to cleavage. The two blocks were ligated in solution, after
which desulfurization was carried out to convert the remaining
cysteine back to alanine and to generate the full-length protein
with the native sequence.
A 3-amino-4-methylaminobenzoic acid (MeDbz) linker39

was installed on the C-terminus of peptides H1-(1−23), H1-
(24−48), H1-(49−66), H1-(100−133), H1-(134−162), and
H1-(163−188) to generate a thioester through on-resin
activation into the acylurea form MeNbz. Peptides H1-(67−
99) and H1-(189−212) had additional attachments. Peptide
H1-(67−99) was equipped with an internal 3,4-diaminoben-
zoic acid (Dbz) linker followed by a cysteine side chain linked
to a lysine via an isopeptide bond on the C-terminus. An
internal hydroxymethyl benzoic acid linker40 was installed in
peptide H1-(189−212) as a C-terminal protecting group in
order to release the carboxylic acid after base cleavage. L-4-
Thiazolidinecarboxylic acid (Thz) was attached to the N-
terminal of each peptide as a cysteine protecting group to
avoid self-polymerization or cyclization during ligation.41 The
group was later deprotected with methoxyamine. All peptides
were prepared by Fmoc solid-phase peptide synthesis (Fmoc-
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SPPS) with or without microwave heating in high purity and
yield.
PEGA resin was used as a water compatible solid support for

solid phase ligation. The resin was either equipped with a
thioester moiety for capture of the cysteine-containing peptide
H1-(67−99) to initiate the N-block assembly or functionalized
with an N-terminal cysteine moiety for capture of MeNbz
containing peptide H1-(189−212) to start the C-block
assembly. Thz was deprotected with ring opening buffer (6
M guanidine, 0.4 M methoxyamine, and 0.1 M phosphate, pH
3−4) to release cysteine for the next round of ligation until all
peptides were ligated. Ligation was carried out in ligation
buffer (6 M guanidine, 50−100 mM 4-mercaptophenylacetic
acid, 0.1 M phosphate, and 20 mM TCEP, pH 6−7) with
peptidyl MeNbz. The ligated peptides were then cleaved with
either TFA (N-block) or 0.05 M NaOH (C-block) for later
solution phase ligation.
Ligated N-block peptide H1-(1−99)-Dbz-x (limiting re-

actant) and C-block peptide H1-(100−212)-OH were
dissolved in a minimal amount of guanidine buffer (6 M
guanidine, 0.1 M phosphate, pH 3) taking care to keep the
peptide concentration greater than 1 mM and prechilled in an
ice/salt bath (−15 to −20 °C). 10−20 equiv of sodium nitrite
was added, and the mixture was incubated in an ice/salt bath
for 20 min with stirring.42 50−100 equiv of 4-mercaptophenyl-
acetic acid (MPAA) was added to the activated solution, and
the pH was adjusted to 6−7 to initiate ligation. The ligation
was allowed to proceed until completion (4−6 h). After
ligation, the mixture was dialyzed against guanidine buffer to
remove MPAA to prevent interference with desulfurization.43

Free-radical-mediated desulfurization was carried out to
recover the native Ala residue.44 The final product was purified

by reverse-phase high-performance liquid chromatography.
The identity and purity of the purified protein was confirmed
by bench-top matrix-assisted laser desorption ionization time-
of-flight mass spectrometry (MALDI-TOF MS) and SDS-
PAGE (Figures S4 and S5). The concentration was determined
as before with H1.0 using a modified Lowry assay with
commercial H1.0 for the standard curve.

■ RESULTS

Fluorescence Assays for Measuring H1 and Nucleo-
some Interactions. In a previous study, we showed that TFs
can bind to their target sites within partially unwrapped
nucleosomes, while H1 remains associated with the nucleo-
some.12 However, the structural changes that occur when a TF
binds within the nucleosome including the relative movements
of H1, the histone octamer, and the linker DNA remain
undetermined. To investigate these structural changes, we
developed three fluorophore systems that detect movements of
the linker DNA, histone octamer, and domains of H1 relative
to each other to monitor their movement during TF binding.
We used the human H1.0 isoform for our first set of
experiments because it is the most extensively studied isoform
and is highly conserved.5,12,16,19

To monitor distance changes between the DNA and histone
octamer, we utilized our previously developed system, referred
to as DNA-OctFRET (Figure 1D).

12 Cy3 is attached to an amine
modified thymine at the eighth bp in the linker DNA outside
the 601 NPS (Figure 1A) and Cy5 is attached to H2A K119C
(Figure 1D). This construct indirectly measures H1 binding
and TF binding through changes in nucleosomal DNA
wrapping, leading to changes in FRET as measured by the
ratioA method between the DNA and the histone octamer.37

Figure 2. Examples of H1.0 binding to the nucleosome constructs. (A) EMSA of full length H1.0 binding to DNA-OctFRET nucleosomes.
Nucleosome band begins shifting at 1 nM and is fully shifted at 5 nM with nucleosome self-association beginning to occur at 10 nM H1.0.
Nucleosomes are self-associated at 30,100, and 300 nM H1.0. (B) FRET efficiency of DNA-OctFRET increases with increasing concentrations of
WT H1.0 and binds with an S1/2 of 3 ± 1 nM. Self-association occurs in the gray region. (C) RatioA calculation of H1-OctFRET nucleosomes with
increasing concentration of Cy3 H1.0 S22C. RatioA begins to increase at low nM concentrations of H1.0 until self-association occurs in the gray
region of the graph. RatioA is Cy5 emission when Cy3 is excited, divided by Cy5 emission when Cy5 is directly excited. (D) Normalized Cy3
emission using H1-DNAquench nucleosomes and increasing amounts of TQ3 H1.0 S22C. Cy3 emission was normalized by dividing measured Cy3
emission at each point by the Cy3 emission of nucleosomes with no H1 so that the binding curve begins at 1 and decreases as H1 is added. An S1/2
of 3.7 ± 0.4 nM was measured for this quencher position.
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When H1 binds, the FRET efficiency increases due to an
increase in DNA wrapped around the histone octamer.5,12 We
report H1 binding to nucleosomes as S1/2, the ligand
concentration where half of the nucleosomes are bound. As
previously reported, H1.0 titrations show that the DNA-
OctFRET system detects H1.0 binding to nucleosomes at H1.0
concentrations of a few nM as measured by FRET (3 ± 1 nM)
and EMSA (Figure 2A,B). Furthermore, EMSAs reveal that
H1.0 induces nucleosome self-association above ∼10 nM H1.0
concentrations (Figure 2A), which is likely due to liquid−
liquid phase separation.45,46

To measure the relative structural movements between the
histone octamer and H1.0, we developed the H1-OctFRET
system (Figure 1D). We prepared H1.0 with Cy3 attached
to a cysteine at three separate locations (S22C, S98C, and
S131C) and nucleosomes with Cy5 attached to H2A K119C.
Locations H1.0(S22C) and H1.0(S98C) position the fluo-
rophores adjacent to the WHD and within an estimated 35−40
Å distance of Cy5, resulting in FRET upon H1.0-nucleosome
binding (Figure 1E). The H1.0(S131C) location is within the
disordered CTD and will most likely have a more variable
distance. However, we anticipated the Cy3−Cy5 distances to
be within the R0 of ∼60 Å based on the H1-nucleosome Cryo-
EM structure.5,47

H1.0 titrations reveal that Cy3-Cy5 undergoes significant
energy transfer as measured by the ratioA method upon H1.0
binding for all three Cy3 locations within H1.0 (Figures 2C

and S1B). This indicates that H1-OctFRET can be used to
detect H1.0 binding to the nucleosome for H1.0 concen-
trations below 10 nM. However, at H1.0 concentrations that
induce significant self-association, which occurs above 10 nM,
the ratioA method inferred a FRET efficiency above 1, which is
not physical. This is likely a result of changes to the
fluorophore environment that are caused by H1.0-induced
nucleosome self-association. Therefore, we focused on H1.0
concentrations below 10 nM to avoid this issue. Furthermore,
we chose to report the stimulated emission of Cy5 by plotting
the ratioA, which is the relative acceptor (Cy5) emission when
Cy3 is excited by 510 nm to acceptor emission when directly
excited by 610 nm. This avoided reporting an estimated FRET
efficiency value above 1.
Finally, to monitor distance changes between DNA and

H1.0, we generated a H1-DNAquench system (Figure 1C). Here,
DNA was again labeled with Cy3 at the eighth base pair
outside of the 601 NPS, which is the location used in the
DNA-OctFRET system. H1.0 was labeled with TQ3, which has
an R0 of ∼38 Å with Cy3.48 Titrations of TQ3-labeled H1.0
with Cy3-labeled nucleosomes show efficient Cy3 quenching
as the H1.0 concentration is increased from 1 to 10 nM. We fit
this to a binding isotherm with an S1/2 of 3.7 ± 0.4 nM for the
H1.0 S22C location (Figure 2D). The other two label
positions (S98C and S131C) had similar S1/2 measurements
in the low nanomolar regime (Figure S2B,C). These results
indicate that the H1-DNAquench system provides an accurate

Figure 3. Gal4 binding to H1.0 bound nucleosomes with the nucleosome constructs. (A−C) Models of TF binding within the DNA-OctFRET, H1-
OctFRET, and H1-DNAquench nucleosome constructs, respectively, to illustrate the changes in fluorescence. (D) Normalized ΔFRET (the asymptote
of the beginning of the hill plot fit set to 1 and the asymptote of the ending of the fit is set to 0) of DNA-OctFRET nucleosomes with increasing
amounts of Gal4. Black is Gal4 binding to nucleosomes without H1.0, green is Gal4 binding to nucleosomes bound with 2.5 nM H1.0, and gray is
Gal4 binding to nucleosomes bound with 4 nM H1.0. The model in panel A illustrates Gal4 binding this construct. (E) RatioA (Cy5 emission when
Cy3 is excited divided by Cy5 emission when Cy5 is directly excited) of H1-OctFRET nucleosomes bound with Cy3 H1.0 S22C with increasing
amounts of Gal4. The model in panel B illustrates Gal4 binding this construct. (F) H1-DNAquench nucleosomes bound with TQ3 H1.0 S22C with
increasing amounts of Gal4. Normalized Cy3 emission is calculated by dividing the Cy3 emission at each point by the emission of nucleosomes
alone. The model in panel C illustrates Gal4 binding this construct. (H) RatioA of H1-OctFRET nucleosomes bound with Cy3 H1.0 S131C with
increasing amounts of Gal4. (I) Normalized Cy3 emission of H1-DNAquench nucleosomes bound with TQ3 H1.0 S131C with increasing amounts of
Gal4. (G) Measured S1/2 values for data in panel D, F, I, and Figure S2D. Values for panel D are Gal4 binding to nucleosomes only (black), 15 ± 2
nM, Gal4 binding to nucleosomes with 2.5 nM H1.0 (green), 56 ± 3 nM, and Gal4 binding to nucleosomes with 4 nM H1.0 (gray), 90 ± 30 nM.
Values for panel F are Gal4 binding to 2.5 nM TQ3 H1.0 S22C bound nucleosomes (green), 50 ± 10 nM, and Gal4 binding to 5 nM TQ3 H1.0
S22C bound nucleosomes (red), 60 ± 10 nM. Values for panel I are Gal4 binding to 5 nM TQ3 H1.0 S131C bound nucleosomes (red), 50 ± 8
nM, and Gal4 binding to 9 nM TQ3 H1.0 S131C bound nucleosomes (orange), 64 ± 9 nM.
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measurement of H1.0 binding to nucleosomes. We did initially
attempt to use a Cy3−Cy5 FRET system for measuring H1-
DNA interactions. However, this fluorophore system disrupted
H1.0-regulated TF binding within the nucleosome, while the
Cy3−TQ3 system did not (see Materials and Methods for
details). We, therefore, focused on the H1-DNAquench system.
Of note, there are multiple possible states where H1 is bound
to the nucleosome. The CTD can interact with either one
linker DNA arm or both.5,49 In addition, H1 can be bound on-
dyad, where the L1 loop of H1 is interacting with either the
Cy3-labeled or -unlabeled linker DNA. However, our experi-
ments are ensemble experiments where measured FRET\ratioA
and quenching are an average of all states; thus, we cannot
determine the fraction of H1 bound in each state. We have
chosen to fit these data and subsequent data as if there are two
states, an unbound nucleosome and H1 bound nucleosome
state.
Overall, the combined studies of these three constructs show

that they can be used to track the location of different H1
domains relative to the histone octamer and nucleosomal DNA
and to monitor changes in their relative locations during TF
binding within the nucleosome.
H1.0 Remains Bound to the Nucleosome Dyad While

the H1.0 CTD Releases the Linker DNA during TF
Binding within Partially Unwrapped Nucleosomes. The
structural fluctuations of H1 during nucleosome unwrapping
and TF binding are largely unexplored yet are important for
understanding H1 regulation of TF occupancy. The
fluorescence constructs we developed here allow us to
determine relative movements between the linker DNA,
histone octamer, and H1.0 during TF binding. Our studies
focused on the truncated model eukaryotic TF activator Gal4,
using the DNA binding domain of Gal4 (amino acids 1−147)
which binds DNA as a homodimer and comprised of a
dimerization domain and Zn2Cys6 binuclear cluster DNA-
binding motif.33,50 Gal4 binds a 19 bp target sequence and
wraps about 270° around the DNA. We included a 19 bp Gal4
TF target sequence that starts at the eighth base pair of the
nucleosome and extends 26 base pairs into the nucleosome
(Figure 1A). As previously reported, we used the DNA-
OctFRET system to detect Gal4 binding. As the concentration of
Gal4 is increased, it binds to transiently unwrapped
nucleosomes, trapping them in a partially unwrapped state
that exhibits low FRET efficiency12,14 (Figure 3A). By
comparing Gal4 S1/2 for binding to nucleosomes with and
without H1.0, we can determine the impact of H1.0 on the site
accessibility for Gal4 occupancy at its site within a partially
unwrapped nucleosome. We found that 1 nM nucleosomes
bound with 2.5 nM H1.0 increases Gal4 S1/2 from 15 to 56 nM
and nucleosomes bound with 4 nM H1.0 increases Gal4 S1/2 to
90 nM, which implies a ∼4−6 fold reduction in binding affinity
(Figure 3D). These results match our previous findings and
show that H1.0 shifts the equilibrium of spontaneous
nucleosome unwrapping to a more wrapped state but does
not completely prevent unwrapping of nucleosomes and
subsequent TF binding.12 Of note, in Gal4-binding experi-
ments, we were careful to use H1 concentrations near the S1/2
for each purified H1 sample as even small amounts of
nucleosome self-association have a large effect on Gal4 binding
that make accurate Gal4-binding measurements difficult.
To determine how H1.0 accommodates nucleosome partial

unwrapping and Gal4 binding, we performed Gal4 titrations
with H1.0-bound nucleosomes using the H1-OctFRET and H1-

DNAquench systems. To determine how H1.0 moves relative to
the histone octamer, we used the H1-OctFRET system. We
titrated Gal4 to nucleosomes in the presence of a constant
concentration of H1.0 to observe the change in Cy5-stimulated
emission as measured by ratioA. Multiple H1.0 concentrations
below 10 nM were used to assure nucleosome self-association
induced by H1.0 was not contributing to the measurement. At
all H1.0 concentrations investigated, the ratioA between either
the WHD (S22C and S98C) or the CTD (S131C) of H1.0
and the histone octamer showed little change over the
concentrations that Gal4 binds nucleosomes (Figures 3E,H
and S1C). Interestingly, there is a slight increase in the ratioA
with H1.0(S131C) indicating potential movement of the H1.0
CTD toward to the histone octamer as Gal4 binds within
nucleosomes trapping it in a partially unwrapped state. The
little to no change in the ratioA indicates that the H1.0 WHD
and CTD remain in similar positions during nucleosome
partial unwrapping and TF binding. This implies that (i) H1.0
WHD does not dissociate from the nucleosome dyad during
unwrapping and (ii) H1.0 CTD releases the linker DNA so the
nucleosome can partially unwrap to accommodate TF binding.
To directly investigate how the linker DNA moves relative

to H1.0 as the nucleosome unwraps and Gal4 binds its target
site, we utilized the H1-DNAquench system. Titrations of Gal4
with H1.0 bound nucleosomes resulted in an increase in Cy3
fluorescence indicating that as Gal4 binds within partially
unwrapped nucleosomes, the Cy3-labeled linker DNA moves
away from the H1.0 labeling positions in the WHD (S22C and
S98C) and the CTD (S131C) (Figures 3F,I, and S2D). Data
were normalized to the starting fluorescence, so all binding
curves start at 1. Because of this, higher concentrations of H1
lead to a larger increase in normalized Cy3 emission as these
nucleosomes start out more quenched than those with less H1.
The non-normalized data can be found in the supplement
(Figure S2D). Furthermore, measured Gal4 S1/2 values with
H1-DNAquench are all within the values of the Gal4 S1/2
measurements with the DNA-OctFRET system, showing that
the reduction in Cy3 quenching quantitatively agrees with
Gal4 concentrations that trap H1.0 bound nucleosomes in a
partially unwrapped state (Figure 3G). The observation that
the quencher on H1.0 has moved away from the linker DNA
implies that both the H1.0 WHD and CTD do not remain near
the linker DNA as Gal4 binds partially unwrapped
nucleosomes. Overall, the combined results from the three
fluorescence systems indicate that as H1.0-bound nucleosomes
partially unwrap and are trapped in this state by Gal4 binding,
H1.0 remains bound to the nucleosome dyad and the H1.0
CTD releases the linker DNA.

Small Region of the H1.0 CTD Is Largely Responsible
for Altering Nucleosome Wrapping and Subsequent TF
Binding. Our results reveal that the H1.0 CTD dissociates
from the linker DNA during nucleosome unwrapping, which
indicates that the CTD is important for H1.0 regulation of
nucleosome unwrapping/rewrapping equilibrium. Previous
work reported that the H1.0 CTD becomes ordered upon
nucleosome binding, and the first eight amino acids of the
Xenopus laevis H1.0 CTD (amino acids 101−108) are
important for H1 affinity.20 In addition, the first 24 amino
acids of the mouse H1.0 CTD was reported to be important
for nucleosome array compaction.19 Combined, these results
suggest that the beginning region of the CTD could be a key
region for H1.0 regulation of nucleosome unwrapping and TF
binding within nucleosomes.
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To investigate the importance of the H1.0 CTD in
regulating nucleosome unwrapping and TF binding to the
nucleosome, we prepared two H1.0 mutants. The first mutant,
H1.0ΔC, had the entire CTD deleted (amino acids 101−194),
while the second mutant, H1.0 ΔCpartial, retained the first 16
amino acids of the CTD (amino acids 117−194 were deleted)
(Figure 4A). We decided to retain the first 16 amino acids of

the CTD in H1.0 ΔCpartial because it is the intermediate length
between the 8 and 24 amino acids of the Xenopus and mouse
H1.0 CTD, respectively, that were critical for H1.0 binding and
array compaction.19,20 We hypothesized that a length between
8 and 24 amino acids would be important for regulating
nucleosome wrapping. EMSAs were used to investigate the
impact of these deletions on H1.0 binding (Figure 4). Both
H1.0ΔC and H1.0 ΔCpartial bind nucleosomes at a concen-
tration of about 30 nM (Figure 4B,C), while full length H1.0
binds nucleosomes at about 3 nM (Figure 2A). This implies
that both deletion mutants have about a 10-fold lower affinity
to nucleosomes than full length H1.0. Interestingly, H1.0
ΔCpartial initially induces an increase in electrophoretic mobility
in contrast to H1.0 and H1.0ΔC, which reduces electro-

phoretic mobility. These results are consistent with the
dominant impact of H1.0 and H1.0ΔC on electrophoretic
mobility being due to the overall reduction in negative charge,
while the dominant impact of H1.0 ΔCpartial is due to an
increase in DNA wrapped into the nucleosome.
We then investigated the impact of the full and partial CTD

deletions on nucleosomal DNA wrapping. Titration of H1.0
ΔC over the range of binding observed in EMSAs to DNA-
OctFRET nucleosomes shows that deletion of the entire H1.0
CTD nearly abolishes the FRET efficiency increase induced by
H1.0 implying that the CTD is required for H1.0 to increase
nucleosomal DNA wrapping when bound to nucleosomes
(Figure 5A). In contrast, titration of H1.0 ΔCpartial reveals that
the inclusion of the first 16 amino acids of the H1.0 CTD
results in a FRET efficiency increase that is similar to full
length H1.0 (Figure 5A). These results indicate that while the
full-length CTD is important for the overall H1.0 binding
affinity to nucleosomes, only the first 16 amino acids of the
CTD are required for bound H1.0 to increase nucleosomal
DNA wrapping.
Since the impact of H1.0 on nucleosomal DNA wrapping

correlates with the influence of H1.0 on Gal4 binding to a
partially unwrapped nucleosome, we investigated the impact of
the H1.0 deletion mutants on Gal4 binding to DNA-OctFRET
nucleosomes. Gal4 titrations with H1.0 ΔC held at constant
concentrations where H1.0 ΔC binding to nucleosomes (30
nM and 100 nM) reveals that H1.0 ΔC does not impact the
S1/2 of Gal4 binding (Figure 5B,C). In contrast, Gal4 titrations
with H1.0 ΔCpartial held at the same constant concentrations
cause an increase in the Gal4 S1/2 that is similar to full length
H1.0. These results show that amino acids 101−116 are not
only necessary and sufficient to increase nucleosomal DNA
wrapping; this region is required for reducing TF binding to
partially unwrapped nucleosomes.

Phosphorylation and Citrullination of H1.2 Modestly
Influence H1.2 Regulation of TF Binding within
Nucleosomes. In addition to the WHD and CTD of H1
being key regulators of chromatin function, the PTMs of these
H1 domains are strongly correlated with H1 function, while
disruption of H1 PTMs are connected to disease.24,28,30,31

Given the importance of H1 PTMs, we investigated the
influence of physiologically relevant H1 PTMs on H1-
nucleosome binding, nucleosomal DNA wrapping, and TF
binding within the nucleosome. We decided to focus on the
H1.2 linker histone isoform because it contains a number of
PTMs that are established to be biologically relevant.25,28,31

Furthermore, H1.0 and H1.2 bind to nucleosomes, increase
nucleosome wrapping, and restrict TF binding within
nucleosomes to a similar degree.12 In order to study H1.2
PTMs, we used a CHP-NCL strategy to create two peptides on
a solid phase that are then ligated in solution to create full
length H1.238 (Figure 6A). We focused on citrullination (cit)
within the WHD at R54 and phosphorylation (ph) of the CTD
at T145, T153, and S172. All four of the H1.2 PTMs have
been identified in both human and mouse, while both the
citrullination of R54 and phosphorylation of S172 are
correlated with active transcription and located in regions of
the genome that appear to be decondensed chromatin.28,31 We
decided to prepare H1.2 with not only separate PTMs but
combinations to determine if they functioned synergistically. In
total, we prepared H1.2(R54cit), H1.2(S172ph), H1.2-
(R45cit,S172ph), H1.2(T147ph,T153ph), and H1.2-
(T147ph,T153ph,S172ph). Each construct was verified by

Figure 4. EMSAs of H1.0 CTD mutants binding to DNA-OctFRET
nucleosomes. (A) Diagrams of full length and partially deleted H1.0.
The NTD ranges from 1 to 22 (gray), the WHD domain is from 23 to
100 (blue), and the CTD is from 101 to 194 (dark gray and gray).
H1.0 ΔCpartial contains amino acids 101−116 of the CTD. (B) EMSA
of H1.0 ΔC binding to nucleosomes. The first band shift occurs at 10
nM H1.0 with most nucleosomes at 20 nM H1.0 being shifted.
Increasing shifts can be seen as H1.0 reaches 50−1000 nM, probably
corresponding to multiple H1.0 molecules binding to a nucleosome.
Self-association begins at 1000 nM. (C) EMSA of H1.0 ΔCpartial
binding to nucleosomes. The first band shift occurs at 30 nM H1.0,
and most nucleosomes are shifted at this concentration. The H1.0-
bound band runs faster through the gel likely because roughly half the
mass of H1.0 has been removed but is still able to compact
nucleosomes similarly to WT H1.0. Slower moving bands occur at 50
nM and above, likely corresponding to multiple H1.0 molecules
binding to nucleosomes while significant self-association begins at
1000 nM.
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Figure 5. FRET measurements of H1.0 CTD truncations binding to nucleosomes and regulating Gal4 binding within DNA-OctFRET nucleosomes.
(A) FRET efficiency of nucleosomes with increasing amounts of H1.0. WT H1.0 increases FRET efficiency as seen before and binds with an S1/2 of
3 ± 1 nM (black circles). H1.0 ΔC increases nucleosome FRET efficiency only slightly over the range of concentrations that bind in an EMSA,
indicating that the mutant has little effect on linker DNA wrapping (gray triangles). H1.0 ΔCpartial increases the FRET efficiency of nucleosomes to
a similar degree as WT H1.0 with a reduced S1/2 of 30 ± 10 nM showing that it alters the nucleosomal DNA wrapping to a similar degree as WT
H1.0 but binds nucleosomes with a reduced affinity (gray squares). (B) Normalized ΔFRET efficiency of nucleosomes bound to H1.0 with
increasing amounts of Gal4. Gal4 binding to nucleosomes alone (black) and nucleosomes bound with two different H1.0 ΔC concentrations (red
and green circle) is similar, showing H1.0 ΔC does not alter Gal4 binding. In the presence of WT H1.0 (pink and gray circles) or H1.0 ΔCpartial
(red and green triangles), Gal4 binding to nucleosomes is reduced with S1/2 values reported in panel C, indicating H1.0 ΔCpartial is able to alter Gal4
binding to nucleosomes. (C) S1/2 values for Gal4 binding data in panel B. Gal4 binding to nucleosomes alone (black): 15 ± 2 nM. Gal4 binding to
nucleosomes with 2.5 nM WT H1.0 (pink): 56 ± 3 nM. Gal4 binding to nucleosomes with 4 nM WT H1.0 (gray): 90 ± 30 nM. Gal4 binding to
nucleosomes with 30 nM H1.0 ΔC (red): 15 ± 2 nM. Gal4 binding to nucleosomes with 100 nM H1.0 ΔC (green): 19 ± 3 nM. Gal4 binding to
nucleosomes with 30 nM H1.0 ΔCpartial (red): 43 ± 1 nM. Gal4 binding to nucleosomes with 100 nM H1.0 ΔCpartial (green): 89 ± 5 nM.

Figure 6. H1.2 with PTMs and Gal4 binding to DNA-OctFRET nucleosomes. (A) H1.2 synthesis strategy. Peptide 1 and peptide 2 were synthesized
on a solid support and then cleaved and ligated together in solution to create full length H1.2. (B) Selected examples of FRET efficiency of
nucleosomes with increasing amounts of H1.2 containing various PTMs. All H1.2 PTMs tested induced the same increase in FRET efficiency
indicating that they alter nucleosome wrapping to a similar degree. Measured S1/2 values for each H1.2 as seen in panel D were similar. (C) Selected
examples of normalized ΔFRET efficiency of various H1.2 bound nucleosomes with increasing amounts of Gal4. Gal4 binds nucleosomes alone
with a higher affinity than when H1.2 is bound to the nucleosomes (black compared to other colors). Addition of 2.5 nM H1.2 with and without
various PTMs decreases Gal4 binding affinity to nucleosomes to various degrees depending on the PTM. (D) S1/2 values for H1.2 binding data in
panel B, WT H1.2 (green): 2.8 ± 0.9 nM; H1.2(R54cit) (red): 3.3 ± 0.5 nM; H1.2(S172ph) (dark blue): 1.9 ± 0.7 nM; H1.2(R54cit,S172ph)
(orange): 2.0 ± 0.7 nM; H1.2(T145ph,T153ph) (light blue): 1.8 ± 0.6 nM; H1.2(T145ph,T153ph,S172ph) (pink): 1.4 ± 0.4 nM. (E) S1/2 values
for Gal4 binding data in panel C, nucleosomes alone (black): 15 ± 2 nM; WT H1.2 (green): 67 ± 4 nM; H1.2(R54cit) (red): 46 ± 2 nM;
H1.2(S172ph) (dark blue): 51 ± 4 nM; H1.2(R54cit,S172ph) (orange): 40 ± 10 nM; H1.2(T145ph,T153ph) (light blue): 61 ± 6 nM;
H1.2(T145ph,T153ph,S172ph) (pink): 57 ± 3 nM.
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both SDS-PAGE and MALDI-TOF mass spectrometry
(Figures S4 and S5). We hypothesized these PTMs may
alter H1.2 binding affinity and/or the ability of H1.2 to
regulate nucleosome wrapping and thus allow for enhanced TF
binding because they impact the charge of the amino acid and
the interaction of H1 with nucleosomes is largely electrostatic.5

To investigate the influence of these PTMs on the H1.2
binding affinity to the nucleosome, we titrated each PTM
containing H1.2 with nucleosomes that are prepared with the
DNA-OctFRET system and detected binding via EMSAs (Figure
S6). We found that each PTM containing H1.2 bound to
nucleosomes at nearly the same concentration as unmodified
H1.2 indicating that these PTM combinations did not impact
nucleosome binding. We then investigate the influence of
PTMs on H1.2-induced nucleosome wrapping with the DNA-
OctFRET system (Figure 6B,D). In H1.2 titrations, we find that
the change in FRET efficiency as H1.2 binds the nucleosome is
essentially identical between unmodified and PTM containing
H1.2. Furthermore, the change in FRET efficiency occurred at
the H1.2 concentration that induced electromobility shifts in
the EMSAs. These results confirm that these H1.2 PTMs do
not influence nucleosome binding nor the impact of H1.2 on
nucleosomal DNA wrapping.
While PTMs did not influence H1.2-nucleosome binding

and nucleosomal DNA wrapping, we considered the possibility
that PTMs still impacted the probability of TF binding to its
target sequence within a partially unwrapped nucleosome. To
investigate this, we again used nucleosomes constructed with
the DNA-OctFRET system and a Gal4 binding site that is
located between 8 and 26 base pairs within the nucleosome.
We titrated Gal4 to nucleosomes with a fixed concentration of
2.5 nM of either unmodified or PTM-containing H1.2. As
previously reported, unmodified H1.2 shifts the Gal4 S1/2 from
15 ± 2 to 67 ± 4, which implies a 4.5-fold reduction in Gal4
binding affinity (Figure 6C,E).12 We found that the S1/2 of
Gal4 binding to nucleosomes bound with PTM-containing
H1.2 was reduced relative to unmodified H1.2. H1.2(R54cit)
had the largest impact reducing the H1.2 influence on Gal4
binding from 4.5- to 3-fold (Figure 6E). This is about a 1.5-
fold reduction in the influence of H1.2 on Gal4 binding.
Therefore, we conclude that all five of the H1.2 PTM
combinations have at most a very modest impact on the
influence of H1.2 regulation of TF occupancy within
nucleosomes.

■ DISCUSSION

Using FRET and quenching measurements, we investigated
the role of the H1.0 CTD on nucleosome wrapping, TF

binding to nucleosomes, and the relative movements between
H1.0, the histone octamer, and nucleosomal DNA in a partially
unwrapped nucleosome. We determined that the H1.0 WHD
remains bound to the nucleosome dyad while the H1.0 CTD
releases the linker DNA to facilitate nucleosome unwrapping
during TF binding (Figure 7). We also found a small, 16 amino
acid region at the beginning of the H1.0 CTD is critical for
altering nucleosome wrapping and the suppression of TF
binding within nucleosomes by H1.0. These results highlight
the particular importance of the H1.0 CTD on altering
nucleosome wrapping to regulate TF binding within the entry/
exit region of nucleosomes. This implies that H1.0 could
impact the occupancy of many TFs since TF target sites are
often located within the entry-exit region of nucleosomes in
vivo51−53 This function is synergistic with additional
mechanisms by which H1 regulates TF occupancy in
chromatin. H1 condensation of chromatin reduces binding of
TFs to linker DNA between nucleosomes. Restriction enzyme
digestion of DNA between nucleosomes in Mg2+-condensed
nucleosome arrays was inhibited ∼50−300 fold when H1 was
bound to nucleosomes.13 H1 may also compete directly with
TF binding in the linker DNA and nucleosome dyad where H1
binds. The H1 CTD, in particular, is likely an important
modulator of these mechanisms. In addition, the H1 CTD is
integral for chromatin condensation and binds the linker DNA
making it directly involved with TF binding competition to the
linker DNA.5,16 Our results add to the mechanisms H1
employs to regulate TF binding and ultimately transcription.
Our result that the first 16 amino acids of the H1.0 CTD are

integral for altering nucleosome wrapping aligns well with the
previous literature. The H1 CTD is required for condensation
of nucleosome arrays and the formation of the stem loop DNA
structure by H1.16,19 Electron microscope images of
trinucleosome arrays show that H1 does not condense or
form the stem loop structure when the histone lacks the
CTD.16 This same study also showed 7 amino acids at the
beginning of the human H1.5 CTD are critical for forming the
stem loop structure. Structural evidence is also consistent with
our findings. A recent study found that NMR chemical shifts of
the alpha carbon of amino acids in the beginning of the human
H1.0 CTD deviate from random coil values, indicating that
this region of the CTD may interact with nucleosomal linker
DNA.49 Analytical ultracentrifugation also showed that
removal of the entire CTD removed the ability to condense
12mer nucleosome arrays.19 Interestingly, work on specific
regions of the CTD highlighted the beginning of the CTD as
important for condensing nucleosome arrays. Again, analytical
ultracentrifugation with H1 CTD deletions showed the first 24

Figure 7. Model of H1 binding during nucleosome partial unwrapping during TF binding. State A: the nucleosome is not bound by H1 or Gal4.
State B: H1 binds to nucleosomes increasing the wrapping of the nucleosome with the CTD of H1 interacting with the linker DNA. State C:
nucleosomes bound with H1 spontaneously partially unwrap. H1 remains bound to the nucleosome dyad while the H1 CTD releases from the
linker DNA to accommodate unwrapping. State D: a TF binds to the partially unwrapped nucleosome while H1 remains on the nucleosome dyad.
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amino acids of the CTD were necessary for nucleosome array
folding/condensation and self-association of nucleosomes in
folded arrays, while another 24 amino acid region in the
middle played a role only in array folding.19 Subsequent
experiments showed that the amino acid composition of the
beginning of the CTD is important for its function. Strikingly,
either randomizing the primary sequence of the CTD
beginning or swapping the beginning with another region of
the CTD while maintaining amino acid sequence composition
had no effect on the ability of the mutant H1 to condense
nucleosome arrays.6 However, mutating just 3 valines to
asparagine and 1 threonine to proline in the beginning of the
CTD decreased the ability of the H1 mutant to condense
nucleosome arrays. Our results are consistent with the amino
acid composition being important. Comparing the first 7
amino acids of the human H1.0 CTD with the 7 amino acids of
human H1.5 important in the electron microscopy data
discussed above and the mouse H1.0 in the ultracentrifugation
studies above shows they have similar amino acid composi-
tions.6,16 These studies have led to the hypothesis that the H1
CTD is an intrinsically disordered domain that folds somewhat
upon nucleosome binding with specific regions of the CTD-
forming structures necessary for different roles.19,20 Our results
are synergistic with this model. They show specifically that the
beginning of the H1.0 CTD is also necessary for altering
nucleosome wrapping which reduces TF accessibility to DNA
target sites within nucleosomes. Furthermore, our results are
consistent with the beginning of the CTD being responsible
for the ability of H1 to condense chromatin as this region alters
wrapping in the entry/exit region of the nucleosome.
We also found when a nucleosome is partially unwrapped

during TF binding, H1.0 remains bound to the dyad, while the
H1.0 CTD dissociates from the linker DNA. Structural studies
have found that the H1 CTD is disordered but appears to be
bound to the linker DNA of the nucleosome.5,16,49 H1 also
appears to adopt two potential binding “modes”, either the on
dyad mode, where the WHD binds the nucleosome dyad in the
middle symmetrically, or the off dyad binding mode, where the
WHD is closer to one of the two linker DNA arms.54−56 The
binding mode adopted depends on key residues in the WHD,
making it isoform dependent.54 This also has implications on
the CTD as the domain may favor binding to one linker DNA
over the other.5,16 In fact, recent cryo-EM structural studies
reveal that H1.0 binds on dyad, where the H1.0 WHD
interacts with one DNA linker through its α3 helix, while its L1
loop interacts with the other DNA linker.5,49 Bednar et al.
reported that the CTD interacts with the L1 DNA linker when
it interacts with only one DNA linker.5 In addition, Zhou et al.
reported that the CTD can interact with not only the L1 DNA
linker, but also with the α3 DNA linker.49 In our nucleosome
constructs, the Gal4 binding site is on one side of the
nucleosome, which results in a proximal and distal DNA linker
relative to the Gal4 binding site. H1.0 can bind to nucleosomes
with two different on dyad orientations where the L1 region
interacts with linker DNA that is proximal or distal to the Gal4
binding site. Therefore, when the nucleosome is fully wrapped
and Gal4 is not bound to its site, the nucleosome−H1.0
complex has the potential to be in four states: (i) the Gal4
proximal linker DNA is bound to L1 and the CTD is only
bound to the Gal4 proximal linker DNA, (ii) Gal4 proximal
linker DNA is bound to L1 and the CTD is bound to both the
Gal4 proximal and distal linker DNAs, (iii) Gal4 distal linker
DNA is bound to L1 and the CTD is only bound to the Gal4

distal linker DNA, and (iv) Gal4 distal linker DNA is bound to
L1 and the CTD is bound to both the Gal4 distal and proximal
linker DNAs. Our study probes only the side of the
nucleosome where our Gal4 binding site is located. However,
we cannot differentiate between these different H1.0-bound
nucleosome states. Therefore, our Gal4 accessibility measure-
ments are an average of these four different states transitioning
to partially unwrapped states that can be bound by Gal4. Our
results do reveal that the H1.0 CTD is required for H1.0
suppression of nucleosome unwrapping, which indicates that
the WHD L1 and the α3 interactions with linker DNA alone
do not suppress unwrapping. In addition, since there are up to
four different fully wrapped H1.0-bound nucleosome states
and we only quantify the average impact of these states, it is
likely that the H1.0 orientation and the CTD binding of one or
linker DNA results in different reductions in nucleosome
accessibility. Further investigation into the possible asymmetric
effects of the CTD binding to the linker DNA will be valuable
in adding to the interpretation of our results.
Our findings also raise the question of what happens to H1

binding orientation and dynamics when the CTD dissociates
from the linker DNA during partial nucleosome unwrapping.
The binding mode of H1 may switch and/or the CTD may
either remain unbound from nucleosomal DNA, or given the
unstructured and flexible nature of the CTD, it may bind to the
other DNA linker. One study using an optical trap to measure
DNA unzipping found that mouse H1.0 binds on dyad, but
when one side of the nucleosome is repeatedly unzipped
without causing nucleosome dissociation, H1 may switch to an
off dyad binding mode.57 Unfortunately, the design of our
FRET experiments and the nature of FRET make quantitative
determination of the population of H1 in each binding mode
difficult due to multiple affects. Our S22C and S98C labeling
positions on the N terminal and C terminal side of the WHD
are within 30−50 Å of both H2A K119C residues, meaning
any FRET we measure is a complex mixture of FRET between
both positions. In addition, Cy5 attached to K119C is a
relatively large molecule that is connected via a single bond
meaning Cy5 likely has a large amount of rotational freedom
further complicating our determination of distance. However,
our results that FRET between S22C and S98C and the
histone octamer does not change when Gal4 binds (Figure
S1C) are consistent with H1 remaining bound in the on dyad
binding mode as changes in binding mode are unlikely to result
in the same FRET efficiency as when H1 binds a fully wrapped
nucleosome. In addition, this study found that the H1 CTD
forms contacts with the linker DNA that are disturbed when
partial unzipping occurs, agreeing with our finding that the
CTD dissociates during nucleosome partial unwrapping.
Further investigation into these asymmetric effects on linker
binding and changes in H1 binding mode during nucleosome
unwrapping are warranted to answer these questions.
For the physiologically relevant H1.2 PTMs investigated

here, we found that they had no effect on H1 binding and
nucleosome wrapping, while R54cit and S172ph had a modest
impact on TF binding. The observation that these H1.2 PTMs
induce a modest increase in TF binding to nucleosomes is
qualitatively consistent with previous studies. H1.2 R54
citrullination was found to cause dissociation of H1.2 from
chromatin in vivo, and H1.2 S172ph is localized at sites of
active transcription.28,31 However, our modest results suggest
that mechanisms other than altering nucleosome wrapping are
likely responsible for the function of these PTMs. In addition,
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one study found that mouse H1.0 T153E does reduce CTD
contacts with the linker DNA during DNA unzipping
experiments, while we found that human H1.2 T153ph has
little effect on nucleosome wrapping.57 Differences in the
isoform used and our native PTM compared to mutation to
glutamate may be a reason for our different findings. It is also
important to note our H1 binding assay may not be fully
sensitive to changes in H1 binding as our nucleosomes were
limited to 1 nM for all experiments. Given that H1 affinity has
been previously measured to be pM, our assays may not have
been sensitive enough to detect modest changes in H1.2-
nucleosome affinity.21 Future experiments with more sensitive
methods will better determine whether these PTMs cause
differences in H1 affinity to nucleosomes. There are other
factors these PTMs may alter that contribute to their
chromatin function. Interactions between histone chaperones,
such as Nap1 and ProTα, and H1 could be disrupted by these
PTMs.58,59 These H1.2 PTMs could provide binding sites for
histone readers, which is an established mechanism of the core
histone tail PTMs. In addition, liquid−liquid phase separation
(LLPS) of chromatin by H1 may be altered by these PTMs.
The H1 CTD contains many charges and has multivalent
interactions as seen in proteins that undergo phase separation,
and the CTD has been shown to be responsible for causing
LLPS of nucleosome arrays.60 Furthermore, phosphorylation
of S157, S175, and S193 of chicken H1.11L reduces the ability
of H1 to cause LLPS with DNA.45 S157 and S175 correspond
to the human H1.2 T153 and S172 phosphorylations we tested
here, so these PTMs in particular may alter LLPS. Overall, our
work rules out a role for these PTMs in significantly altering
wrapping in a single nucleosome and instead points to future
investigations into alternative mechanisms by which H1 PTMs
regulate chromatin function.
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