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Abstract

The acylation reactivity of RNA 2’-OH groups has proven broadly useful for labeling and 

mapping RNA. Here we perform kinetics studies to test the mechanisms governing this reaction, 

and we find strong steric and inductive effects modulating reactivity. The results shed light on new 

strategies for improved conjugation and mapping.

RNA acts as a mediator of genetic information from DNA to the ribosomal protein 

machinery at the molecular level1. However, the role of the biopolymer goes far beyond 

genetic encoding, as many studies have established the versatility of RNAs in numerous 

biological functions, some yet to be discovered2. Thus, it is important to develop robust 

chemical methods to explore the function and properties of RNA3. A major advance has 

been the development of covalent modification at 2’-OH for monitoring folded structure; 

the method has the appealing feature of yielding information at every position of the 

polymer4. Although acylation at 2’-OH groups was reported in early studies of RNA5, 

the method developed more recently by Weeks, selective hydroxyl acylation analyzed 

by primer extension (SHAPE), has since been employed in numerous studies for RNA 

structure analysis based on the elevated reactivity of unpaired nucleotides relative to those 

in helices6–8. Early studies were carried out with short-lived isatoic anhydride reagents, and 

more recently isatoic anhydride and acylimidazole reagents with improved solubility and 

increased half-lives in water have been developed9, 10.

In addition to mapping structure, recent studies have been aimed at developing acylation 

of 2’-OH groups for high-yield conjugation of RNA11. By increasing aqueous lifespan and 

solubility, reagents can react in stoichiometric and superstoichiometric yields12, 13. The 

reaction can be carried out in stochastic fashion, giving random reaction along the strand8, 

or can be directed to specific locations by inducing locally unpaired structure14. Goals in this 

high-yield application include the development of specialised reagents for applications such 

as RNA pulldown10, 15,16, fluorescent labeling17, and caging18–20, as well as methods for 

installation of acyl groups at specific nucleotides in longer RNAs of interest21.
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This reaction is notable from the chemical standpoint, as it involves the unusual reactivity 

of an alcohol in water. Relatively little is known about why this 2’-OH group is reactive 

toward acyl electrophiles in comparison to other hydroxyls, such as DNA terminal hydroxyl 

groups, which are less hindered. Hypotheses include the effect of a lower pKa of the 2’-OH 

group, or influences of furanose ring conformations, or effects of neighbouring groups to 

catalyze reaction23, 24. Interestingly, one survey of reactivity in a biologically derived RNA 

noted lower average levels of reaction at cytidine 2’-OH over other nucleotides25, although 

this effect has not yet been measured in single nucleotides to determine of it occurs in the 

absence of folded structure. In addition, in selected structural contexts, certain nucleotides 

in folded RNAs are observed to be hyper-reactive; this has been ascribed in one study to 

general base catalysis by nucleobases or phosphate23. Third, while steric effects seem likely 

to play a role in reactivity of a secondary alcohol, surveys of reactivity in structured RNAs 

have to date shown little correlation with solvent accessibility23. Thus, multiple questions 

remain about this reactivity. Understanding the intrinsic reactivity of the 2’-OH group and 

the factors that modulate it is important for multiple reasons; for example, it can aid in 

the design of modified RNAs as well as reagents and methods for functionalising them. In 

addition, it could help in interpreting positional reactivity of folded RNAs as well.

In this work, we examined the kinetics of acylation at the ribose 2’-OH position in 

structurally varied mono- and dinucleotides. Reaction rates were measured for acylation 

by a well-established RNA acylating reagent, 2-methylnicotinic acid imidazolide (NAI), 

which can react at high yields for RNA conjugation and also at trace yields necessary for 

structure mapping3,10. We find strong steric and inductive effects modulating the reactivity 

in opposition.

Prior to performing kinetics studies, we measured the rate of hydrolysis of NAI, to test 

whether its decay might affect the analysis on the timescale of acylation. Using a deuterated 

buffer, the half-life was found by NMR measurements to be 173 min at room temperature 

(Fig S3–4). This is likely longer than the half-life in H2O, given the known solvent isotope 

effect on hydrolysis of similar species26.

Given that concomitant hydrolysis of the acylating agent NAI would obfuscate kinetics of 

acylation over longer periods, we employed initial rate measurements to keep the effects of 

reagent decay to a minimum. The NAI solution in DMSO (40 mM) was added to a mixture 

containing 0.4 mM mononucleotide, 50 mM NaCl and 10 mM MOPS (pH 7), and product 

yields within 25–55 sec were analyzed by HPLC. To understand how the rate of reaction 

is dependent on the components, we determined the kinetic order of the acylation reaction 

with 3’-AMP as a model (see ESI, Figs S5–7). We confirmed an apparent second-order 

reaction mechanism, where the rate is proportional to the concentrations of both NAI and 

mononucleotide (Fig 2). Control reactions with nucleotides lacking the 2’-OH functional 

group (Fig 3A and Figs. S11–13) confirmed that there was no detectable product formation, 

establishing that 2’-OH acylation is considerably more efficient than reaction at the 5’-OH 

or exocyclic amines (see below).

Prior work has shown that the acylating reagent NAI reacts with all four canonical 

nucleotides in RNA strands25. Here, we initially tested the intrinsic reactivity of the four 
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isolated mononucleotides, eliminating effects of folded structure. We found that the intrinsic 

reactivities of the 2’-OH groups of purine mononucleotides (3’-AMP and 3’-GMP) are 

almost identical and are greater than those of 3’-UMP and 3’-CMP by factors of 1.7- and 

5.0-fold, respectively (Fig 2). The relatively low reactivity of the cytidine nucleotide is 

surprising, but is in accordance with a previously report of reactivity of the nucleotides 

in a folded RNA with an isatoic anhydride reagent in a folded RNA25, as well as in a 

large transcriptome-wide analysis of 16,000 RNAs using a close analogue of NAI15. The 

difference in reactivity in the current experiments might be explained based on the acidities 

of the 2’-OH groups of the mononucleotides, although these are reported to vary by only 

very small amounts27 (see below).

Apart from the 2’-OH position of a ribonucleotide, acylating reagents might reasonably be 

expected to react with the exocyclic amines of the nucleobases. Indeed, it has been reported 

that the exocyclic amine of cytidine reacts almost quantitatively with acetic anhydride in 

an organic solvent such as DMF28, 29. However, our experiments with 5’-CMP in aqueous 

buffer resulted in only 2’- and 3’- regioisomeric ester adducts, as determined by NMR (Figs. 

S8–10). No base-acylated products were observed, and a similar test with 9-methyladenine 

also showed no reaction at the N6 exocyclic amine (Fig. S13).

An earlier study proposed a catalytic effect of a neighbouring phosphodiester group on 

the rate of 2’-OH acylation by an anhydride in a large folded RNA23. To explore whether 

a neighboring phosphate affects acylation by NAI in smaller unconstrained substrates, we 

studied monomeric nucleosides and nucleotides with varied phosphate substitution (Fig. 

3B). The results revealed several effects that are of interest (see also Fig S15–17, Table S2). 

The initial rates of reaction of A and 5’-AMP are nearly identical, but almost 3-fold higher 

than 3’-AMP with phosphate next to the reaction center. When the phosphate is constrained 

away from the 2’-OH (5’-3’-cAMP), the rate increases in comparison to 3’-AMP, suggestive 

of a possible unfavourable steric effect of the 3’-phosphate on the nearby 2’-OH group, and 

arguing against a catalytic effect of 3’-phosphate. Moreover, when a 3’-phosphomonoester 

(pKa’s of 1.5 and 7) is converted to a phosphodiester (pKa ~ 1.5), the initial rate does 

not decrease, but rather increases by a small amount (albeit slower than in the absence 

of phosphate). While in principle a phosphomonoester group with its near-ideal pKa of 

~7.0 could catalyze neighbouring acylation by deprotonation of the hydroxyl via a general 

base mechanism, a diester is expected to be orders of magnitude less effective due to its 

low basicity. Thus, these results establish that a neighbouring phosphate is not effective 

at promoting acylation, and in fact appears to slow it moderately, possibly due to steric 

occlusion or to the unfavorable electrostatic effect (see mechanisms in Fig S18).

Given that acylation is preferred at the 2’-OH group in adenosine over the more 

unencumbered primary 5’-OH group, we hypothesised that inductive effects might play 

a role at the secondary hydroxyl groups of ribose, by increasing acidity of the group and thus 

increasing the population of the reactive oxyanion form. The pKa values of 2’-OH groups 

in ribonucleotides have been measured at ca. 12.527. There is one electronegative oxygen 

located within three bonds’ distance from the 5’-OH group (Fig. 3G), while there are three 

electronegative groups within the same distance of 2’-OH. To test the inductive effect, we 

employed 2’-F-2’-deoxyadenosine in comparison to 2’-deoxyadenosine, where the fluorine 
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has the possibility of increasing the acidity of the 3’-OH (Fig 3C). We found substantial 

reaction of the fluoronucleoside, but no reaction with dA, for a rate difference of at least 

6-fold (Fig. 3C, for analytical data, see Fig. S19–21). Thus we confirm that inductive effects 

are likely to contribute substantially to efficient acylation of 2’-OH groups.

If, as expected, oxyanion formation at the 2’-OH is a key preequilibrium step affecting 

acylation rate (Fig 1), the pH of the medium is expected to influence the rate significantly. 

Thus, we tested acylation of 5’-AMP at two different pH values (pH 6.0 and 7.0; Fig S22). 

The data show that lowering pH by one unit reduces rate by nearly 2-fold, adding support to 

the central role of the oxyanion species (Fig. 3D).

To test whether ribose sugar has privileged reactivity relative to other sugars, we tested the 

acylation of ribofuranose and glucose with the 1’-OH groups blocked as methyl glycosides 

(Fig 3E). The results showed 18% conversion with the ribose compound, but no detectable 

product for glucose case after 10 min (Fig. S23, Table S4). Since glucose 2-OH has a 

similar arrangement of electronegative atoms relative to that in ribose, this suggests that ring 

and/or hydroxyl configurations can have a substantial influence on reactivity. Further work is 

needed to better understand these structural effects.

The above mononucleotide studies provide information about the inherent reactivity of 

monomers, but a true RNA context is likely to be affected significantly by neighbouring 

bases31, as the backbone and nucleotide to the 3’-side of a 2’-OH group is nearby in space 

(Fig 4A). Thus we extended our investigation with a series of dinucleotides to provide a 

more RNA-like context; no dinucleotides have been studied previously in this regard. The 

chimeric dinucleotides have a single acylation site (see Figs 4A and S24), and clean products 

at the ribose 2’-OH were observed for the series.

The results showed strong effects of the presence of a second nucleotide 3’- to the nucleotide 

undergoing acylation, with rate constants suppressed 3–7-fold in the dinucleotide context. 

For example, the reaction of a simple diester (3’-Et- AMP) is 6-fold faster than that of 

the pApdA dinucleotide (Fig. 4C, Figs S25–30). Effects of varying the nucleobase on the 

5’-side are smaller than in the mononucleotides; cytosine remains the slowest-reacting case 

(compare Fig. 2B and Fig. 4C). To test the role of the 3’-terminal nucleobase on acylation, 

we compared 5’-pApdA to 5’-pApdU (Fig. 4C), showing a small kinetic preference for 

uracil at the 3’-side, possibly reflecting the smaller size and less efficient stacking of uracil 

as compared to adenine32. Overall, the results show that the presence of any nucleotide 3’- 

to the reacting hydroxyl has a strong suppressive effect, likely from steric effects of the 

3’-sugar and base.

Taken together, the data point to multiple factors that affect rates of RNA acylation. The 

largest effect is steric; in helical regions of RNA, the 2’-OH group is shielded by the base 

and sugar on the 3’-side (Fig 4A), and is positioned there relatively rigidly. This appears 

to be the chief reason why acylation mapping of folded structure is successful, as unpaired 

nucleotides are more accessible statically or dynamically6. This steric effect also makes it 

possible to perform high-yield conjugation of RNAs by use of a DNA complement to induce 

a small reactive loop21. The data suggest that the conformational constraints of such small 
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loops aid in reactivity by preventing the stacked helical conformation, revealing the 2’-OH 

with less steric encumbrance. While previous studies have found no correlation of acylation 

reactivity and solvent accessibility in folded RNAs34, we note that H2O is far smaller than 

common acylation probes, and so the latter are much more likely to be subject to steric 

influences.

We were unable to observe catalytic effects of nearby groups on acylation rates, even with 

a closely situated group (phosphomonoester) with a near-ideal pKa. In general, RNA does 

not possess atoms that can act as efficient general bases at neutral pH, as pKa’s of basic 

atoms are far from ideal for proton transfer at neutral pH35. This does not rule out the 

possibility that certain folded structural contexts might alter pKa’s to better participate in 

such catalysis36.

Our data also confirm the significance of the oxyanion form of the 2’-OH in reaction (Fig. 

1), which is modulated inductively. More work is needed to understand the low reactivity 

of cytidine, but we note that the base’s dipole30, unique among the four bases, could 

potentially destabilise oxyanion formation (Fig. 3F), and a factor of four in reactivity could 

be explained by a small pKa difference26.

Taken together, the results provide new insights into mechanisms governing selective 

acylation at 2’-OH groups. The data suggest that to design modified RNAs for greatest 

acylation efficiency, one should aim to present 2’-OH groups with the least steric 

encumbrance possible. This might be achieved, for example, in small constrained loop 

structures14,29,30. In modified RNAs, it may also be possible to enhance yield further by 

designing modified nucleosides having greater acidity at 2’-OH.
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Refer to Web version on PubMed Central for supplementary material.
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Fig 1. 
Schematic of the acylation at 2’-OH groups in RNA with activated carbonyl species, 

resulting in functionalized RNA. A rapid preequilibrium to form the oxyanion precedes 

acylation. Crystal structure of RNA was taken from22 PDB entry 1KFO.
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Fig 2. 
A) Kinetics of ester bond-forming reactions (rate constants shown as k2) involving 

mononucleotides and NAI in aqueous buffer; A) Stacked representation of HPLC 

chromatograms from acylation assays of the four canonical mononucleotides and NAI, 

recorded during initial rate measurements at low conversion. Blue arrows indicate the 

acylated products of the corresponding mononucleotides. See ESI for details. Means and 

standard deviations are shown from 3–5 independent experiments. Conditions: 0.4 mM 

mononucleotide, 40 mM NAI, in a buffer containing 50 mM NaCl and 10 mM MOPS (pH 

7), and 5% (v/v) DMSO (23°C).
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Fig. 3. 
Additional compounds employed to study the mechanism of 2’-OH acylation with NAI. 

Second-order rate constants (k2) are shown for A-D.a For cases where k2<0.25, no acylation 

was observed, and this is an estimated maximum based on the smallest measurable peak 

area. A) Deoxynucleotide control compounds, which are unreactive; B) Nucleotides testing 

the role of neighbouring phosphate; C) Testing the role of inductive effects with a 2’-F 

group; D) Experiments at two pH values, showing rate enhancement at higher pH; E) 

Structures of sugar 1’-methylglycosides tested with NAI; F) Possible electronic effects 

on reactivity: hypothesised dipole effect on acidity of the 2’-OH. Base dipole in G 
electrostatically favors oxyanion, whereas the dipole in C disfavors it30; G) Schematic 

illustrating inductive effects of neighbouring O, N, F atoms (in green) on 2’/3’-OH (red) 

acidity. Conditions: 0.4 mM mononucleotide, 40 mM NAI in DMSO, containing 50 mM 

NaCl and 10 mM buffer (MOPS for pH 7, MES for pH 6), 23°C. DMSO content: 5% (v/v). 

Mean and standard deviation are shown from at least three independent experiments. For 

analytical data, see ESI Fig S11–24.
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Fig 4. 
Considerations of steric effects of the 3’-adjacent nucleotide on RNA acylation. A) 

Structural representation of the acylation at 2’-OH (red) of dinucleotides with NAI; B) 

Conformation of a dinucleotide in A-form, from a crystal structure of a 14 bp RNA duplex33 

(PDB entry 433D), showing steric congestion around the 2’-OH (marked by green arrow); 

C) Second-order rate constants for acylation reactions involving dinucleotides and NAI. 

Reacting nucleotide is shown in bold. Conditions: 30 μM dinucleotide, 100 mM NAI, 50 

mM NaCl and 10 mM MOPS (pH 7), rt. DMSO content: 5% (v/v). Mean and standard 

deviation from 3–5 independent experiments.
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