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A B S T R A C T   

Muscle flaps must have a strong vascular network to support a large tissue volume and ensure successful 
engraftment. We developed porcine stomach musculofascial flap matrix (PDSF) comprising extracellular matrix 
(ECM) and intact vasculature. PDSF had a dominant vascular pedicle, microcirculatory vessels, a nerve network, 
well-retained 3-dimensional (3D) nanofibrous ECM structures, and no allo- or xenoantigenicity. In-depth pro
teomic analysis demonstrated that PDSF was composed of core matrisome proteins (e.g., collagens, glycopro
teins, proteoglycans, and ECM regulators) that, as shown by Gene Ontology term enrichment analysis, are 
functionally related to musculofascial biological processes. Moreover, PDSF− human adipose-derived stem cell 
(hASC) synergy not only induced monocytes towards IL-10− producing M2 macrophage polarization through the 
enhancement of hASCs’ paracrine effect but also promoted the proliferation and interconnection of both human 
skeletal muscle myoblasts (HSMMs) and human umbilical vein endothelial cells (HUVECs) in static triculture 
conditions. Furthermore, PDSF was successfully prevascularized through a dynamic perfusion coculture of hASCs 
and HUVECs, which integrated with PDSF and induced the maturation of vascular networks in vitro. In a xen
otransplantation model, PDSF demonstrated myoconductive and immunomodulatory properties associated with 
the predominance of M2 macrophages and regulatory T cells. In a volumetric muscle loss (VML) model, pre
vascularized PDSF augmented neovascularization and constructive remodeling, which was characterized by the 
predominant infiltration of M2 macrophages and significant musculofascial tissue formation. These results 
indicate that hASCs’ integration with PDSF enhances the cells’ dual function in immunomodulation and 
angiogenesis. Owing in part to this PDSF-hASC synergy, our platform shows promise for vascularized muscle flap 
engineering for VML reconstruction.   

1. Introduction 

Volumetric muscle loss (VML) resulting from traumatic injury or 
tumor resection often requires surgical reconstruction with autologous 
muscle flaps. However, this approach is often limited by a lack of high- 
quality autologous flaps and by donor site morbidity. One alternative 
strategy is to use allogenic tissue flaps, as is done in vascularized com
posite tissue allotransplantation [1–3]. Unfortunately, patients who 
undergo vascularized composite tissue allotransplantation must use 

immunosuppressants, many of which carry a risk for neoplasms, 
opportunistic infections, and/or end-organ toxicity [4]. To overcome 
these challenges, researchers have turned to the use of tissue-engineered 
skeletal muscle (TESM), in which the native structure of the muscle is 
reproduced in vitro and the engineered tissue is transplanted into the 
damaged area, thereby avoiding the removal of a muscle flap at a donor 
site [5]. Creating TESM whose thickness exceeds 1 mm requires perfu
sion of the construct to avoid the cell death caused by a lack of oxygen 
and nutrients [6]. However, one of the major shortcomings of TESM is its 
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lack of a functional vascular structure, which limits its size and thus its 
application in the reconstruction of VML [5–8]. Conquering this major 
obstacle to the successful application of TESM requires the conceptual
ization of vascularized composite muscle flap engineering. A vascular
ized composite muscle flap can be sustained by its own microcirculatory 
network following its microsurgical anastomosis with the host circula
tory system and thus could provide a clinically viable alternative to both 
autologous flaps and allogenic tissue flaps. 

Like whole-organ tissue engineering, which uses decellularized 
extracellular matrix (ECM) scaffolds derived from organs such as the 
heart, lung, and liver [9–11], vascularized composite tissue engineering 
is a recent development. In one study, researchers decellularized a 
segment of porcine small bowel, along with its artery and vein structure, 
and repopulated it with multiple types of cells in vitro [12]. This kind of 
bioartificial vascularized scaffold demonstrated functional perfusion for 
1 h to 3 h in a porcine model [13] and, through the use of bypass cir
culation, viability for 1 week in a patient’s arm [14]. Aubin et al. 
established a rat decellularized cardiac tissue flap that could be 
re-endothelialized in vitro [15]. 

Skin tissue flaps are the workhorses of routine reconstructive 
microsurgery. Studies have shown that acellular skin flap matrix from 
small animal sources retains its vascular structure [16,17]. Our own 
group demonstrated that a recellularized acellular skin/adipose flap 
resulted in significant soft tissue regeneration that was aided by vascu
larized transplantation via microsurgical anastomosis [18]. Researchers 
have also developed large-scale skin flap matrices from porcine and 
human cadaver sources. Those flaps had preserved structural compo
nents and vascular networks for re-endothelialization [19,20]. Jank 
et al. created a rat decellularized limb composite tissue matrix. The 
tissue matrix, recellularized with multiple cell types, showed perfusion 
following a short-term, non-survival procedure in a rodent model [21]. 
More recently, human and porcine decellularized face and ear units have 
been reported. All flap matrices had a 3-dimensional (3D) ECM frame
work and vascular tree that facilitated cells’ engraftment and viability 
[22–24]. Overall, the use of decellularized composite tissue matrix for 
vascularized composite tissue engineering has progressed much in 
recent years. However, in-depth proteomic characterizations of acellular 
flap matrices are lacking, and interactions between the cells and scaf
folds have not been thoroughly investigated in vitro. In addition, most 
models’ remodeling processes are still in need of long-term observation 
in vivo. 

Muscle ECM− based scaffolds are widely used in muscle engineering 
because they provide a bio-inductive platform that improves healing, as 
seen in an array of different VML models [25–29]. However, achieving 
large-scale muscle regeneration with ECM-based scaffolds alone remains 
a challenge. Therefore, researchers must develop new approaches that 
combine myogenic cells, myoconductive scaffolds, and vasculogenic 
activators [30]. Although vascularized composite muscle flap engi
neering could meet this requirement, detailed studies of muscle 
ECM− based flap matrices are lacking. Thus, the purpose of the present 
study was to establish a platform for using a perfusion-decellularization 
protocol to process a porcine stomach muscle flap to engineer vascu
larized muscle tissue that has more flexible clinical applicability. 
Porcine stomach muscle was selected because it is sufficiently large to 
provide adequate muscle tissue ECM, has a rich vascular network, has 
strong mechanical properties [31], and is easy to process. The porcine 
stomach musculofascial flap matrix (PDSF) was comprehensively char
acterized with respect to its 3D architecture, biomolecular patterning, 
proteomic profiling, and bioactivity. The biocompatibility of the PDSF 
was tested by integrating it with human adipose-derived stem cells 
(hASCs), human umbilical vein endothelial cells (HUVECs), and human 
skeletal muscle myoblasts (HSMMs). The immunomodulatory properties 
of the PDSF, either alone or seeded with hASCs, were assessed in vitro 
and in vivo. Prevascularized and recellularized PDSF with a dominant 
vascular pedicle and integrating multiple cell types was then implanted 
to repair VML in a full-thickness abdominal wall defect model, and the in 

vivo response, biocompatibility, and remodeling properties of PDSF were 
evaluated (Scheme 1). The findings of the present study should inform 
the development of a platform for designing and fabricating 3D vascu
larized muscle tissue constructs that can be used to repair extensive 
musculofascial tissue defects. 

2. Materials and methods 

2.1. Creation of the PDSF, porcine decellularized muscle matrix, porcine 
decellularized fascia matrix, and human decellularized dermal matrix 

All animal handling and experimental procedures strictly followed a 
research protocol that was approved by MD Anderson’s Institutional 
Animal Care and Use Committee and followed National Institutes of 
Health (NIH) guidelines for animal welfare. Stomachs and their blood 
vessels were harvested from 6 euthanized 100-kg domestic female pigs. 
Immediately after harvest, smooth muscle flaps were raised (Fig. S1). 
Briefly, a parallel incision was made 5 cm from the artery pedicle, and 
dissection continued between the muscle and submucosa layers until the 
desired flap size (about 10 × 15 × 0.5 cm) was achieved. Whole layers of 
muscle were included in the flap. The vascular pedicle included the 
gastroepiploic artery and accompanying vein on the greater curvature 
side of the stomach. The artery was catheterized with a 20G catheter (BD 
Biosciences, San Jose, CA), and the flap was irrigated with normal saline 
until clear saline flowed from the vein. The flaps were frozen at − 80 ◦C 
and thawed at room temperature for 3 cycles and then processed with 
chemical detergents as described previously with modification [18,32]. 
The artery of each flap was catheterized, and the flaps were connected 
via the catheter to a Masterflex pump perfusion system (Cole-Parmer, 
Vernon Hills, IL) and perfused with ultrapure water (5–10 ml/min) for 1 
day at room temperature. The flaps were then treated with 0.5 M NaCl 
for 4 h, 1 M NaCl for 4 h, and ultrapure water overnight; this saltwater 
perfusion procedure was repeated once. After they were treated with 
0.25% trypsin/ethylenediaminetetraacetic acid (EDTA) for 2 h at 37 ◦C 
and washed with deionized water for 1 h, the flaps were processed with 
isopropanol overnight with agitation. The flaps were then treated with 
1% Triton X-100 for 2 days (1 change daily), washed in ultrapure water 
for 2 days (3 changes daily), and rinsed in phosphate-buffered saline 
(PBS) for 1 day within the perfusion system. The decellularization cycle 
was repeated 2 times. Any vessel branches with open ends were clamped 
to prevent leaking. PDSF was then sterilized with 70% ethanol, rinsed in 
PBS, and stored in PBS at 4 ◦C until use. Rat decellularized abdominal 
wall muscle flap matrix (RDMF) was used as a positive control in vivo. 
Rat native skeletal muscle (RNM) based on the deep inferior epigastric 
artery and vein was harvested from 8-week-old male Fischer 344 rats 
(Harlan Laboratories, Indianapolis, IN) and then decellularized using 
same perfusion protocol used for PDSF. 

To better characterize PDSF, we compared it with porcine decellu
larized muscle matrix (PDMM), porcine decellularized fascia matrix 
(PDFM), and human decellularized dermal matrix (HDDM). Porcine 
anterior rectus musculofascial tissue was harvested from donor pigs. 
Samples of skin tissues resected from the abdominal wall of a patient 
undergoing reconstructive surgery were collected. All procedures 
involving human tissue samples were approved by MD Anderson’s 
Institutional Review Board and conducted in accordance with MD 
Anderson’s research guidelines. PDMM, PDFM, and HDDM were pre
pared as described previously [32]. All decellularization steps were 
carried out at room temperature (except as indicated) with agitation 
(120 rpm). First, the samples were frozen at − 80 ◦C, then thawed at 
room temperature for 3 cycles, and then washed in ultrapure water for 2 
days. The washed samples were treated with 0.5 M NaCl for 4 h, treated 
with 1 M NaCl for 4 h, and then washed in ultrapure water overnight; 
this procedure was repeated once. After being treated with 0.25% 
trypsin/EDTA at 37 ◦C for 2 h, the samples were washed in deionized 
water for 1 h. The samples were treated with 1% Triton X-100 for 5 days 
(1 change daily), processed with DNAase at 37 ◦C for 3 h, washed in 
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ultrapure water for 2 days, and rinsed in PBS for 1 day. This decellula
rization process was repeated 3 times. PDMM, PDFM, and HDDM were 
then sterilized using 70% ethanol, rinsed in PBS, and stored in PBS at 
4 ◦C until use. 

2.2. Characterization of PDSF 

2.2.1. DNA assessment and quantification 
Cell removal was quantified by measuring the nucleic acid concen

tration with the Quant-iT PicoGreen dsDNA assay kit (Molecular Probes, 
Eugene, OR) as described previously [32]. Briefly, native tissues and 
decellularized samples (n = 6 each) were lyophilized and digested in 1 
mg/ml papain (Sigma, St. Louis, MO) at 60 ◦C for 48 h. The samples 
were then centrifuged at 12,000 rpm at 4 ◦C for 10–15 min. Fluorescence 
intensity in the supernatants was measured using a VersaFluor spec
trofluorometer (BioRad Laboratories, Hercules, CA), and the measured 
DNA quantity was normalized to the initial dry weight of the tissue. 

2.2.2. Sulfated glycosaminoglycan content 
The sulfated glycosaminoglycan (GAG) content of the native tissues 

and decellularized samples was quantified using an Alcian blue colori
metric assay kit (sGAG Dye Binding Assay, ALPCO, Salem, NH) [32]. 
Samples were lyophilized, digested with papain, and then incubated 
with Alcian blue dye. Absorbance of the samples at 600–620 nm was 
measured with a DU 730 UV/Vis scanning spectrophotometer (Beckman 
Coulter, Brea, CA) using chondroitin sulfate (Sigma) as the standard. 
GAG content was normalized to the initial dry weight of the samples (n 
= 6 each). 

2.2.3. Mechanical properties assessment 
The mechanical properties of the PDSF samples (average dimension, 

5.11 × 2.39 × 5 mm [width × thickness × distance between clamps]; n 
= 6) were determined by uniaxial tensile testing using the ElectroForce 
3200 system (Bose Corporation, Minnetonka, MN) at room temperature. 
Samples were cut into small strips and kept in PBS until testing. While 
moist, the samples were placed between 2 clamps. The widths and 
thicknesses of the samples were measured using an electronic digital 
caliper, and the cross-section area was calculated. Samples were tested 

with a 225-N load cell (Honeywell Sensotec, Columbus, OH) at a strain 
rate of 500 μm/s, and stress-strain curves were calculated. These curves 
were used to determine ultimate tensile strength (UTS), elastic modulus, 
and strain at failure. PDMM and PDFM samples served as controls (n = 6 
each) [32]. 

2.2.4. Vascular structure measurement 
The microcirculatory network of PDSF was demonstrated by inject

ing 2 ml of mixed Microfil-117 (Flow Tech, South Windsor, CT) solution 
into the artery pedicle at a rate of 1 ml/min. PDSF was stored at 4 ◦C 
overnight and then imaged using a Discovery V8 microscope (Zeiss, 
Oberkochen, Germany). 

2.2.5. Scanning electron microscopy 
PDSF samples (n = 3) were frozen at − 80 ◦C and dried through 

lyophilization with a FreeZone Triad benchtop freeze dryer (Labconco, 
Kansas City, MO). Cells on the decellularized samples were fixed with 
2% paraformaldehyde and 3% glutaraldehyde in PBS for 1 h and then 
rinsed in 0.1 M cacodylate buffer 3 times for 5 min each. This was fol
lowed by postfixing with 1% OsO4 in 0.1 M sodium cacodylate buffer for 
1 h and rinsing in cacodylate buffer 3 times for 5 min each. The samples 
were then dehydrated in 35%, 50%, 70%, 80%, 95%, and 100% ethanol 
successively for 10 min each and dried in hexamethyldisilazane (Sigma). 
The dry samples were coated with a platinum alloy to a thickness of 25 
nm under vacuum using a Balzer MED 010 evaporator (Technotrade 
International, Manchester, NH). Samples were examined with a JSM- 
5910 scanning electron microscope (SEM; JEOL, USA, Inc., Peabody, 
MA) at an accelerating voltage of 5 kV. Fiber size was measured using 
the ImageJ software program (NIH, Bethesda, MD). 

2.2.6. Histological analysis 
Porcine native stomach (PNS) muscle tissue and PDSF (n = 6 each) 

were fixed in 10% formalin, embedded in paraffin, and sliced into 5-μm 
sections, which were mounted on slides. The slides were stained with 
hematoxylin and eosin (H&E), Masson trichrome, and 4′,6-diamidino-2- 
phenylindole (DAPI). For immunohistochemical (IHC) staining, the 
slides were placed in antigen retrieval citrate buffer (Biogenex, Fremont, 
CA) in a steamer for 10 min at 95 ◦C. Endogenous peroxidases were 

Scheme 1. Prevascularized PDSF (engineered muscle flap) with a co-culture of human adipose-derived stem cells (hASCs) and human umbilical vein endothelial 
cells (HUVECs) was transplanted into a recipient nude rat for VML reconstruction. The inset image indicates the prevascularized area shown in the magnified view. 
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blocked by incubation with Peroxide Block (Innogenex, San Ramon, 
CA), and nonspecific binding was blocked with normal goat serum 
(Vector Laboratories, Burlingame, CA). Sections were incubated with 
primary antibodies against collagen I, laminin, MHC-I, MHC-II, and 
galactose-α-1,3-galactose (α-gal; all from Abcam, Cambridge, MA) 
overnight at 4 ◦C. The sections were washed, received an application of a 
biotinylated secondary antibody for 30 min, and were treated with 
streptavidin-horseradish peroxidase complex (using the Vectastain ABC 
Kit) and diaminobenzidine solution (both from Vector Laboratories) and 
counterstained with hematoxylin. The sample sections were dehydrated, 
mounted, and imaged using the Vectra multispectral slide analysis sys
tem (PerkinElmer, Waltham, MA). 

2.2.7. Proteomics profiling 

2.2.7.1. Protein extraction and digestion. Fifteen-microgram samples of 
PNS, PDSF, PDMM, and HDDM were washed with ice-cold PBS and then 
pulverized, and their proteins were precipitated with acetone (acetone/ 
sample ratio, 5:1) and stored overnight at − 20 ◦C. The precipitated 
proteins were resuspended in 10 μl of RapiGest (2 mg/ml in 100 mM 
ammonium bicarbonate; Waters, Milford, MA) plus 30 μl of 50 mM 
ammonium bicarbonate and heated to 100 ◦C for 10 min. The samples 
were cooled to room temperature and digested with 200–400 ng of 
sequencing-grade trypsin (20 ng/μl in 0.02% formic acid; Promega, 
Madison, WI) at 37 ◦C overnight. The digested samples were dried using 
a SpeedVac vacuum concentrator (Thermo Fisher Scientific, Waltham, 
MA) and reconstituted in 1% formic acid. 

2.2.7.2. Liquid chromatography–tandem mass spectrometry. The result
ing peptides were analyzed by liquid chromatography–tandem mass 
spectrometry (LC–MS/MS) on an Orbitrap Fusion mass spectrometer 
(Thermo Fisher Scientific). High-performance liquid chromatography 
analyses were performed with the UltimMate 3000 RSLnano system 
(Thermo Fisher Scientific). Samples were injected into a 150 mm × 2.7 
μm core–shell C18 DB column (Phenomenex, Torrance, CA) with mobile 
phase compositions of 0.1% formic acid in water (composition A) and 
0.1% formic acid in acetonitrile (composition B) at a flow rate of 100 μl/ 
min. For composition B, the gradient was held in the isocratic mode at 
2% for 2 min, ramped up to 35% at 165 min, ramped up to 80% at 166 
min, maintained at 80% until 176 min, ramped down to 2% at 177 min, 
and held at 2% until 190 min. The MS parameters and scan strategy 
were: mass range for MS1, 400–1300; mass resolution for MS1, 500,000; 
mass window for precursor ion selection, 0.5 Da; number of precursors 
selected for tandem MS in each scan cycle, maximum in 2 s; MS1, 
Orbitrap; MS2, Iontrap; charge state screening parameters, 2–4; relative 
collision energy, 30%; and dynamic exclusion settings, 15 s. 

2.2.7.3. Computational analysis of mass spectra. Database Search. Tan
dem mass spectra were analyzed using the Mascot software program 
(version 2.5) via Proteome Discoverer (version 1.4) to search against the 
UniProt Homo sapiens proteome database (version 2017_12). The 
database contains a total of 161,521 human protein sequences. The 
searches were performed with a precursor ion mass tolerance of 10 ppm, 
a fragment ion mass tolerance of 0.8 Da with trypsin specification, and 2 
missed cleavages allowed. The variable modifications included oxida
tion (M), Gln → pyro-Glu (N-term Q), and trioxidation (C). The IonScore 
cutoff was 20, and the false discovery rate was 0.1. Prior to pathway 
analysis, for both the native and decellularized tissues, the MS1 peak 
areas were defined for quantitative analysis and calculated using the 
Skyline software program (version 3.7.0.10952), which extracted from 
the Proteome Discoverer search results (.msf files) and raw data. The 
total peak area for all MS1 representing the same protein group was 
summed to represent the quantity of the protein group. The quantifi
cation for each replicate run was normalized to the mean of the total 
MS1 peak area of each group. 

Bioinformatic Analysis. The identified proteins were further cross- 
referenced to the gene sets of the Matrisome Project, which is main
tained by the Broad Institute. The protein-encoding gene sets were 
categorized as ECM glycoproteins, collagens, proteoglycans, ECM- 
affiliated proteins, ECM regulators, or secreted proteins. The classifica
tion rules of the MIT Matrisome Project (http://matrisomeproject.mit. 
edu/) were followed. 

Pathway Analysis. The retained proteins from the decellularized tis
sues were functionally grouped by ClueGO (version 2.3.3), a Cytoscape 
(version 3.5.1) plug-in that visualizes the non-redundant biological 
terms for large clusters of genes in a functionally grouped network. The 
ClueGo network is created with kappa statistics and reflects the rela
tionship between the terms based on the similarity of their associated 
genes. The pathways with P-values of less than 0.05 were reported; 
clusters had to have at least 2 proteins to be included in the statistical 
analysis. 

2.3. Evaluation of hASCs’ integration with PDSF 

2.3.1. Seeding hASCs on PDSF 
All procedures were approved by MD Anderson’s Institutional Re

view Board and performed in accordance with the institution’s research 
guidelines by a single surgeon. Adipose tissue samples were harvested 
from 3 women undergoing reconstructive surgery after mastectomy at 
MD Anderson. Patients provided their written informed consent to be 
included in the study. (The patients were 26, 35, and 37 years old, 
respectively; they all presented with a complaint that required recon
structive surgery, but they were otherwise healthy, and they had not 
received radiotherapy.) hASCs were isolated and identified according to 
our established protocol [33]. hASCs were cultured in α-minimum 
essential medium (α-MEM; Mediatech, Manassas, VA) containing 10% 
fetal bovine serum, 2 mM L-glutamine, 100 μg/ml penicillin, and 100 
μg/ml streptomycin. hASCs within 3 passages were harvested and used 
in all experiments. hASCs were plated onto PDSF scaffolds at a density of 
2 × 104 cells/cm2 and then stained with calcein AM and ethidium 
homodimer-1 using the LIVE/DEAD Viability/Cytotoxicity Kit (Molec
ular Probes) according to the manufacturer’s instructions. Samples were 
examined with an IX81 confocal fluorescence microscope (Olympus, 
Center Valley, PA) 1, 3, and 7 days after cell seeding (n = 3/group). 
Samples were also analyzed with an SEM (n = 3/group). Cell morpho
logic features were measured using ImageJ software. 

2.3.2. Differentiation assay 
A differentiation assay was used to determine the effects of PDSF’s 

molecular components on stem cells’ differentiation capacity. PDSF 
samples were ground into a fine powder and then incubated with α-MEM 
at a concentration of 0.3 g/ml (w/v) at 37 ◦C for 72 h with agitation. 
After centrifugation, the supernatant was added to adult stem cell dif
ferentiation medium (DM) from a GIBCO stem cell differentiation kit 
(Life Technologies, Carlsbad, CA) at a 1:3 ratio to prepare conditioned 
DM (CDM). hASCs were plated in 6-well plates at a density of 1 × 104 

cells/cm2 and then cultured with α-MEM, DM, or CDM for 6–10 days. 
The adipogenesis of hASCs was assessed by Oil-Red-O staining. Osteo
genesis was assessed by Alizarin-Red-S staining. Plates were imaged 
using an Olympus IX71 microscope and analyzed using ImageJ software. 

2.4. Assessment of the immunomodulatory effect of PDSF-hASC synergy 
on macrophage polarization 

Four experimental groups were designed. In group 1, CD14+ M0 
monocytes were cultured alone; in group 2, M0 monocytes were 
cocultured with the PDSF scaffold; in group 3, M0 monocytes were 
cocultured with hASCs; and in group 4, M0 monocytes were cocultured 
with hASC-loaded PDSF (n = 3 biological replicates/group). In the 
coculture system, M0 monocytes were seeded in the wells of 6-well 
tissue culture polystyrene plates, and PDSF, hASCs, and hASC-loaded 
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PDSF were placed in well inserts (BD Falcon, Franklin Lakes, NJ). The 
system was maintained in culture for 7 days, and then biological ana
lyses were performed. 

2.4.1. Cell culture 
Normal human CD14+ M0 monocytes (PCS-800-010; ATCC, Mana

ssas, VA) were cultured in phenol red–free RPMI-1640 supplemented 
with 10% fetal bovine serum, 2 mM L-glutamine, 1% sodium pyruvate, 
and 1% non-essential amino acids. M0 monocytes (2 × 104 cells/cm2) 
within 3 passages were seeded in the wells of tissue culture polystyrene 
plates. hASCs (2 × 104 cells/cm2) within 3 passages were seeded on 
PDSF scaffold samples (2 cm in diameter), which were placed in the 
inserts. The coculture system was cultured with monocyte medium in a 
95% humidified 5% CO2 atmosphere for 7 days at 37 ◦C. 

2.4.2. Flow cytometry 
After 7 days of co-culture, macrophages were harvested and sub

jected to flow cytometry with an LSR II flow cytometer (BD Biosciences). 
Briefly, the resulting cell suspensions (1 × 105 cells/100 μl) were stained 
using antibodies against CD14 fluorescein isothiocyanate, CD16 
phycoerythrin (a human M1 macrophage profile marker), CD206 allo
phycocyanin (a human M2 macrophage profile marker), and human 
leukocyte antigen–DR peridinin chlorophyll protein–Cy5.5 (BD Phar
mingen, San Diego, CA). Data were analyzed using the FlowJo software 
program, version 10 (Tree Star, Inc., Ashland, OR). The percentages of 
cells within each gate were determined by comparing their numbers to 
those of isotype-matched controls. 

2.4.3. Cytokine secretion assay 
The expression levels of cytokines (interleukin [IL]-2, IL-4, IL-6, IL-8, 

IL-10, interferon γ [IFN-γ], tumor necrosis factor α [TNF-α], and 
vascular endothelial growth factor [VEGF]) in fresh medium were 
analyzed simultaneously using the Bio-Plex Multiplex Immunoassay 
System (Bio-Rad Laboratories, Hercules, CA), which is based on xMAP 
technology (Luminex Corporation, Austin, TX). The manufacturer’s in
structions were followed. xMAP follows the principles of a sandwich 
ELISA. In short, 50 μl of the cell-free culture supernatants of each group 
from days 3, 5, and 7 were incubated with 50 μl of different types of 
magnetic, fluorescently dyed microspheres (beads) in a 96-well micro
titer plate, and each bead type was coupled to antibodies specific to the 
antigens of interest. A magnetic plate washer was used to repeatedly 
wash the samples to remove unbound proteins, and the samples were 
then incubated with a mix of biotinylated detection antibodies to create 
a bead antibody-sample antibody complex. The samples were washed 
again and subsequently coupled with a streptavidin-phycoerythrin 
conjugate, which served as the reporter to measure the quantities of 
the analytes of interest. The samples were then analyzed using a Bio-Plex 
200 reader, which recognized each bead at 635 nm to provide bead 
classification and recognized phycoerythrin at 532 nm to provide 
quantitation for each analyte of interest. Data were analyzed with Bio- 
Plex Manager software (version 5.0). 

2.4.4. Human growth factor array 
The expression levels of growth factors (41 human proteins) in fresh 

medium were analyzed using a RayBio C-Series Human Growth Factor 
Antibody Array C1 (RayBiotech, Norcross, GA) according to the manu
facturer’s instructions. Briefly, 1 ml of the cell-free culture supernatant 
of each group from day 7 was incubated with the membrane in the well 
of the incubation tray at 4 ◦C overnight. Following repeated washing, 
the membrane was incubated with a biotinylated antibody cocktail for 2 
h at room temperature and then with horseradish perox
idase–conjugated streptavidin for 2 h at room temperature. Then the 
membrane was visualized with enhanced chemiluminescence (Amer
sham, Arlington Heights, IL). Relative protein levels were determined by 
densitometry and normalized to positive controls using ImageJ 
software. 

2.4.5. Aortic ring assay 
An aortic ring assay was used to determine the effects of PDSF-hASC 

synergy on angiogenesis in vitro. Rat thoracic aortas were obtained from 
three 8-week-old female nude rats (NIH). The aortas were sectioned into 
1-mm-thick rings, which were then immersed in 25 μl of rat-tail collagen 
type I (BD Biosciences) and incubated at 37 ◦C for 30 min to allow the 
collagen solution to transform into a gel. Aortic rings embedded in the 
collagen gels were treated with regular endothelial growth medium 
(EGM; Lonza, Walkersville, MD) mixed with the same volume of fresh 
medium collected from groups 1–4 on day 7. Phase-contrast images of 
these rings were taken on day 7 using an Olympus IX70 microscope. 
Aortic rings with cell and microvessel outgrowth were stained with a 
mouse monoclonal primary antibody against CD31 (1:200; AbD Sero
Tec, Raleigh, NC) and a rabbit monoclonal primary antibody against 
α-smooth muscle actin (1:200; Abcam) and then stained with goat anti- 
mouse DyLight 488 and goat anti-rabbit Dylight 594 (each 1:500; both 
from Jackson ImmunoResearch Laboratories, West Grove, PA). Cell 
nuclei were stained with DAPI (1:5000; Molecular Probes). The stained 
rings were viewed with an LSM 7 MP multiphoton microscope (Zeiss). 
Images of the rings were analyzed using Imaris 8.0 (Oxford Instruments, 
Abingdon, Oxfordshire, England). 

2.5. Evaluation of HSMMs’ integration with PDSF 

2.5.1. Cell culture and seeding 
HSMMs were used to test if PDSF provided a 3D microenvironment 

sufficient for skeletal muscle cell growth. HSMMs were cultured alone, 
cocultured with HUVECs, or tricultured with HUVECs and hASCs on 2- 
dimensional (2D) glass, 3D collagen gel, or 3D PDSF in 4-chamber cul
ture slides (0.5 × 1 cm/chamber; BD Falcon). Cells were statically 
cultured for 7 and 14 days and then immunostained for analysis with 2- 
photon excitation microscopy (n = 6/condition). 

All cells were used within 3 passages. HSMMs (Lonza) were cultured 
in SkGM-2 skeletal muscle growth medium. HUVECs (Lonza) were 
cultured in EGM according to the manufacturer’s instructions. Cells 
were co-cultured in SkGM-2 and EGM at a 1:1 ratio. Cells were loaded 
onto 2D glass, 3D collagen gel, and PDSF at 2 × 104 cells/cm2. For the 
3D collagen gel culture, cells were mixed with 250 μl of rat-tail collagen 
type I and incubated at 37 ◦C for 30 min to allow the collagen solution to 
transform into a gel. The medium was replaced every other day, and the 
cultures were maintained in a 95% humidified 5% CO2 atmosphere at 
37 ◦C. 

2.5.2. Fluorescence immunostaining 
On days 7 and 14, cells on 2D glass, collagen gel, and PDSF were 

stained with a mouse monoclonal primary antibody against CD31 
(1:200; AbD SeroTec) and a rabbit monoclonal primary antibody against 
desmin (1:200; Abcam) and then stained with goat anti-mouse DyLight 
488 and goat anti-rabbit Dylight 594 (1:500; Jackson ImmunoResearch 
Laboratories). Cell nuclei were stained with DAPI (1:5000). The stained 
samples were viewed with 2-photon excitation microscopy and analyzed 
using Imaris 8.0. 

2.6. Prevascularization of PDSF 

The prevascularization and endothelialization of the flap matrix 
helps transplanted engineered flap constructs establish an early blood 
supply and integrate with the host. HUVECs and hASCs were cultured 
statically (for 1 week) and dynamically (for 2 weeks) on PDSF to opti
mize its prevascularization. 

Three PDSF samples (each 4 × 5 cm with a 4-cm vascular pedicle) 
were used in the experiment. Prior to seeding, hASCs were labeled with 
PKH26 (Sigma) according to the manufacturer’s instructions. The 
repopulation process followed 3 steps: 1) hASC preconditioning, 2) 
HUVEC repopulation, and 3) bioreactor perfusion. For hASC pre
conditioning, hASCs were injected into the vascular network (1 × 106 in 
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400 μl of α-MEM for each artery and vein system) and parenchyma (1 ×
106 in 400 μl of medium at 10 sites) of PDSF and allowed to grow 
statically for 3 days. For HUVEC repopulation, half of the α-MEM was 
replaced with EGM, and then HUVECs were injected into the vascular 
network (1 × 106 in 400 μl of medium for each artery and vein system) 
and parenchyma (1 × 106 in 400 μl of medium at 10 sites) of PDSF and 
allowed to grow statically for 4 days. For bioreactor perfusion, the cell- 
treated PDSF was connected via catheter to a Masterflex pump perfusion 
system (Cole-Parmer), which perfused the PDSF with EGM containing an 
additional suspension of hASCs and HUVECs (1 × 106 of each cell type) 
for 3 weeks (5 ml/min for the first week and 10 ml/min for the second 
and third weeks) in a 95% humidified 5% CO2 atmosphere at 37 ◦C. 

The cell-seeded PDSF was stained with a mouse monoclonal antibody 
against CD31 (1:200) and then with goat anti-mouse DyLight 488 
(1:500). All cells were stained with DAPI. Samples were viewed with 2- 
photon excitation microscopy and analyzed using Imaris 8.0. 

2.7. Examination of the host reaction to PDSF in vivo 

All animal procedures were approved by MD Anderson’s Institu
tional Animal Care and Use Committee and met all requirements of the 
U.S. Animal Welfare Act. Eight-week-old male Fischer 344 rats (Harlan 
Laboratories) were anesthetized; anesthesia was induced and main
tained with isoflurane (0.5%–2%, 3–5 L/min) and oxygen. Animals were 
divided into 5 groups (n = 6/group) on the basis of their donor grafts: 1) 
PDSF, 2) porcine fresh skeletal muscle (PNM), 3) porcine fresh stomach 
smooth muscle (PNS), 4) Fischer 344 rat native skeletal muscle (RNM), 
and 5) native stomach smooth muscle (RNS). Two graft samples (0.5 × 1 
cm each) were implanted subcutaneously on the back of each rat. The 
animals were monitored for clinical signs of inflammation or rejection 
for 2 weeks or 4 weeks and then euthanized by CO2 asphyxiation. 
Specimens were cut from the centers of the explants, fixed in 10% 
formalin, and embedded in paraffin. Sections cut from the paraffin- 
embedded samples were mounted on slides and subjected to H&E 
staining and Masson trichrome staining as well as IHC staining with 
antibodies against CD3, FoxP3, CD68, MyoD1 (all 1:200; Abcam), CD80, 
and CD163 (both 1:200; AbD Serotec). CD68, CD80, and CD163 are 
macrophage markers; CD3 and FoxP3 are lymphocyte markers; and 
MyoD1 is a myogenic marker. The slides were scanned using the Vectra 
multispectral slide analysis system. The resulting multispectral images 
were analyzed using the InForm Tissue Finder Advanced Image Analysis 
software package (PerkinElmer). 

2.8. VML reconstruction with prevascularized PDSF in a full-thickness 
abdominal wall defect model 

2.8.1. VML reconstruction with prevascularized PDSF 
Full-thickness anterior abdominal wall defects (each 2 × 2 cm; 

~30%–40% of the anterior abdominal wall area) were created in 8- 
week-old male nude rats (NIH; n = 6/group). Nude rats were used to 
avoid the host immunorejection of human tissue− derived hASCs and 
HUVECs. PDSF and prevascularized PDSF (PDSF cultured with hASCs 
and HUVECs for 1 week) were used for VML repair. PDSF was trans
planted into the defect site with the serosa side facing the peritoneum 
and the muscularis side facing the skin. The tissue-graft interface was 
sutured with 5-0 Prolene sutures (Ethicon, Somerville, NJ) in a running 
pattern. This repair resulted in the bridging of the elliptical muscu
lofascial defect (2 × 2 cm) by the PDSF graft, with a 0.5-cm peripheral 
zone of implant–musculofascial layer overlap. The skin was closed with 
absorbable subcutaneous 5-0 Vicryl sutures (Ethicon). Animals were 
monitored until they fully recovered from anesthesia. Animals were 
euthanized for sample explantation 1 or 3 months after surgery. RDMF 
was used as a positive control to repair full-thickness abdominal wall 
defects (0.5 × 0.5 cm) in 3 nude rats; samples were explanted 3 months 
after surgery. 

2.8.2. Gross evaluation 
Rats were euthanized with CO2. The entire abdominal wall was cir

cumferentially incised to widely expose the repair site for analysis 
without disrupting any abdominal adhesions. After the repair site was 
photographed, it was evaluated by 3 independent observers blinded to 
the rat’s group. A gross evaluation of adhesion structures and adhesion 
grade and strength at each repair site was performed. Briefly, the 
adhesion structures examined included the omentum, bowel, stomach, 
and liver. The adhesion coverage area was quantified as a percentage of 
the total visible implant area that was taken up by adhesions. Adhesions 
were graded according to the Butler adhesion scale, a 0–3 scale with 
intervals of 0.5, in which 0 represents no adhesions, 1 represents ad
hesions easily freed with gentle force, 2 represents adhesions freed with 
blunt dissection, and 3 represents adhesions requiring sharp dissection 
to be freed from the implant site [34]. 

2.8.3. Mechanical test 
After the entire abdominal wall was removed, it was cut into 3 strips. 

The center strip was used for the mechanical test, and the other 2 strips 
were fixed for histological analysis. For the mechanical test, the sample 
was covered in saline-wetted gauze and placed on ice. All sutures were 
removed before mechanical testing; all samples were measured within 4 
h of harvesting and tested at room temperature while moist. For the 
assessment of the interfacial strength between the muscle and the 
remodeled graft, strips were cut from the middle of the graft. One clamp 
was placed on one end of the abdominal wall, and the other was placed 
on the explant graft at the other end of the abdominal wall, thereby 
placing the interfacial area in the center between the 2 clamps (average 
dimension, 4.48 × 2.11 × 5 mm [width × thickness × distance between 
clamps]; n = 6/group). The area where sutures were removed was 
considered the interface. The mechanical properties at the implant- 
musculofascial interface were measured as described in section 2.2.3. 

2.8.4. Evaluation of blood perfusion 
For the evaluation of functional neovascularization in a PDSF graft, 

fluorescein-labeled dextran (70,000 MW; Life Technologies, Grand Is
land, NY) was diluted in PBS (25 mg/ml), and 500 μl of the dextran 
solution was injected through the tail vein with the rat under general 
anesthesia. Circulating dextran in the vascular system of the explanted 
graft was imaged with an Olympus IX81 confocal fluorescence micro
scope immediately thereafter (n = 3/group). 

2.8.5. Evaluation of tissue remodeling and musculofascial regeneration 
The explanted grafts were fixed in 10% formalin and embedded in 

paraffin. Sections cut from the paraffin-embedded samples were sub
jected to H&E staining and Masson trichrome staining as well as IHC 
staining for CD31, CD68, MyoD1, and desmin (all 1:200; Abcam); CD80 
and CD163 (both 1:200; AbD Serotec); and human nuclear antigen 
(HuNu; 1:200; Millipore, Bedford, MA). The slides were imaged and 
analyzed using the Vectra multispectral slide analysis system. The de
tails of using the ABC kit for IHC staining are described in section 2.2.6. 

2.9. Statistical analysis 

Data were presented as means ± standard errors of the means. Data 
were analyzed using one-way analysis of variance and the Student t-test 
with the SigmaStat software program (version 3.5, SyStat). P-values of 
less than 0.05 were considered significant. 

3. Results 

3.1. PDSF provides a 3D composite musculofascial flap matrix with intact 
vasculature 

The musculofascial layer of the stomach samples turned from peach- 
pink to white after decellularization (Fig. 1A–G). The mean thickness of 
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PDSF was 2.39 ± 0.52 mm (n = 20). The results of the PicoGreen dsDNA 
assay revealed that the DNA content in the PDSF samples (0.032 ±
0.003 μg/mg dry weight) was significantly lower than that in the native 
tissue samples (1.38 ± 0.155 μg/mg dry weight; P < 0.05; n = 6 sam
ples/group) (Fig. 1H). GAG content was also significantly lower in the 
PDSF samples (11.44 ± 1.90 μg/mg dry weight) than in the native tissue 
samples (44.03 ± 0.91 μg/mg dry weight; P < 0.05; n = 6 samples/ 
group) (Fig. 1I). Uniaxial tensile testing showed that PDSF had high UTS 
(6.04 ± 0.5 MPa), elastic modulus (9.48 ± 2.16 MPa), and strain at 
failure (0.92 ± 0.3) (n = 6); these values were similar to those of native 
fascia and PDFM. Compared with PDMM, PDSF had significantly higher 
UTS and elastic modulus (P < 0.05) but similar strain at failure (Fig. 1J). 

These data indicate that PDSF has strong mechanical properties. Such 
properties are particularly important for VML repair, which demands 
high tension and elastic recoil. 

Microfil was easily injected into the flap matrix through the artery 
pedicle. Images of the injected Microfil revealed that the gastroepiploic 
artery and its branch remained intact after decellularization. The 
perforator bundle comprised 1 artery and 2 veins penetrating to the 
acellular muscularis layers, suggesting that the microcirculatory 
network was well preserved in the decellularized musculofascial layer 
(Fig. 1D–G). The length of the vascular pedicle was 5.5 ± 3.5 cm, with 
an artery diameter of 2.2 ± 1.5 mm and vein diameter of 2.8 ± 2.0 mm. 
These findings indicate that PDSF has well-maintained microcirculatory 

Fig. 1. Perfusion decellularization and flap ma
trix angiography. (A) A porcine stomach muscu
lofascial flap with gastric blood vessels. The inset 
image shows nuclear DNA stained by DAPI (scale bar 
= 200 μm). (B) A transparent PDSF matrix was ach
ieved using a pump perfusion system combined with 
agitation decellularization. The PDSF had a preserved 
intact vasculature, including a dominant vascular 
pedicle and its perforators. (“D-” indicates “decellu
larized” in this and other panels.) (C) A magnified 
view of the circled area in panel B shows artery and 
vein structures in the perforator bundle (the asterisk 
indicates a blood vessel). (D) Microfil-117 angiog
raphy confirmed that PDSF retained a patent vascular 
pedicle and microcirculatory vessels. (E) In a magni
fied view of the boxed area in panel D, polarized light 
microscopy shows that the perforators penetrated 
into muscle matrix. Each artery was accompanied by 
a vein branch. (F) A magnified view of the circled 
area in panel D shows Microfil-117 easily filling a 
patent small perforator. (G) DAPI staining revealed 
the absence of nuclear DNA in PDSF. (H) Nuclear 
DNA was significantly reduced in PDSF. *P < 0.05 vs. 
PNS. (I) GAG content was significantly decreased in 
PDSF. *P < 0.05 vs. PNS. (J) PDSF has strong me
chanical properties. *P < 0.05 vs. native muscle and 
PDMM. The Student t-test was used for comparisons 
between 2 groups, as appropriate. ANOVA was used 
for comparisons among multiple groups, as appro
priate. (K) SEM images show that the 3D porous, 
tubular, and nanofibrous architectures of the ECM 
were well preserved in PDSF.   
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vascularity and a dominant vascular pedicle. These elements provide the 
foundation for engineering ECM-based vascularized composite muscle 
flaps. 

SEM findings were used to characterize the 3D architecture of PDSF 
(Fig. 1K). No cells were observed in the PDSF samples. Blood vessel 
structures were retained within the serosa and musculofascial layers. 
After adipose cells were removed from the loose connective tissues in the 
submucosa layer and smooth muscle cells were removed from the 
muscularis layer, nanofibrous structures were observed (fiber diameter 
= 81.0 ± 7.2 nm, n = 10). The outer surface of the thin serosa layer had 
microridge structures (ridge height = 3.8 ± 0.2 μm, n = 10). After the 
removal of the smooth muscle fibers, hollow and tubular structures were 
observed in the PDSF samples; these formations were characterized by a 

layered-sheet structure (sheet-to-sheet distance = 40.2 ± 1.5 μm, n =
10) and porous structure (pore size = 74.8 ± 3.4 μm for smooth bundles 
and 19.5 ± 0.7 μm for single smooth muscle cells, n = 10). These data 
indicate that PDSF comprising 3 layers of muscle ECM and 1 layer of 
fascia ECM has a well-maintained ECM architecture that provides 
topographical cues for cell integration and that PDSF’s porous and 
tubular structures with nanofibrous features resemble those of PDMM 
[32]. 

3.2. PDSF is free of allo- and xenoantigens 

The presence and location of major ECM components in the PDSF 
scaffolds were assessed by IHC analysis. H&E staining and Masson 

Fig. 2. IHC analysis of PDSF. (A&B) H&E staining 
(A) and Masson trichrome staining (B) of the cross- 
sections of all layers demonstrated that cell nuclei 
were present in native tissues (i.e., PNS) but absent in 
PDSF samples. PNS comprises a serosa layer (fascia) 
and 3 muscularis layers. These layers were well 
retained as composite collagen− based ECM in PDSF. 
Blood vessels and nerve structures in the serosa layer 
were also well maintained in PDSF. A, artery; V, vein; 
N, nerve. (C&D) In PNS (C), collagen I was strongly 
expressed in the vessel-nerve area and in stromal and 
epimysium tissue, whereas laminin was distributed 
richly in vessels, nerves, and muscle parenchymal 
structures. Similarly, in PDSF (D), corresponding 
structures showed strong expression of both collagen 
I and laminin. In PNS (C), α-gal was strongly 
expressed in vessel-nerve tissue located in the serosa 
fascia, connective tissue between muscle layers, and 
muscle epimysium; and whereas MHC I was 
expressed in most cells, MHC II was detected mainly 
in vessel-nerve structures. In PDSF (D), these 3 allo- 
and xenoantigens were absent. Inset images indicate 
the areas shown in the magnified views. Black arrows 
indicate the antigens of interest. Red arrows indicate 
arteries, and blue arrows indicate veins.   
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trichrome staining of the cross-sections of all layers demonstrated that 
cell nuclei were present in native tissues (i.e., PNS) but absent in the 
PDSF samples. The serosa (fascia layer) and 3 layers of composite 
musculofascial ECM were well maintained in the PDSF samples (Fig. 2A 
and B). Collagen I was detected around blood vessel structures (~32.0 
± 6.4% positive staining) and in the stroma and epimysium of muscle 
bundles (~12.7 ± 6.0% positive staining) in PNS and detected in cor
responding locations (~4.7 ± 0.6% positive staining in vessel structures 
and ~29.2 ± 5.3% positive staining in muscle parenchyma) in PDSF 
(Fig. 2C and D). Laminin was highly expressed in both vessel-nerve 
(~12.7 ± 3.4% positive staining) and muscle parenchymal structures 
(~64.0 ± 6.9% positive staining) in PNS. Accordingly, after decellula
rization, muscle fibrous structures (~50.1 ± 5.4% positive staining) and 
blood vessel structures (~15.4 ± 1.8% positive staining) in PDSF were 
strongly positive for laminin (Fig. 2C and D), an important component of 

the basement membrane necessary for cell attachment, adhesion, and 
integration. α-gal, which is absent in primates and humans and is 
recognized as the most potent xenoantigen, was enriched in the vessel- 
nerve areas (~19.2 ± 2.2% positive staining) and in the stromal tissue 
around the muscle fiber bundles (~17.8 ± 1.0% positive staining) in 
PNS. Whereas MHC II was predominantly expressed around the vessel- 
nerve structures (~15.7 ± 0.7% positive staining), MHC I, another 
strong antigen, was expressed in most PNS cells (~55.5 ± 5.6% positive 
staining in muscle parenchyma and ~5.1 ± 0.8% positive staining in 
vessel structures). These 3 major antigens, which provoke severe acute 
immunorejection in the recipient after transplantation, were absent in 
the PDSF samples (Fig. 2D). These histological data demonstrate that 
PDSF as a composite bioscaffold preserves native musculofascial ECM 
structures and lacks major antigenicity, making it safe for the clinical 
application of native-derived biologics. 

Fig. 3. Proteomic profiling of PDSF. (A) Heatmap 
showing the fold changes in protein abundances in 
PDSF samples. (B) A Venn diagram of the numbers of 
proteins identified in PNS and PDSF. PDSF had 
significantly fewer proteins than PNS did. (C) A 
stacked bar graph shows the distribution of MS in
tensity among the matrisome subcategories for PNS 
and PDSF. (D) Quantitative analysis showed differ
ences in the abundances of individual proteins in each 
matrisome and non-matrisome subcategory. Several 
proteins in both the matrisome and non-matrisome 
were enriched in PDSF. (E–I) GO functional classifi
cation in PDSF. (E) The most abundant and enriched 
proteins within the cellular component subset. (F) 
The network view of the cellular component sub
group grouped by function. The cutoff of the GO 
enrichment analysis was set to an adjusted P-value of 
0.05. Enriched GO terms (those with a kappa score of 
≥0.4) are depicted as nodes connected by lines that 
represent hierarchies and relationships among the 
terms. The node size reflects the significance of the 
term enrichment. Functionally similar terms are 
clustered together and are the same color. Only the 
names of the most significant terms within the clus
ters are shown. (G) The most abundant and enriched 
proteins within the biological process subgroup. (H) 
The network view of the biological process subgroup 
grouped by function. (I) The most abundant and 
enriched proteins within the molecular function 
subgroup. (J) A stacked bar graph shows the matri
some compositions by subcategory for PDSF, PDMM, 
and HDDM. (K) Quantitative analysis showed similar 
abundances of individual collagen proteins in the 
matrisomes of PDSF and PDMM. (For all panels, n = 3 
biological replicates).   
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3.3. PDSF’s matrisome proteins are highly similar to those in the core 
matrisome of skeletal muscle 

We used LC-MS/MS for the in-depth characterization of the proteo
mic profile of PDSF. For each group, triplicate runs yielded consistent 
results. R scripts were used to generate the heatmap analysis of PNS vs. 
PDSF. The identified proteins were expressed strongly in the PNS 
groups, but the majority of these proteins had significantly decreased 
abundance in the PDSF groups (Fig. 3A and B). A total of 194 proteins in 
PDSF were classified as matrisome or non-matrisome proteins according 
to the classification rules of the MIT Matrisome Project. We identified 20 
matrisome proteins, including collagens, glycoproteins, proteoglycans, 
and ECM regulators (Table S1). We identified 9 collagen proteins, 
including fibrillary collagens IA1, IA2, IIIA1, VA1, and VA2, which 
contribute to tensile strength. In particular, collagen V has been found to 
augment tissue generation and organoid formation [35], and collagen 
XIA1 helps maintain the spacing and width of the network-forming 
collagens VIA1, VIA2, and VIA3. Collagen VI, which is primarily asso
ciated with the skeletal muscle ECM, maintains regularity in muscle 
function and stabilizes the cell membrane [36]; it has also been shown to 
benefit mesenchymal cell growth and inhibit apoptosis [37]. These 
special functions make collagen VI an important component of any 
bioscaffold used for muscle tissue engineering and reconstruction. 

In addition, we identified several ECM glycoproteins, including 
dermatopontin, which interacts with decorin and modifies collagen 
fibrillogenesis; laminin γ, which is the major noncollagenous constituent 
of basement membrane and has been implicated in a wide variety of 
biological processes [38]; periostin; and tenascin C, which has been 
found to enhance cell proliferation and migration and ultimately 
improve regenerated tissue morphology [39]. Several proteoglycans and 
ECM regulators were also observed (Fig. 3C and D). Some matrisome 
proteins, such as ECM-affiliated proteins and secreted factors, were 
significantly depleted in PDSF compared with PNS. However, the “core 
matrisome,” which is key to the overall bioscaffold structure and facil
itates cell seeding and integration, was well preserved in PDSF, as 
indicated by PDSF’s retention of collagens, glycoproteins, and pro
teoglycans (Fig. 3C). Among these core matrisome components, several 
proteins were significantly enriched in PDSF, including collagens XIA1, 
IA1, IA2, IIIA1, and VA1; the glycoprotein dermatopontin; the proteo
glycan lumican; and the ECM regulators PRSS1 and PRSS3 (Fig. 3D). 

Conversely, a total of 174 non-matrisome, or cellular, proteins were 
identified in PDSF (Table S1). Although PDSF had high numbers of 
remnant cellular proteins, its abundance of these proteins was signifi
cantly decreased compared with PNS (Fig. 3A). PDSF had 10 well- 
retained cellular proteins, including B7Z4S2, which is cDNA 
FLJ51252, highly similar to collagen α-1(I) chain; Q59HB5, which is α 1 
type XI collagen isoform C preproprotein variant; Q59EE7, which is pro- 
α-1 type V collagen variant; and TUBA4B, which is putative tubulin-like 
protein α-4B (Fig. 3D). These cellular proteins are all related to collagen 
matrix (awbs://www.uniprot.org/). Our results are consistent with 
those reported for other acellular scaffolds [40]. For example, 58 
matrisome proteins and 459 cellular proteins were identified in a rat 
decellularized liver scaffold [41]. Porcine acellular vocal fold mucosa 
also contains a large number of non-matrisome proteins [42]. In a rat 
decellularized pancreas scaffold, 526 proteins were identified, including 
133 extracellular proteins and 393 intracellular proteins [35]. The 
detection of remnant cellular proteins underscores the challenge of 
removing all cellular materials from organ and flap tissues; however, 
perfusion decellularization is a powerful technique for depleting nucleic 
acids and retaining important ECM structures [41,43]. Remnant cellular 
proteins do not negatively impact ECM-based tissue engineering [35, 
42]. However, the role of these proteins in the subsequent host reaction 
and remodeling process in vivo needs to be elucidated [41]. 

Gene Ontology (GO) functional classification according to the terms 
“cellular component,” “biological process,” and “molecular function” 
was performed to identify the functions of each component of PDSF. The 

cellular component mostly included supramolecular fibers, ECM, and 
skeleton filaments, which have highly abundant proteins (Fig. 3E and F). 
The biological processes were mostly related to ECM organization, 
extracellular structure organization, muscle contraction, collagen 
metabolism, and muscle tissue morphogenesis (Fig. 3G and H). More
over, the molecular functions were mainly ECM-related processes such 
as integrin binding, myosin binding, growth factor binding, and GTPase 
activity (Fig. 3I). These data indicate that matrisome proteins in PDSF 
are major contributors to the enrichment of GO terms that are highly 
related to muscle physiological functions that could promote cell repo
pulation and muscle regeneration in vitro and in vivo. 

To better define the molecular cues of PDSF, we compared PDSF with 
HDDM, which has been widely used in reconstructive surgeries such as 
abdominal wall reconstruction and breast revision, as well as with 
PDMM, which is the gold-standard bioscaffold for skeletal muscle tissue 
engineering [25,32]. In HDDM, 365 proteins were identified, including 
34 matrisome proteins and 331 non-matrisome proteins. In PDMM, 283 
proteins were identified, including 22 matrisome proteins and 261 
non-matrisome proteins. Among these proteins, 105 were shared be
tween PDSF and PDMM, and 92 were shared among all 3 scaffolds. 
HDDM had the most cellular proteins, whereas PDSF had fewer cellular 
proteins than PDMM and HDDM did. PDSF and PDMM not only had 
similar numbers of matrisome proteins (20 vs. 22; among these, 16 were 
shared) but also had similar abundances of core matrisome proteins such 
as collagens (11A1, 1A1, 1A2, 3A1, 5A1, 5A2, 6A1, 6A2, and 6A3), 
glycoproteins (dermatopontin), and proteoglycans (biglycan, lumican, 
osteoglycin, and prolargin) (Fig. 3J and K). HDDM and PDMM shared 
only 105 proteins; in addition, HDDM and PDMM had less similarity in 
terms of both matrisome protein terms and abundance (Fig. 3J). These 
data indicate that the matrisome of PDSF highly resembles that of 
PDMM (Fig. 3K). In using PDSF to engineer muscle tissue, it would be 
particularly meaningful to have the muscle matrisome’s “zip-codes,” 
which would direct or support site-appropriate cell attachment and 
differentiation [44]. The differences in the core matrisomes of HDDM 
and PDMM indicate that skin-derived ECM is not an ideal bioscaffold for 
driving muscle cell differentiation and proliferation. This could explain 
the small amount of muscle regeneration that results from using HDDM 
for hernia repair in experimental animal and clinical studies [34,45–47]. 

3.4. PDSF supports hASCs’ proliferation, alignment, and differentiation 

Owing to their adult stem cell characteristics and easy isolation with 
conventional liposuction procedures, hASCs are the predominant cell 
source for tissue engineering [48]. hASCs are capable of asymmetrical 
reproduction, i.e., simultaneous self-renewal and differentiation. We 
assessed the interaction between hASCs and PDSF, particularly in terms 
of hASCs’ proliferation and differentiation. One day after plating, hASCs 
were well attached to PDSF on either the serosa side or the muscularis 
side (Fig. 4A). Cell viability assays demonstrated that hASCs continued 
to proliferate thereafter: hASCs on the serosa side proliferated from day 
1 (113 ± 4 cells/mm2) to day 7 (439 ± 10 cells/mm2) with a doubling 
time of 36.8 h, and hASCs on the muscularis side proliferated from day 1 
(105 ± 6 cells/mm2) to day 7 (426 ± 18 cells/mm2) with a doubling 
time of 35.7 h (n = 3) (Fig. 4A). hASCs elongated and formed aligned 
patterns from day 1 to day 7 in culture on PDSF (Fig. 4A and B). For 
example, after 7 days, 88% of the hASCs cultured on the serosa side 
oriented along the x-axis at an angle of less than 10◦, while 72% of the 
hASCs cultured on the muscularis side oriented along the y-axis at angles 
ranging from 80 to 90◦. In contrast, the hASCs cultured on 2D glass slides 
were randomly oriented at angles ranging from 0 to 90◦ (Fig. 4C). 

One of the important functions of hASCs is their differentiation 
capability. PDSF extraction significantly induced hASCs’ adipogenesis 
and osteogenesis (Fig. 4D–H). Lipid droplets were observed in the pe
ripheral area on day 3 in the experimental group but were observed in 
fewer areas on day 6 in the control groups (Fig. 4D,E,G). Similarly, 
PDSF-CDM significantly increased osteoblasts’ differentiation and 
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function, as evidenced by the greater calcium deposition in CDM 
compared with that in regular DM (Fig. 4F,H). These data indicate that 
PDSF provides a healthy microenvironment favorable to hASCs’ stem
ness. Future studies with LC-MS/MS could help identify the specific 
molecules in PDSF that improve stem cell differentiation. 

3.5. PDSF-hASC synergy skews monocytes towards M2 macrophage 
polarization 

Bioscaffold implantation often activates a foreign body response. 

Among host immune cells, macrophages play an important role in 
determining the outcomes of ECM-based implants. Macrophages have 
pro-inflammatory M1 or anti-inflammatory M2 polarization. Hence, we 
determined whether the PDSF-hASC culture system can modulate 
macrophage phenotypes. Cell culture inserts were used to achieve in
direct contact between hASCs and CD14+ macrophages (M0 macro
phages) in a coculture system (Fig. 5A). Flow cytometry and biological 
assays were used to assess changes in the macrophages during coculture. 
On day 7, compared with the control group (group 1), groups 2, 3, and 4 
had significantly more CD206+ M2 macrophages (22.0% ± 0.7% vs. 

Fig. 4. hASCs integrate with PDSF. (A) Confocal microscopy images show hASC growth on PDSF and 2D glass. Cells were stained with calcein AM (green) and 
ethidium homodimer-1 (red) 1, 3, and 7 days after seeding. (B) SEM images show hASC proliferation on PDSF from day 1 to day 7. The white boxes indicate the areas 
shown in the high-magnification images. (C) Cell body orientation reflected an alignment pattern of hASC growth on both the serosa and muscularis sides of PDSF. 
(D) A differentiation assay showed that PDSF extraction− conditioned medium significantly induced hASC adipogenesis and osteogenesis. (D&E) Oil-Red-O staining. 
Lipid droplets occurred in the peripheral area on day 3 (D) in the experimental group but occurred in fewer areas on day 6 (E) in the control group. (F) Alizarin-Red-S 
staining. Significantly more calcium deposition was observed in the experimental group than in the control group on day 10. (G) Differences in adipocyte differ
entiation between CDM and DM. *P < 0.05. (H) Differences in osteogenesis between CDM and DM. *P < 0.05. The Student t-test was used for comparisons between 2 
groups, as appropriate. ANOVA was used for comparisons among multiple groups, as appropriate. 
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42.1% ± 3.4%, 79.2% ± 1.4%, and 90.5% ± 0.5%, respectively; P <
0.05). All groups had substantially fewer CD16+ M1 macrophages after 
7 days of culture. Whereas human leukocyte antigen DR (HLA-DR) was 
highly expressed in most of the cells in groups 1, 2, and 3, hASCs 
combined with PDSF in group 4 had significantly decreased levels of 
HLA-DR expression. On day 7, group 4 had significantly more CD206+/ 
HLA-DR− cells than groups 1, 2, and 3 did (39.9% ± 1.6% vs. 7.3% ±
1.9%, 0.26% ± 0.06%, and 0.70% ± 0.25%, respectively; P < 0.05). 
These data indicate that either PDSF or hASCs favor M2 macrophage 
polarization in the coculture system and that the combination of hASCs 
and PDSF especially favors this polarization (Fig. 5A–G). 

The cytokine measurements from the Bio-Plex immunoassay coin
cided with the flow cytometry findings. The cytokine IL-10, a biomarker 
of M2 macrophages, was significantly increased in the medium of groups 
3 and 4, especially on day 3. Although M2 macrophages’ secretion of IL- 
10 decreased from day 3 to day 7, it remained at detectable levels 
compared with those in group 1 at day 5 and day 7 (Fig. 5H). VEGF, an 
angiogenesis factor, significantly increased from day 3 to day 7 in group 
3 and particularly in group 4 (Fig. 5I). None of the groups showed sig
nificant secretion of IL-2, IL-4, IL-8, IFN-γ, or TNF-α, the pro- 
inflammatory cytokines associated with M1 macrophages. In addition, 
higher levels of IL-6 were detected in the medium of group 4 from day 3 
to day 7 and in that of group 3 at day 7 (Fig. 5J). 

To identify the origin of IL-6, we cultured hASCs with or without 
other cell types, such as HSMMs and HUVECs, on both 2D glass and 3D 
PDSF. In most conditions, but especially in 3D PDSF, hASCs constitu
tively produced higher levels of IL-6 (Fig. 5K-M). Because group 1 did 
not have IL-6 and group 2 had only very low levels of the cytokine, 
hASCs were likely the predominant source of IL-6 in the coculture sys
tem. Because M1 macrophages usually secrete high levels of IL-6, our 
data indicate that hASC-derived IL-6 has a role in a negative feedback 

loop that skews CD14+ M0 monocytes towards IL-10− producing, anti- 
inflammatory M2 macrophages. These findings are consistent with 
previous reports about the immunomodulatory mechanisms of other 
types of mesenchymal stromal stem cells, such as bone marrow-derived 
mesenchymal stem cells (BM-MSCs) [49]. That hASCs have immuno
modulatory properties associated with constitutive IL-6 production 
when they are cultured with HSMMs and/or HUVECs on PDSF has 
important implications for using the PDSF-hASC construct for muscle 
tissue engineering. 

We also examined 41 human growth factors in the culture medium. 
Six of these growth factors were detected at relatively high levels. Again, 
VEGF was present in only groups 3 and 4, but it was significantly 
elevated in these groups. IGFBP-6 was elevated in group 4. Transforming 
growth factor β (TGF-β), epidermal growth factor (EGF), and 
granulocyte-macrophage colony-stimulating factor were increased in 
groups 3 and 4, although their levels did not differ significantly between 
the groups (Fig. 5N and O). Next, an aortic ring assay was used to further 
test the biological activity of growth factors produced by the PDSF- 
hASCs culture system. The medium from groups 3 and 4 significantly 
induced the outgrowth of endothelial cells and smooth muscle cells from 
the aortic ring (Fig. 5P). Both cell types formed microvessel-like 
branches inside and outside the ring in 3D collagen gel. Two-photon 
excitation microscopy showed that the vascular network augmented 
by the group 4 medium was distinct from those augmented by the other 
groups’ media (Fig. 5Q–U). 

Taken together, the above in vitro data suggest that seeding hASCs on 
PDSF enhances the cells’ paracrine activity, which in turn mediates 
angiogenesis and immunomodulation: hASCs promote angiogenesis by 
secreting growth factors such as VEGF, and they modulate inflammatory 
immune responses by producing IL-6 to switch monocytes towards the 
M2 phenotype (Fig. 5V). These important functions could drive 
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Fig. 5. PDSF-hASC synergy induces monocytes towards M2 macrophage polarization. (A) The experimental design of the indirect co-culturing of monocytes 
and hASCs in vitro (n = 3 replicates). (B–F) Representative flow cytometry dot plots of monocytes allowed to differentiate for 7 days in the presence of various 
conditions: B shows the isotype control; C, group 1 (G1); D, group 2 (G2); E, group 3 (G3); and F, group 4 (G4). (G) Rates of CD14, CD16, CD206, and HILA-DR 
expression among day 7 monocytes differentiated under various conditions. *P < 0.05 vs. G1 and G2; **P < 0.05 vs. G1, G2, and G3; ***P < 0.01 vs. G1, G2, 
and G3; §P < 0.05 vs. G1 and G2; #P < 0.05 vs. G1. (H) IL-10 secretion in fresh medium following coculture. §P < 0.01 vs. G1 and G2 on day 3; *P < 0.05 vs. G3 on 
day 3; #P < 0.05 vs. G2, G3, and G4 on day 7. (I) VEGF secretion in collected fresh medium following coculture. *P < 0.05 vs. G1, G2, and G3 at the same time point; 
§P < 0.05 vs. G1 and G2 at the same time point. (J) IL-6 secretion in fresh medium following coculture. *P < 0.05 vs. G1, G2, and G3 at same time point; §P < 0.05 vs. 
G1 and G2 on day 7. (K–M) IL-6 secretion in collected fresh medium following various culture conditions. *P < 0.05 vs. the control group at the same time point; §P 
< 0.05 vs. the same group on day 5 and day 7. (N) Representative film of the human growth factor array. Six growth factors were detected in collected fresh medium 
on day 7. (O) Densitometry analysis of growth factor expression. G3 and G4 had significantly higher expression of both VEGF and IGFBP. *P < 0.05 vs. G1, G2, and 
G3; §P < 0.05 vs. G1 and G2. (P) Representative phase-contrast images of aortic rings cultured with various conditioned media on day 7. The G4-conditioned medium 
resulted in significant vessel outgrowth from the aortic ring. (Q) Light microscopy image of microvessel outgrowth (black arrows) from the aortic ring (asterisk) of 
G4. (R&S) For G4, 2-photon excitation microscopy revealed the outgrowth of CD31+ endothelial cells (green) and SMA + smooth muscle cells (red) from the aortic 
ring (asterisk), which formed a microvascular network (white arrows) both outside the ring (R) and inside the ring (S). (T) A large vessel outgrowth (white arrow) 
from the aortic ring (asterisk) of G4. The scale bars on the x-ases in R-T are 50 μm. (U) Aortic ring microvessel density measured on day 7. *P < 0.05 vs. G1, G2, and 
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constructive remodeling and promote neovascularization and hence 
provide a strong rationale for using PDSF-hASC constructs for muscle 
tissue engineering. 

3.6. PDSF-hASC synergy improves the interconnection and 
communication of HSMMs and HUVECs 

We investigated whether PDSF supports the integration of skeletal 
muscle cells and endothelial cells. Two-photon excitation microscopy 
showed that desmin + HSMMs cultured on PDSF were well attached, 
grew, and formed an alignment pattern; this pattern was absent when 
HSMMs were cultured on 2D glass or 3D collagen gel (Fig. 6A). HSMMs 

and HUVECs cocultured on PDSF grew well compared with those 
cocultured on 2D glass or collagen gel, and HSMMs cultured on PDSF 
formed bundles of aligned cells. However, CD31+ HUVECs did not form 
vessel-like networks on any of the 3 surfaces (Fig. 6B). HUVECs aggre
gated as vascular structures in the presence of hASCs on 2D glass 
(Fig. S2). Therefore, HSMMs and HUVECs were cultured together with 
hASCs on PDSF. In this triculture condition, HSMMs demonstrated 
alignment, and HUVECs communicated with each other to form vessel- 
like networks within HSMM bundles. With the exception of HSMM 
alignment, similar phenomena occurred on 2D glass and collagen gel 
(Fig. 6C, Supplementary Video 1). Imaging analysis revealed that, in the 
PDSF culture condition, HSMMs, either alone or with other cells, had 

G3; #P < 0.05 vs. G1 and G2. The Student t-test was used for comparisons between 2 groups, as appropriate. ANOVA was used for comparisons among multiple 
groups, as appropriate. (V) A hypothetical model of hASC-induced M2 polarization. PDSF integration activates hASCs to constitutively produce IL-6, which skews 
CD14+ M0 monocytes towards anti-inflammatory, IL-10–producing M2 macrophages via a negative feedback mechanism. In turn, PDSF-hASC synergy has anti- 
inflammatory, immunomodulatory, and angiogenic properties that are initiated by and dependent on hASCs’ secretion of soluble factors such as IL-6, VEGF, and IGF. 
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significantly increased numbers (as defined by the area of their red 
fluorescence), cell length and alignment (defined by cell body orienta
tion), and interconnection (defined by dendrite body area, an overall 
parameter used to describe the fiber branches and communication be
tween HSMMs) (Fig. 6D–I). HUVECs formed significant vascular-like 
networks in all static culture conditions, but only in the presence of 
hASCs. These data indicate that PDSF could provide an ideal niche for 
the repopulation and proliferation of both endothelial cells and skeletal 
muscle cells and that PDSF-hASC synergy improves the interconnection 
of HSMMs and HUVECs to form muscle-vessel bundles. hASCs likely 
mediate intercellular interactions between HSMMs and HUVECs via the 
paracrine action of growth factors such as VEGF. 

Supplementary data related to this article can be found online at 
https://doi.org/10.1016/j.bioactmat.2022.10.023 

3.7. The perfusion coculture approach augments PDSF prevascularization 

Complete prevascularization and endothelialization are key to suc
cessful flap engineering. Therefore, we used a dynamic perfusion culture 
protocol to investigate PDSF prevascularization. When HUVECs were 
cocultured with hASCs on PDSF scaffolds, cells aggregated, capillary- 
like structures formed, and interconnected branches developed within 
1 week (Supplementary Video 2). Aided by the perfusion culture 
approach, the vascular tree became bigger, denser, and more complex 
and mature along re-endothelialized perforators by week 2 and week 3 
(Fig. 7A–C, Supplementary Video 3&4). Coculturing hASCs and HUVECs 
resulted in a partially re-endothelialized main vascular pedicle by week 
3 (Fig. 7D). Imaging analysis confirmed that the total area and volume of 
the vessel networks significantly increased with culture time in the PDSF 

parenchyma (Fig. 7E–G) and main pedicle (Fig. 7H&I). These data 
suggest that a perfusion coculture approach, aided by the PDSF vascu
lature, can achieve mature prevascularization. Prevascularized PDSF 
could be easily anastomosed and integrated with the host circulatory 
system, thus reducing the ischemia duration and increasing flap survival 
and improving reconstructive outcomes. 

Supplementary data related to this article can be found online at 
https://doi.org/10.1016/j.bioactmat.2022.10.023 

3.8. PDSF has immunomodulatory properties 

The xenotransplantation of PDSF into Fischer 344 rats was evaluated 
at 2 weeks (Fig. 8A) and 4 weeks (Fig. 8B). H&E staining and Masson 
trichrome staining showed that despite cellular and vascular infiltration 
in the graft, the vast majority of the explant was collagenous connective 
tissue. There was a thin fibrosis capsule around the graft. MyoD1+ cells 
were detected within the graft, with more distributed in the peripheral 
area than in the central area. Both CD163+ M2 macrophages and CD80+

M1 macrophages were found throughout the section. Tissue section 
analysis showed that M2 was the dominant macrophage phenotype; the 
overall M2:M1 ratio was 4.97 ± 0.93 at 2 weeks and 1.90 ± 0.28 at 4 
weeks (Fig. 8C). The tendency of M2 macrophages to replace M1 mac
rophages from the peripheral area towards the central area was attrib
uted to the gradual neovascularization of the graft from the outside in. 
PDSF remodeling started at the outside layers, where degraded peptides 
would activate macrophage polarization [7]. 

Besides macrophages, a few CD3+ T cells were observed in the tissue. 
Among these cells, abundant FoxP3+ regulatory T cells (T-regs) were 
predominant (Fig. 8). T-regs play an important role in inhibiting the 
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activation of T cells and inducing their apoptosis to promote immuno
suppression. A previous study demonstrated that decellularized skeletal 
muscle scaffolds display highly desirable immunomodulatory effects 
that skew the host response toward M2 macrophages, Th2 T cells, and 
cytokine profiles [50]. In agreement with that study, our data suggest 
that PDSF’s immunomodulatory properties are characterized by resident 
M2 macrophages and that the predominance of T-regs, which indicated 
scaffold acceptance following implantation, further resulted in the 
regeneration of MyoD1+ myogenic cells. The localization of muscle cells 
was highly related to the distribution of specific macrophage subtypes; 

more myogenesis occurred in areas that had both neovascularization 
and more M2 macrophages. Although remodeling was still occurring at 
4 weeks, especially in the center of the PDSF graft, few chronic granu
loma or giant cells were detected throughout the graft. 

The pathobiological characteristics of PDSF xenotransplantation 
closely resembled those of the implantation of RNM and RNS from 
Fischer rats into syngeneic recipients in terms of inflammatory and 
immune cell infiltration and distribution. However, compared with 
PDSF, RNM, and RNS, fresh xenografts from pig skeletal muscle (PNM) 
and stomach muscle (PNS) stimulated strong immunorejection 

Fig. 6. PDSF-hASC constructs support the interconnection and proliferation of HSMMs and HUVECs. (A) Two-photon excitation microscopy reveals that 
HSMMs (red) grew well on 2D glass, collagen gel, and PDSF but that these cells elongated and formed clear alignment patterns on only PDSF. (B) Cocultures of 
HSMMs and HUVECs on 2D glass, collagen gel, and PDSF. Both cell types grew well; however, HUVECs (green) did not form vessel-like networks on all surfaces, and 
HSMMs (red) branched and aligned on only PDSF. (C) Tricultures of hASCs, HSMMs, and HUVECs on 2D glass, collagen gel, and PDSF. With hASCs present, HUVECs 
(green) formed vessel networks on all surfaces. On PDSF in particular, HUVECs formed vascular-like networks entangled with elongated and aligned HSMMs (red) by 
day 14. The scale bars on the x-ases in A-C are 50 μm. (D–I) Image analysis revealed that HSMMs—alone or in co- or triculture conditions—proliferated on PDSF, as 
evidenced by cell numbers (D), cell length (F), dendritic body formations (G), and cell body alignment (H&I). Moreover, HUVEC growth on all 3 surfaces was 
significantly increased in the triculture condition (E). (D: *P < 0.05 vs. the same surface on day 7 and 2D glass on day 14 within the same culture condition; #P <
0.05 vs. the same surface on day 7 and 2D glass and collagen gel on day 14 within the triculture condition. F&G: *P < 0.05 vs. 2D glass and collagen gel at the same 
time point within the same culture condition. E: *P < 0.05 vs. the same surface on day 14 within the coculture conditions and day 7 within the triculture condition. 
The Student t-test was used for comparisons between 2 groups, as appropriate. ANOVA was used for comparisons among multiple groups, as appropriate. 
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postoperatively, as evidenced by severe inflammation characterized by 
significant CD80+ macrophage and CD3+ T-cell infiltration, which 
caused the graft to lose structure and disintegrate (Fig. 8). Further in
vestigations are required to identify the PDSF protein components that 
are the true specific antigens/immunomodulators that stimulate specific 
cell subsets and to elucidate the mechanisms underlying these in
teractions. Long-term observation of the xenograft in vivo would provide 
a more complete picture of the characteristics of foreign body reaction to 
PDSF and help determine the significance of such findings [50]. 

3.9. VML can be successfully reconstructed with prevascularized PDSF in 
vivo 

The use of PDSF for VML reconstruction was assessed using a nude 
rat full-thickness abdominal wall defect model. After VML repair with 
PDSF or prevascularized PDSF, no infection or wound dehiscence was 

observed, and no hernia occurred. All grafts appeared to be completely 
integrated with surrounding tissues (Fig. 9A–D). Graft implantation for 
abdominal wall repair did not cause any organ or bowel adhesion and 
resulted in only very small and weak omentum adhesion (adhesion scale 
of PDSF vs. prevascularized PDSF: 1.3 ± 0.3 vs. 1.0 ± 0.2 at 1 month, P 
> 0.05; 0.9 ± 0.4 vs. 1.1 ± 0.5 at 3 months, P > 0.05). Mechanical tests 
showed that the tissue-graft interface had strong mechanical properties 
at 1 month and 3 months postoperatively. The mechanical properties of 
the PDSF and prevascularized PDSF implants did not differ significantly 
(PDSF vs. prevascularized PDSF at 3 months: UTS, 5.5 ± 2.4 MPa vs. 6.6 
± 2.1 MPa; elastic modulus, 21.6 ± 10.9 MPa vs. 21.4 ± 2.3 MPa; strain 
at failure, 0.47 ± 0.08 vs. 0.55 ± 0.07). However, the elastic modulus at 
the interface increased substantially from 1 month to 3 months in both 
the PDSF group (11.0 ± 2.5 MPa vs. 21.6 ± 1.09 MPa) and the pre
vascularized PDSF group (9.5 ± 2.4 MPa vs. 21.4 ± 2.3 MPa). These 
data suggest that both scaffolds healed and integrated with surrounding 
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tissue and developed strong mechanical properties to adapt to the 
movement and enlargement of the abdominal wall as the animals grew 
and gained weight from 1 month to 3 months. 

Several large blood vessel branches arising from the deep inferior 
epigastric artery grew into the grafts and were particularly distinct in the 
prevascularized PDSF group at 1 month and in both groups at 3 months 
(Fig. 9A–D). Dextran injected through the tail vein successfully circu
lated into the grafts, indicating the presence of functional blood vessels 
in the implants after surgery (Fig. 9E–L). Compared with PDSF, pre
vascularized PDSF had a significantly higher density of dextran-perfused 
medium blood vessels in both the interface area and center area at 1 
month (P < 0.05) but not at 3 months (Fig. 9E-L). IHC staining 
confirmed that abundant CD31+ microvascular capillaries were 
distributed throughout the tissue sections; compared with PDSF, pre
vascularized PDSF had a significantly higher density of these vessels at 1 
month (P < 0.05) (Fig. 9M–R). Given the presence of large and medium 
blood vessels and microvascular capillaries in the grafts, these data 
suggest that the grafts were successfully neovascularized and that pre
vascularization augmented the implants’ neovascularization at an 
earlier time postoperatively. 

As the biological implants neovascularized with the surrounding 
tissue, a foreign body reaction occurred. Macrophages are the key cells 
managing the destination of ECM-based implantation. A portion of the 
infiltrated cells in a PDSF graft was strongly positive for CD68 (all 
macrophages) and CD163 (M2 macrophages) but weakly positive for 
CD80 (M1 macrophages). Compared with PDSF, in which M2 macro
phages were located mainly on the surface and in superficial layers, 
prevascularized PDSF had M2 macrophages distributed throughout, 
from the tissue-implant interface to the implant center (Fig. 9M − P). 
Both groups had high M2:M1 ratios, which were much greater in pre
vascularized PDSF than in PDSF (P < 0.05) (Fig. 9R). In contrast to 
PDSF, in prevascularized PDSF, the presence of hASCs contributed to the 
immunomodulation effect to significantly skew macrophages towards 
M2 polarization. In the normal skeletal muscle tissue, a few CD68+, 
CD163+, and CD80+ cells were observed, with slightly more CD163+
M2 macrophages than CD80+ M1 macrophages. This indicates that M2 
macrophages are responsible for surveilling and maintaining homeo
stasis between pro-inflammation and anti-inflammation factors in 
muscle tissue (Fig. S3). Therefore, a foreign body reaction to a PDSF- 
based scaffold that is characterized by M2 macrophage predominance 
could provide a favorable microenvironment, inhibit inflammation, 
delay scaffold degradation, induce constructive remodeling, and pro
mote musculofascial regeneration. 

H&E and Masson trichrome staining revealed that PDSF grafts un
derwent uniform cell infiltration and that cells aligned along the fibril 
structures. Collagen was maintained as the main component in the 
grafts, and dense collagen bundles with oriented fibril structures were 
characteristic of mature fascia structures at 3 months (Fig. 9M − P). 
Many muscle tissues were distributed within the collagen matrix in both 
grafts; desmin and MyoD1 staining confirmed that in both groups, the 
numbers of these regenerated muscle bundles persisted with time. 
However, the grafts differed in how the cells were organized. In the 
PDSF implants, most desmin + cells were organized as thin aligned fi
bers near blood vessels. In contrast, in the prevascularized PDSF im
plants, abundant desmin + cells were organized as thick skeletal muscle 
islands; the overall histological score of desmin staining was also 
significantly higher at both time points (P < 0.05) (Fig. 9M–R). MyoD1, 
the myogenic marker expressed in muscle satellite cells, was detected in 
the interstitial tissue around the muscle bundles in grafts. Prevascular
ized PDSF had many more MyoD1+ cells than PDSF did (P < 0.05) 
(Fig. 9M–R). The characteristics of desmin and MyoD1 staining in the 
remodeled constructs coincided with the proteins’ appearance in native 
skeletal muscle tissue, where abundant desmin was expressed in all 
muscle cell cytoplasm and MyoD1 was expressed in only muscle satellite 
cells (Fig. S3). These data indicate that PDSF implants underwent 
constructive remodeling and musculofascial regeneration and that 

Fig. 7. Prevascularization of PDSF with perfusions of cocultured hASCs 
and HUVECs. (A) Two-photon excitation microscopy front views showed 
capillary-like structures in transparent (top panel), surface (middle panel), and 
maximum rendering views (bottom panel); these structures developed into a 
more interconnected network of vascular branches in PDSF from week 1 to 
week 2 and week 3. (B) Cross section views showed that the vascular network 
encapsulated (week 1–2) and then penetrated (week 3) the PDSF parenchyma. 
(C) The vascular tree became bigger, denser, and more complex along the re- 
endothelialized perforators, which arose from the pedicle, and spread 
throughout the matrix from week 1 to week 2 and week 3. (D) Main pedicle 
endothelialization increased with culturing time. The scale bars on the x-ases in 
A-D are 50 μm. (E–I) Imaging analysis revealed significant increases in the total 
area and volume of the endothelialized vessel network in PDSF (E–G) and in the 
endothelialized lumen area of the main pedicle (H&I). *P < 0.05 vs. week 1 and 
week 2. ANOVA was used for comparisons among multiple groups, as 
appropriate. 
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prevascularization significantly improved the effectiveness of muscle 
regeneration. IHC with an anti-HuNu antibody revealed many pre- 
seeded human-derived cells within multiple layers of prevascularized 
PDSF at 1 month but much fewer such cells at 3 months (Fig. 9Q). These 
results suggest that engrafted hASCs, through paracrine action, influ
ence the local environment rather than the differentiation of resident 
cells. Undoubtedly, the degradation of both the pre-seeded cells and 
bioscaffold, along with gradual constructive remodeling, are desirable 
attributes of muscle ECM-based scaffold-stem cell constructs used for 
musculofascial tissue engineering. 

The remodeling outcome of PDSF was also similar to that of the 
positive control, RDMF (Fig. S4). As shown in Fig. S5, collagen-based 
connective tissue remained the main component of the explants at 3 
months postoperatively. Desmin and MyoD1 staining confirmed the 
presence of regenerated muscle tissue along the collagen bundles. 
CD31+ microvascular capillaries distributed throughout the tissue sec
tions confirmed the grafts’ neovascularization. CD68+ macrophages 
infiltrated all explants. Compared with CD80+ M1 macrophages, 
CD163+ M2 macrophages were the predominant subtype. These results 
closely resembled those observed in PDSF implantation constructive 
remodeling (Fig. 9M,O), which further highlights the myogenic prop
erties of PDSF and its constructive remodeling ability in vivo. 

4. Discussion 

Tissue engineering, through the creation of living tissue constructs, 
remains the most appealing means of advancing reconstructive surgery. 
This approach avoids the incompatibility inherent to bioprosthetic op
tions and averts the dangers of the immunosuppression and donor- 
related limitations inherent to other technologies such as vascularized 
composite tissue allotransplantation and autologous flaps [1–3,51]. 
Unfortunately, only modest progress has been made towards the reali
zation of a clinically relevant engineered construct of any tissue type, 
including muscle tissue [29,30,52,53]. The timely establishment of a 
blood supply and the avoidance of immune-mediated damage after 
transplantation are important challenges in the use of large-scale TESM. 
We aimed to improve neovascularization and regenerative remodeling 
for TESM implantation by developing a muscle flap matrix, PDSF, from 
porcine stomach smooth muscle tissue. The unique characteristics and 
advantages of PDSF include its myoconductive and immunomodulatory 

(caption on next column) 

Fig. 8. Immunomodulatory properties of PDSF in a xenotransplantation 
model. IHC analysis indicated that the host accepted the PDSF graft without 
immunorejection 2 weeks (A) and 4 weeks (B) postoperatively. The pathobio
logical characteristics of PDSF xenotransplantation closely resembled those of 
the implantation of RNM and RNS from Fischer rats into syngeneic recipients in 
terms of inflammatory and immune cell infiltration and distribution. In these 3 
groups, cellular infiltration occurred along with neovascularization from the 
peripheral area to the central area of the graft postoperatively. The implanted 
PDSF resulted in a foreign body reaction that was marked by the predominant 
infiltration of CD163+ M2 macrophages and FoxP3+ T-regs in the graft. The 
dominant presence of inflammatory M2 macrophages and T-regs induced the 
graft to undergo constructive remodeling, as evidenced by the myogenesis 
revealed by Masson trichrome and MyoD1 staining. Thirty days after the sub
cutaneously placement of PDSF, most of the graft was still collagen-based 
connective tissue undergoing myogenic regeneration. Compared with PDSF, 
RNM, and RNS, fresh xenografts from PNM and PNS stimulated strong immu
norejection postoperatively, as evidenced by severe inflammation characterized 
by significant CD80+ macrophage and CD3+ T-cell infiltration that caused the 
graft to lose structure and disintegrate. Inset images indicate the areas shown in 
the magnified views. Black arrows indicate the positive stains of interest. The 
scale bars in A and B are 50 μm. (C) Differences in muscle regeneration, T-cell 
infiltration, and macrophage polarization among grafts. *P < 0.05 vs. each 
PNM and PNS at the same time point; §P < 0.01 vs. each PNM and PNS at the 
same time point; #P < 0.05 vs. PNM at week 2. The Student t-test was used for 
comparisons between 2 groups, as appropriate. ANOVA was used for compar
isons among multiple groups, as appropriate. 
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Fig. 9. Reconstruction of VML with prevascularized PDSF in a full-thickness abdominal wall defect model. (A–D) Morphologically the implants showed 
healing and integration with surrounding muscle tissue at 1 month and 3 months after surgery. Several communicating blood vessels (white arrows) arising from the 
deep inferior epigastric artery (black arrows) grew into the grafts; the numbers of these vessels were particularly increased in both groups at 3 months (C&D) and in 
the prevascularized PDSF group at 1 month (A). Explanted grafts were cut into 3 pieces, as indicated by the dashed lines; piece 2 was used for mechanical tests, and 
pieces 1 and 3 were used for IHC analysis (B). (E–L) Dextran-perfused functional blood vessels (green) revealed neovascularization in the grafts. At 1 month, the 
functional blood vessel density was significantly greater in prevascularized PDSF than in non-prevascularized PDSF. The numbers of these vessels continuously 
increased in both groups by 3 months. Red arrows indicate arteries; white arrows indicate veins. (M − P) IHC staining revealed remodeling of the central part of the 
non-prevascularized PDSF at 1 month (M) and 3 months (O) and remodeling of the central part of the prevascularized PDSF at 1 month (N) and 3 months (P). H&E 
and Masson trichrome staining 3 months after graft placement revealed that collagen-based connective tissue (blue) remained the main component of the grafts and 
that dense collagen bundles with oriented fibril structures were characteristic of mature fascia structures. In both types of grafts, many muscle tissues (pink) were 
distributed across the collagen matrix; desmin and MyoD1 staining (black arrows) confirmed these to be regenerated muscle bundles. Abundant desmin + cells 
aggregated as thick muscle islands in the prevascularized PDSF grafts (N&P). CD31+ microvascular capillaries (red arrows) distributed throughout the tissue sections 
confirmed the grafts’ neovascularization. CD68+ macrophages (green arrows) infiltrated all explants. Compared with CD80+ M1 macrophages (green arrows), 
CD163+ M2 macrophages (green arrows) were the predominant subtype, especially in prevascularized PDSF (N&P). (Q) IHC with anti-HuNu antibodies was used to 
detect pre-seeded human cells in the prevascularized PDSF at 1 month. Most of these cells were hASCs (black arrows), and a few were HUVECs (red arrows) that 
presented in vascular structures. At 3 months, few pre-seeded human cells were detected, which suggests that most of these cells had degraded by this time. (R) 
Differences in muscle regeneration, blood vessel density, and macrophage polarization between non-prevascularized PDSF and prevascularized PDSF. *P < 0.05 vs. 
non-prevascularized PDSF at the same time point; §P < 0.05 vs. the same group at 1 month. The Student t-test was used for comparisons between 2 groups, as 
appropriate. ANOVA was used for comparisons among multiple groups, as appropriate. Inset images indicate the areas shown in the magnified views. 
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properties as well as its intact vasculature, which provides the structural 
basis for endothelialization and prevascularization by the perfusion 
seeding of hASCs and HUVECs. Our prevascularized PDSF-hASC 
construct not only augmented neovascularization but also modulated 
foreign body reactions, thus leading to constructive remodeling and 
muscle regeneration for VML reconstruction in vivo. Aided by their 
integration with PDSF, hASCs helped enhance both angiogenesis and 
immunomodulatory activities in our bioengineering approach. 

In the present study, we applied a perfusion protocol combined with 
agitation to create the PDSF matrix. We found that this protocol effi
ciently removed cellular components from the muscle and vascular tis
sues. The resultant PDSF comprised multiple layers of musculofascial 

ECM. Its well-maintained ECM architecture contained porous and 
tubular structures with nanofibrous features that resembled the char
acteristics of PDMM [32]. These topographical cues provided the 3D 
microenvironment necessary to direct muscle tissue− specific cellular 
behavior. PDSF supported the attachment, growth, and interconnection 
of hASCs, HUVECs, and HSMMs in vitro. In particular, compared with 
those cultured on 2D glass or 3D collagen gel, HSMMs cultured on PDSF 
were remarkably elongated, aligned, and interconnected; this 
tissue-specific manner of skeletal cell growth indicated improved muscle 
cell functionality. Furthermore, at the molecular level, in-depth 
LC-MS/MS analysis revealed that PDSF had 20 well-preserved matri
some proteins, including collagens, glycoproteins, proteoglycans, and 

Fig. 9. (continued). 
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ECM regulators, indicating that the core matrisome of PDSF is highly 
similar to that of skeletal muscle. In addition, some common compo
nents of the matrisome belonged to different tissue ECM; such compo
nents included laminin γ, a major basement membrane constituent that 
plays important roles in a wide variety of biological processes, including 
cell adhesion, differentiation, and migration [54]. 

PDSF was also enriched in several proteins that are highly beneficial 
to muscle function and regeneration. For example, collagen V augments 
tissue generation and organoid formation [35], and collagen VI, which is 
primarily associated with the skeletal muscle ECM, maintains regularity 
in muscle function and stabilizes the cell membrane [36]. Our GO data 

suggest that PDSF’s proteomic profile represents a muscle ECM “zip 
code,” which contributes to extracellular structure organization, 
collagen metabolic processes, muscle contraction, and muscle tissue 
morphogenesis. Coinciding with PDSF’s support of skeletal muscle cells 
in vitro, the heterotopic (subcutaneous) and orthotopic (abdominal wall) 
xenotransplantation of PDSF in vivo yielded MyoD1+ and desmin +
muscle tissue regeneration, further indicating that PDSF has important 
myoconductive properties. Different tissue types have distinct ECM 
compositions that might reflect the tissues’ behaviors [40]. Our results 
suggest that the native 3D structural and biochemical properties of 
stomach muscle tissue ECM are well-maintained in PDSF and provide 

Fig. 9. (continued). 
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molecular and topographical cues for cell repopulation and muscle tis
sue engineering and regeneration. 

The biomaterials used in musculofascial tissue repair must be strong 
enough to withstand the mechanical forces experienced during and after 
surgery. The mechanical properties of PDSF were similar to those of 
PDFM and HDDM [32,55]. PDSF not only demonstrated strong me
chanical properties but also had high strain at failure, which allows 
more flexibility and expandability, both of which are important for 
hernia repair and other types of VML repair. The 3D porous, tubular 
structure of PDSF favors cell infiltration, tissue remodeling, and inte
gration. These features stand in contrast to those of acellular dermal 
matrix (ADM), which exhibits cell infiltration but not musculofascial 
regeneration [34,45]. Because small intestine submucosa (SIS), urinary 
bladder matrix (UBM) and ovine forestomach matrix (OFM) are usually 
very thin (around 0.5 mm per layer), they must be applied in multiple 
layers in vivo, which reduces their cost-effectiveness. We have investi
gated ADM from bench to bedside [34,45–47]; SIS, UBM and OFM 
derived from either submucosa (SIS), subepithelial lamina propria 
(UBM), or propria submucosa (OFM) without the ECM of muscularis 
layers, also have been widely studied by others [53,56–59], the ad
vantages and disadvantages of these materials are well known. There
fore, the present study did not include them as controls. To our 
knowledge, no muscle-based ECM bioscaffolds are commercially avail
able, and few ideal biologics for VML reconstruction are currently on the 
market [30,32,60]. As a muscle-based ECM biologic, PDSF could fill 
these gaps. Because PDSF is composed of a serosa extracellular matrix 
layer and 3 muscle extracellular matrix layers, it can be folded and 
adjusted as a composite sheet for personalized reconstruction. More 
importantly, PDSF has unique vascularity structures, which makes it 
suitable for prevascularization and flap engineering, thereby providing 
advantages over other options for VML reconstruction. 

IHC analysis showed that PDSF is free from MHC I, MHC II, and α-gal 
xenoantigenicity, indicating that PDSF would be safe from rejection in 
vivo. Upon implantation, PDSF could activate a foreign body response 
mediated by host immune cells. There are two pathways of T-cell acti
vation. One arises from the antigens presented by the graft’s MHC, 
which is avoided in the case of PDSF, and the other arises from antigens 
presented by host APCs. After decellularization, PDSF retained some 
non-matrisome, or intracellular, proteins that are common to the ECM in 
other types of tissue, such as the pancreas [35], liver [41], vocal mucosa 
[42], and heart and skin [23,24,40]. The intracellular proteins, which 
may indicate lower allo- or xenoantigenicity, could be recognized by 
host APCs, which could present the proteins to T-cell receptors to acti
vate a T-cell immune response to the foreign body [41]. However, T cells 
will remain nonfunctional if the antigen is presented at low levels or if 
insufficient costimulatory molecules (e.g., CD80, CD86) are present. In 
these situations, T cells could either became anergic or differentiate into 
T-regs, which secrete regulatory cytokines to prevent the activation of 
other T cells. T-regs (formerly known as suppressor T cells) are the most 
common mechanism of peripheral tolerance in transplantation [61,62]. 
The T-reg pathway could become activated in PDSF, as evidenced by the 
very few CD3+ T cells infiltrating the explants 30 days postoperatively in 
the Fischer rat xenotransplantation model. Moreover, more than half of 
the CD3+ T cells were recognized as FoxP3+ T-regs in the remodeled 
PDSF scaffold. In addition, instead of CD80+ M1 macrophages, CD163+
M2 macrophages were predominantly dispersed throughout the graft. 
These data indicate that abundant T cells can differentiate into T-regs 
(owing to lower levels of antigens and CD80 costimulatory molecules) or 
can be directly induced by M2 macrophages through CCL18-mediated 
pathways [63]. These data further suggest that PDSF has an important 
immunomodulatory property characterized by M2 macrophages and a 
host immune response dominated by T-regs. This property is important 
because it promotes graft acceptance upon implantation and drives an 
anti-inflammatory Th2 response that promotes constructive remodeling 
for tissue regeneration instead of severe fibrosis or the rapid degradation 
that results from rejection damage. The results of the present study are 

consistent with those of previous studies showing that human and 
porcine decellularized whole-ear scaffolds can induce a lower CD3+

T-cell response in vivo [22,23]. Previous studies have also shown that 
ECM scaffold can activate the M2 macrophage phenotype to support 
constructive remodeling [50,64–67]. Although the exact mechanisms by 
which ECM scaffold regulates macrophage polarization remain unde
fined, certain surface peptides and ligands on the scaffold that have been 
exposed by the decellularization process have been recognized to 
modulate the immune response [61,68,69]. ECM degradation products 
may also have immunomodulatory activity [7]. 

Because matrisome proteins play an important role in cell function in 
vivo [40], we focused on matrisome proteins in the present study. 
However, our LC-MS/MS analysis showed that the components of ECM 
scaffolds produced by current protocols are far more complex than ex
pected. In particular, non-matrisome proteins are universally present in 
different ECM-based scaffolds [23,24,40–42], and the host response to 
these proteins is not fully understood. One recent study showed different 
host immune responses to multidomain peptides that have different 
chemical functionalities but similar nanostructural and mechanical 
properties [70]. Therefore, further investigation is needed to funda
mentally understand ECM components’ association with the subsequent 
host reaction and remodeling process in vivo to enable us to improve our 
ability to modify current decellularization protocols to eliminate unfa
vorable proteins or to enrich specific proteins for specific 
tissue-engineering purposes [71–74]. 

The use of hASCs combined with ECM-based scaffolds for tissue 
engineering has expanded substantially in recent years. In addition to 
having stem/progenitor properties, mesenchymal stem cells (MSCs) 
have broad immunoregulatory properties [63,75,76]. However, to our 
knowledge, the effects that hASC-loaded muscle ECM scaffolds have on 
macrophage phenotype transition, as well as the mechanisms underly
ing these effects, are largely unknown. Therefore, in this project, we 
identified the immunomodulatory effects of PDSF-hASC synergy on 
macrophage polarization by coculturing human CD14+ M0 macro
phages with an hASC-seeded PDSF construct. We found that PDSF-hASC 
synergy significantly skewed M0 cells towards IL-10− producing 
CD206+ M2 macrophage polarization while significantly reducing their 
expression of HLA-DR and that the effect was associated with the 
constitutive increase in hASC-derived IL-6 levels that occurred when the 
hASCs were seeded on PDSF. We also found that the 3D culture system of 
the PDSF-hASC construct produced more growth factors, including 
TGF-β, EGF, and particularly VEGF and IGFBP, than hASCs in the 2D 
culture did. An aortic ring assay confirmed that these growth factors 
have biological functions in angiogenesis. These data indicate that the 
3D topography cues of PDSF enhance hASCs’ immunomodulatory ef
fects on macrophage polarization as well as on the secretion of trophic 
mediators such as VEGF. Studies have shown that IL-6 and PGE2, which 
are produced by BM-MSCs and human umbilical cord− derived MSCs 
(UC-MSCs), are responsible for shifting M0 macrophages to M2 macro
phages [49,77,78]. Studies have also suggested that the 3D environment 
is key to regulating the immunomodulatory effects of BM-MSCs that 
switch macrophages towards the anti-inflammatory M2 phenotype [79]. 
Because IL-6 derived from M1 macrophages is a pro-inflammatory 
cytokine, hASC-secreted IL-6 may play a role in a negative feedback 
loop to induce M0 macrophages towards the M2 phenotype in our sys
tem. As long as they were seeded on 3D PDSF, hASCs alone or in co
cultures with HUVECs and/or HSMMs were able to produce higher 
levels of IL-6 (Fig. 5). These features ensured that hASCs, when applied 
with multiple cell types, executed their immunomodulatory functions to 
promote tissue engineering in an intricate environment. Compared with 
BM-MSCs, which have been studied extensively, ASCs are a relative new 
kind of MSC, and their immunoregulatory properties have not been fully 
investigated. We think ASCs share some common mechanisms with 
BM-MSCs or UC-MSCs for immunoregulation. Consistent with previous 
studies [49,77,78,80], our findings in the present study indicate that 
hASCs, when integrated with PDSF, can constitutively produce IL-6, 
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which polarizes M0 monocytes towards anti-inflammatory, IL-10–pro
ducing M2 macrophages. However, macrophage differentiation is a 
complex process involving numerous molecular cascades, and further 
study is needed to delineate the mechanism by which hASC-secreted IL-6 
or other factors regulate molecular pathways to switch M0 macrophages 
to M2 macrophages. Our in vitro model involved only indirect contact 
between the PDSF-hASC construct and macrophages; to fully define the 
mechanisms by which hASCs modulate macrophage polarization, we 
plan to combine our model with direct-contact coculturing to investigate 
the cell signal transducers that mediate M2 macrophage differentiation 
in the PDSF microenvironment. 

Coinciding with our in vitro findings, our investigation of the in vivo 
use of PDSF for rat VML repair showed that hASCs in prevascularized 
PDSF significantly induced macrophages towards the CD163+ M2 
phenotype. Macrophages play an important role in determining the 
outcome of ECM-based construct implantation [7]. They initiate foreign 
body immune responses and surveil the process by adjusting the balance 
between the pro-inflammatory M1 and anti-inflammatory M2 pathways. 
M1 macrophages express high levels of IL-12, inducible nitric oxide 
synthase, and inflammatory cytokines such as IL-1β and TNF-α to induce 
a Th1-type inflammatory response. In contrast, M2 macrophages express 
high levels of IL-10 and TGF-β to induce a Th2-type anti-inflammatory 
response [81,82]. M2 macrophages help prevent muscle satellite cell 
apoptosis, and an essential step during skeletal muscle regeneration is 
the phenotypic switch of M1 macrophages to M2 macrophages [80,83, 
84]. Our findings indicate that hASCs and PDSF work synergistically to 
activate M2 macrophage polarization and thus provide a 
pro-regenerative environment for muscle tissue formation in vivo. 

Vascularization and blood supply are critical to the successful 
grafting of cell-biomaterial constructs. This is because oxygen diffusion 
is limited, allowing only the cells within 100–200 μm of the nearest 
capillary to survive, and spontaneous vascular ingrowth into the implant 
usually takes several days to weeks [6,85,86]. Hence, ischemia and 
hypoxia always lead to the necrosis or dysfunction of cell-biomaterial 
constructs, especially that of the cores of large-scale engineered con
structs. Strategies to improve neovascularization within implanted 
bioscaffolds include introducing biochemical molecules, such as VEGF, 
to promote vessel formation [87]. Researchers have also incorporated 
physical components, such as nanofibrous structures, into scaffold 
design to induce neovascularization [88]. Coating the vascular network 
with biomolecules to promote endothelial cell adhesion and engraft
ment has also been investigated [89,90]. For example, a heparin-gelatin 
mixture has been used to endothelialize decellularized porcine liver 
[91]. Another strategy for increasing neovascularization involves 
cell-based treatment with MSCs and endothelial cells [6]. In the current 
project, we combined these multiple effective strategies to prevascu
larize PDSF. PDSF, which provides a 3D nanofibrous bioscaffold, is su
perior to synthetic materials because it eliminates the need to design 
vascular networks de novo. It also preserves the matrix’s 3D native 
microcirculatory vascularity with a dominant vascular pedicle, which 
enables the coculturing of hASCs and HUVECs to engineer vascularized 
muscle tissue flaps. The intact rich vasculature of PDSF has several ad
vantages: first, it facilitates decellularization; second, it accelerates cell 
seeding for recellularization and prevascularization; and third, it makes 
it feasible to perform pedicle anastomosis using microsurgery tech
niques to immediately establish a blood supply. In the present study, 
aided by the perfusion of cells seeded through the vascular tree, the 
dynamic coculturing of hASCs and HUVECs resulted in beautiful pre
vascularization in the PDSF, giving rise to networks of large and medium 
blood vessels and microvascular capillaries along the perforators. These 
vessel networks became more mature and complex with culture time. 
This in vitro vessel maturation is important to ensure the successful rapid 
anastomosis between the graft and host vasculatures in vivo [92]. This 
prevascularization likely resulted from both the endothelialization of 
preexisting vessel structures and the angiogenesis of new vessel 
branches. As confirmed in our in vitro model, hASCs play important roles 

during prevascularization to stabilize and accelerate the attachment, 
proliferation, and engraftment of HUVECs through trophic factors such 
as VEGF [93]. Compared with PDSF, prevascularized PDSF resulted in 
better neovascularization and hence better constructive outcomes, as 
evidenced by the greater muscle regeneration in the VML model in vivo. 
This effectiveness was linked with the early establishment of a blood 
supply in the graft, which was achieved through the anastomosis of the 
graft’s blood vessels with those in the surrounding tissue of the host, as 
illustrated by dextran perfusion. The improved neovascularization en
sures the delivery of oxygen and nutrients to the large-scale bio
material-cell construct, facilitating its survival and integration with the 
host while recruiting host bone marrow–derived immune cells and 
progenitor cells for tissue remodeling and regeneration [85,86,94]. As a 
result, immunomodulatory M2 macrophages dominated the host 
response, and desmin+ and MyoD1+ muscle satellite cells were signif
icantly enriched in the prevascularized PDSF graft. These data demon
strate that hASCs, HUVECs, and myoconductive PDSF work together in a 
positive feedback loop to induce cell-construct constructive remodeling 
and muscle regeneration. 

Muscle tissues have rich vasculature to meet their high metabolism 
demands. Previous studies have reported a prefabrication approach to 
implanting a vascular pedicle into matrices to engineer vascularized 
connective tissue pedicle flaps [95–98]. Those studies and the present 
study both recognized the close relationship between angiogenesis and 
tissue regeneration [99–101]. However, our ultimate goal is to engineer, 
ex vivo, a vascularized muscle-free flap whose clinical applicability is 
more flexible than that of pedicle flap. We tested our approach in a small 
animal model because the large diameter of the vascular pedicle of PDSF 
does not match those of rats’ arteries. This work used a small animal 
model to acquire a proof-of-concept for applying prevascularized PDSF 
for muscle tissue reconstruction. Our animal model allowed the im
plantation of small grafts and was less technically demanding, which 
should enable us to rapidly and efficiently advance our technique to 
testing in large animal models. In vascularized composite muscle flap 
engineering, successful re-endothelialization of the composite muscle 
flap matrix is key to preventing thrombosis and achieving long-term 
transplantation survival in a large animal model (e.g., a porcine 
model). The vascular pedicle of PDSF provides an immediate blood 
supply after microsurgical anastomosis with recipient site vessels. Suf
ficient blood vessel network formation was achieved in the flap paren
chyma and perforators; however, although the endothelialization of the 
main pedicle significantly increased during 3 weeks of culture, it 
remained incomplete. 

As in whole-organ tissue engineering [102], complete 
re-endothelialization in vascularized composite tissue engineering pre
sents several challenges [22–24]. One such challenge is that a large-scale 
flap matrix demands huge cell numbers for prepopulating both the 
vascular pedicle and parenchyma. Therefore, the optimization of 
bioreactor culture conditions for multiple cell types (e.g., ASCs, endo
thelial progenitor cells, and muscle progenitor cells) needs to be 
improved to enhance the cell engraftment of the PDSF in vitro. Current 
strategies might be improved by using induced pluripotent cells or 
protein-induced pluripotent stem cells derived from patients as alter
native cell sources for clinical translational applications [103]. Another 
encouraging approach may be to combine partial ex vivo seeding and in 
vivo endothelialization of the flap [23], since even short-term blood 
perfusion could boost tissue survival and regeneration [18]. Another 
challenge is that functional muscle regeneration and reconstruction 
require nerve function rehabilitation [104]. The peripheral nerve 
structure in the flap matrix could easily bridge the host nerve growth 
into the flap [105]; we will investigate whether nerve function can fully 
recover in this setting and investigate the exciting methodologies 
mentioned above in our future studies of VML reconstruction in a 
porcine model. 
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5. Conclusions 

We engineered a vascularized composite muscle tissue flap that can 
be sustained by its own microcirculatory network following microsur
gical anastomosis with the host circulatory system and that can be 
constructively remodeled for muscle regeneration by the activation of 
preloaded stem cells. Such a flap could provide a clinically viable 
alternative to both autologous flaps and allogenic tissue flaps. We are 
the first to use a perfusion-based protocol to produce a porcine stomach 
smooth muscle flap matrix with well-maintained myoconductive ECM 
architecture that provides the molecular and topographical cues 
necessary for the integration and growth of hASCs, HSMMs, and 
HUVECs. We are also the first to demonstrate that PDSF-hASC synergy 
induces monocytes towards IL-10− producing M2 macrophage polari
zation via a feedback mechanism mediated by hASCs’ paracrine effect 
and that PDSF-hASC synergy also promotes angiogenesis and vascular 
network formation and maturation in vitro. Our pre-vascularized, pre- 
cellularized muscle flap matrix, which includes both a dominant 
vascular pedicle and microcirculatory network and integrates multiple 
cell types, not only augments neovascularization but also modulates 
foreign-body reactions, thereby facilitating the constructive remodeling 
and long-term maintenance of muscle tissue regeneration in vivo. This 
approach provides a promising novel platform for composite muscle 
tissue free flap engineering and VML repair and reconstruction. 
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