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ABSTRACT  Data are presented that lead to an alternative
model for the organization and molecular dynamics of lipid mol-
ecules near the Ca®*-stimulated, Mg>*-dependent adenosinetri-
phosphatase (Ca2*-ATPase; ATP phosphohydrolase, EC 3.6.1.3)
of sarcoplasmic reticulum. Measurements of the steady-state flu-
orescence anisotropy of 1,6-diphenyl-1,3,5-hexatriene in pro-
gressively delipidated sarcoplasmic reticulum membranes have
been quantitatively interpreted in terms of a layer of lipid of high
anisotropy (the lipid annulus) coexisting with lipid layers of very
low anisotropy. In addition, the Ca®*-ATPase has been reconsti-
tuted into pure 1,2-dipentadecanoyl 3-sn-phosphatidylcholine
membranes over a range of lipid-to-protein ratios. High-sensitiv-
ity differential scanning calorimetry has demonstrated that roughly
30 lipid molecules per Ca?*-ATPase molecule (annular lipids) fail
to undergo a calorimetrically detectable phase transition in the
temperature range 4-44°C. Roughly 100 lipid molecules beyond
the annulus undergo a detectable phase transition at a tempera-
ture below the phase transition of pure lipid and with an enthalpy
change [4.2 kcal/mol (1 keal = 4.18 kJ)] about half that observed
for pure lipid vesicles (7.7-7.8 kcal /mol). We propose that both
the fluorometric and calorimetric data are consistent with a model
in which a motionally inhibited lipid annulus is surrounded by a
more extensive region of disrupted lipid packing order, which we
have called the secondary lipid domain.

The effect of an intrinsic membrane protein on the molecular
structure and dynamics of its surrounding lipid bilayer has been
the subject of intense debate in recent years. Mainly on the
basis of ESR and fluorescent probe studies, it is widely be-
lieved that proteins inserted into the membrane tend to restrict
the motion of neighboring lipid molecules (see refs. 1 and 2 for
reviews). These studies have suggested the coexistence of nor-
mal and motionally restricted bilayer domains within protein-
containing membranes (3-5). The restricted, protein-associ-
ated domain is frequently referred to as “annular” (5) or
“boundary” (3) lipid. However, there is not universal agree-
ment with this view. The major objection to this simgle model
has been that deuterium nuclear magnetic resonance (*H NMR)
probes display a spectrum characteristic of a more disordered
environment in protein-lipid recombinant membranes than in
pure lipid bilayers (6, 7). A possible resolution of the apparent
disparity between ESR and >H NMR has been suggested in terms
of both the different time resolutions of these two techniques
and a proposed disordered protein surface (6, 8). Other objec-
tions to the boundary model have stressed protein aggregation
as a possible source of “trapped” and therefore motionally in-
hibited lipid (9, 10) or the fact that quantitative data analysis
suggests the presence of more than just boundary and normal
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lipids in membranes containing intrinsic proteins (11-13).

In this communication, we present evidence for a model of
protein-lipid interactions in which a domain of disrupted lipid
order coexists with a domain of enhanced order, presumed to
be the boundary domain. This model offers a resolution of the
conflicting viewpoints derived from ESR and 2H NMR results
and makes predictions that provide an explanation for the per-
meability properties of biomembranes. Preliminary data in
support of this model have been presented (14).

MATERIALS AND METHODS

Microsomes containing the Mg>*-dependent, Ca®*-stimulated
adenosinetriphosphatase (Ca?*-ATPase; ATP phosphohydro-
lase, EC 3.6.1.3) were isolated from rabbit white muscle and
delipidated with sodium cholate as described (13), resulting in
membranes containing endogenous phospholipid at various lipid-
to-protein ratios, and in which the protein content was 90% Ca**-
ATPase. These were used in our fluorometric studies. For ca-
lorimetric studies, such membrane preparations were further
delipidated by precipitation with polyethylene glycol and re-
maining native lipids were replaced by synthetic 1,2-dipenta-
decanoyl 3-sn-phosphatidylcholine [(C,s)s-PtdCho; Avanti Bio-
chemicals] in the presence of sodium deoxycholate, using
procedures similar to those previously described (15). The only
modification was removal of solubilizing detergent by dialysis
for 48-72 hr at the lipid pretransition temperature (22°C), fol-
lowed by incubation of the reconstituted membranes for 3 hr
at 38°C. Freeze-fracture electron micrographs, prepared by jet-
freezing (15), revealed membranous morphology, although closed
vesicles were not always observed, especially for samples with
very high or very low lipid-to-protein ratios. Membrane mor-
phology remained unchanged for months in frozen samples stored
at —70°C and was unaffected by storage above the lipid phase
transition for several hours. Less than 1 mol % native lipid could
be detected in the replaced membranes by gas chromato-
graphic analysis (15). Contamination by residual deoxycholate
was always less than could be detected by [**C]deoxycholate
radioactivity (usually = 0.01 mol per mol of Ca®*-ATPase). After
solubilization in dodecyloctaoxyethylene glycol monoether (16),
all native-lipid and lipid-replaced samples showed 80-100% na-
tive Ca®*-ATPase activity (15).

Steady-state measurements of 1,6-diphenyl-1,3,5-hexatri-
ene (DPH) fluorescence anisotropy were made on a Perkin-El-
mer MPF-3 spectrofluorometer (17) and were corrected for light-
scattering depolarization (18). DPH was incorporated into na-
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tive lipid membranes by injection of a small volume (<1 ul) of
a tetrahydrofuran solution of DPH at room temperature, fol-
lowed by incubation at 4°C overnight. DPH-to-lipid ratios were
maintained in the range of 1:300 to 1:500.

Heat capacity profiles were obtained on lipid-replaced mem-
branes by using a high-sensitivity differential scanning calo-
rimeter (Tronac 750) especially built for us by Roger Hart of
Hart Scientific (Orem, UT). This calorimeter is a modification
of a design used previously by Suurkuusk et al (19) and is high-
ly sensitive to changes in heat capacity, as required to detect
the broad and subtle lipid phase transitions reported here. Ca®*-
ATPase-containing membranes used for calorimetry were sus-
pended in 0.1 M KCI/1 mM MgCly/0.01 M 2-{tristhydroxy-
methyl)methylJamino}ethanesulfonic acid (Tes) buffer, pH 7.5,
containing 20% glycerol, which was essential for maintenance
of Ca®*-ATPase activity during the 6-8 hr required for heating
and subsequent cooling scans at rates of +15°C/hr.

RESULTS

In Fig. 1, we show the dependence of DPH fluorescence an-
isotropy on protein and lipid content of native and partially de-
lipidated SR membranes. Earlier, we tested the ability of the
boundary lipid model to fit these data, using the assumption of
two independent lipid domains (13). One domain was assumed
to be a boundary layer containing 34 lipid molecules per protein
molecule and displaying the DPH fluorescence anisotropy (r;)
of such a sample. The other domain was assumed to display the
anisotropy (ry) of multilamellar lipid vesicles containing no pro-
tein. With these assumptions, the overall average anisotropy at
different temperatures (T) and protein mol fractions (Y,) could

be calculated as:
r(T, Yp) = Zy(Yy) [ri(T) — ro(T)] + ro(T), (1]

in which Z, is the intensity-weighted mol fraction of DPH lo-

0.25

0.20 |

DPH anisotropy

015

1.0 2.0 3.0
CaZ%*-ATPase, mol %

FiG. 1. Dependence of DPH fluorescence anisotropy on Ca®*-
ATPase content of partially delipidated SR membranes. Data at 10 (e),
25 (), and 37°C (m) have been reported (13). New data are presented
for 15 (0), 20 (a), and 30°C (m). Calculated anisotropies (13) are shown
for two simple binary-lipid-domain models. In the first model (- —-),
one domain is assumed to be boundary lipid (34 lipid molecules per Ca*-
ATPase) and the other to be bulk lipid having properties of multila-
mellar vesicles containing no protein. In the second model (—),
boundary lipid is assumed to be surrounded by a disrupted secondary
lipid domain. DPH fluorescence anisotropies (r») of the secondary lipid
domain resulting in the best calculated fit (——) are plotted in Fig. 2
for each of the six temperatures shown here.
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cated in the boundary domain. The calculation of Z, is detailed
in appendix B of ref. 13. The anisotropies calculated according
to this boundary lipid model are shown by broken curves in
Fig. 1. As previously noted (13), the calculated anisotropies failed
to reproduce the experimental data above 20°C. As a possible
explanation, we now propose that beyond the annular layer of
lipid there is a “secondary” lipid domain having a disrupted
packing order relative to that of bulk lipid. Indeed, because of
the low lipid-to-protein ratio in native SR membrane (ca. 100
lipid molecules per Ca**-ATPase), we suggest, as a first ap-
proximation, that this membrane contains no lipid character-
{zation by the anisotropy observed in a protein-free lipid bi-
ayer.

In order to test this disrupted secondary lipid domain model,
we varied the DPH fluorescence anisotropy assigned to the
nonboundary lipid (r; in Eq. 1) for each temperature in Fig. 1
s0 as to obtain the best fit of calculated average anisotropies
(Eq. 1) to the observed data (nonlinear least-squares method).
At each temperature, this procedure reproduced well the ex-
perimental data, as shown by the solid curves of Fig. 1. The
1 (secondary lipid anisotropy) values generated in this way are
plotted in Fig. 2 and turned out to be linearly dependent on
temperature. This meant that only a single adjustable param-
eter (dry/dT in Fig. 2) was required to completely describe the
variation of overall DPH fluorescence anisotropy with both
temperature and protein content in the SR membrane.

The number of lipids associated with the boundary domain
was fixed at 34 lipid molecules per Ca®>*-ATPase on the basis
of previous activity (5) and ESR (4) measurements. More recent
ESR spectral analyses have yielded values of approximately 30
(20) or 20-30 (10) lipid molecules per Ca®*-ATPase. For this
reason, we tested the sensitivity of our calculations to the
boundary lipid-to-protein ratio. We found the fit to be essen-
tially unaffected by assuming a lipid-to-protein ratio of 30 in-
stead of 34 (Fig. 2). However, assuming a value of 25 lipid mol-
ecules per protein molecule (Fig. 2) resulted in a worse fit (total
square deviation was doubled).

Annular

lipid domain d

> 02F b
2
N
2
5 . SR lipid
E 01} A~ vesicles
(=] N

Secondary 4

lipid domain

A i I

10 15 20 25 30 35
Temperature, °C

Fic. 2. Temperature dependence of the DPH fluorescence anisot-
ropy presumed to reflect molecular order in annular (r,) and secondary
(r2) lipid domains. The anisotropy measured in partially delipidated SR
membranes is taken as r, for the presumed boundary lipid domain (0).
The anisotropy values (r;) associated with the presumed secondary lipid
layer () are also plotted at the different temperatures for which they
were calculated, under the assumption that 34 lipid molecules per pro-
tein molecule existed in the annular lipid layer. Additional lines show
the temperature dependence of the secondary lipid domain DPH flu-
orescence anisotropy calculated under the assumptions that the an-
nulus contained 30 (——-) and 25 (——) lipid molecules per protein. For
comparison, data are also presented for multilamellar vesicles pre-
pared from extracted SR lipid (a).
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The secondary lipid domain model inherently assumes that
the principal reason for failure of the simple boundary lipid model
is disruption of lipid packing beyond the boundary layer. Vari-
ations with protein content in the properties of the motionally
inhibited boundary lipid domain have been ignored in this sim-
ple model. Nonetheless, such variations in the boundary layer
have been suggested on the basis of some ESR studies (9, 20).

To test the ability of a variable boundary lipid model to ac-
count for our data, we tried to fit our experimental data by vary-
ing either the size of the boundary domain, a, or the fluores-
cence anisotropy associated with this domain, r;, while keeping
ro fixed at the value observed in a pure lipid bilayer. In both
instances, a good fit to experiment was obtained only when dif-
ferent values of either a or r; were assigned for each experi-
mental point shown in Fig. 1. In order to simplify the variable
boundary lipid model, we approximated the dependence of r;
on lipid-to-protein ratio as linear. Even so, a new parameter
value was required at every temperature to obtain a fit com-
parable to that obtained with a single parameter value in our
secondary domain model. For this reason, we prefer the sim-
pler secondary domain model as a means of accounting for the
variation of DPH fluorescence anisotropy with temperature and
lipid /protein composition in delipidated SR membranes. How-
ever, we cannot completely rule out the variable boundary model
on the basis of our fluorometric data alone.

In addition to inferring the properties of protein-affected na-
tive (SR) lipids from DPH fluorescence, we have reconstituted
the Ca?*-ATPase into a synthetic lipid [(C,5)s-PtdCho] so as to
use the known phase behavior of this phospholipid as a tool for
detecting perturbation of the lipid by the inserted protein. Heat
capacity profiles for recombinant membranes at different lipid-
to-protein ratios are portrayed in Fig. 3. At an infinite lipid-to-
protein ratio [pure (C,s)o-PtdCho in Fig. 3], the phase tran-
sition was highly cooperative, as evidenced by the sharpness of

| | | |
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Fi16. 3. Temperature dependence of the heat capacity (Cp) for
membranes containing indicated mol ratios of (C,5)o-PtdCho to Ca%*-
ATPase (1 cal = 4.18 J). The sample without protein (pure lipid) was
prepared by slow dilution and dialysis of an octyl glucoside-solubilized
lipid suspension (see text). Data were obtained in cooling scans per-
formed at a rate of —15°C/hr on samples containing 0.5-1.5 umol of
lipid suspended in 0.1-0.2 ml of buffer (see text). (Inset) Relationship
of the full pure lipid phase transition to that of the 79:1 sample (note
compressed scale). Heat capacity profiles have been shifted vertically
for clarity and, therefore, should be interpreted as relative rather than
as absolute heat capacity profiles.
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the peak in heat capacity (21). Pure lipid heat capacity profiles
were obtained on large, unilamellar vesicles prepared by slow
octyl glucoside dilution and dialysis (22, 23). Such vesicles are
similar in size to the reconstituted Ca*-ATPase vesicles, mak-
ing it possible to meaningfully compare the heat capacity pro-
files of protein-free and protein-containing vesicles. Upon in-
corporation of the Ca®>*-ATPase, the peak in the heat capacity
profile became broadened (i.e., less cooperative) and the heat
capacity profile developed shoulders at temperatures just be-
low the pure lipid transition temperature. With decreasing lipid-
to-protein ratio, the height of the main peak diminished. At a
lipid-to-protein ratio of 164, for example (see Fig. 3), the heat
capacity profile displayed a greatly reduced main phase tran-
sition peak relative to pure lipid vesicles (33.1-33.2°C) as well
as a second peak at about 31.2-31.4°C (Table 1) and a subtle
shoulder at 27-29°C (Fig. 3). By a lipid-to-protein ratio of 57,
the shoulder at 27-29°C became the major remaining peak (Fig.
3).

For all samples examined, the base line was reached on either
side of the peaks by 21.5 and 38.5°C. The heat capacity was
integrated between these limits by using a first-order fit to the
base line and a discontinuity at the peak (24). The molar en-
thalpies obtained in this way (Table 1) decreased nonlinearly
with reduction in the lipid-to-protein ratio (data not shown).
The nonlinear variation of the enthalpy with the ratio of protein
to lipid and the appearance of a low-temperature peak disagree
with the results of Gémez-Fernandez et al. (25). A likely reason
for this disagreement is that the Perkin-Elmer calorimeter used
by Gémez-Fernandez et al. was simply not sufficiently sensi-
tive, even at their high scan rates, to resolve the subtle heat
capacity peaks evident in our data at temperatures just below
the pure phospholipid phase transition. Also contrary to the
suggestion of Gémez-Fernandez et al. (24), the phase transi-
tions observed in our reconstituted samples seemed not to re-
flect changes in membrane lateral organization. Freeze-frac-
ture electron micrographs of our preparations showed a uniform
distribution of intramembranous particles, at least for 164 or
fewer lipid molecules per protein molecule (unpublished data).
In addition, no differences in particle organization were ob-
served on either side of the low-temperature heat capacity peak
seen in Fig. 3. Thus, the different peaks observed in our heat
capacity profiles (Fig. 3) should reflect transitions in local lipid
domains surrounding the Ca®*-ATPase rather than formation of
protein-rich and lipid-rich patches.

The broad and subtle heat capacity peaks observed for all
lipid-to-protein ratios must be due to lipid affected in some way
by the presence of the protein. Due to the inhibition of acyl
chain motion expected for lipid adjacent to the protein, we rea-

Table 1. Thermal properties of order—disorder phase transition
in (Cy5)o-PtdCho/Ca®*-ATPase reconstituted membranes

Temperature(s) of the Transition enthalpy,

Lipid/protein, main transition(s), °C keal/mol lipid

mol/mol Cool Heat Cool Heat

[ 33.8 33.6 7805 7.7+£05

164 314,332 312,331 3.8 3.9
79 31.9 31.7 3.2 24
57 28.0 215 2.0 1.8

27 — — <0.02* <1.3*t

* Estimated from the base-line noise and the maximal likely range of
any transition (12°C).

*The noise in this heating scan was abnormally large, although all
heating scans with the 20% glycerol buffer were noisier than cooling
scans, presumably due to thermal gradients formed while heating this
viscous buffer.
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Fic. 4. Dependence of the lipid phase transition enthalpy (between
21.5 and 38.5°C) per mol of Ca2*-ATPase (AH*) on the lipid-to-protein
ratio in (Cy5).-PtdCho/Ca%*-ATPase reconstituted membranes. En-
thalpies were derived from both cooling (@) and heating (a) scans. Lim-
iting linear fits were obtained by a linear least-squares analysis of the
three points at lowest and highest lipid content, as discussed in the text.

soned that .annular lipid should not be able to undergo a co-
operative phase transition and should display essentially no
transition enthalpy. Therefore, the low-temperature peaks should
reflect the presence of protein-modified lipid beyond the an-
nular layer. To test this hypothesis, we have plotted in Fig. 4 the
phospholipid phase transition enthalpy per mol of Ca®*-ATP-
ase as a function of lipid-to-protein ratio. If distinct lipid do-
mains coexist and vary in relative abundance according to the
lipid-to-protein ratio, the slope of such a plot should yield the
average transition enthalpy of the lipid domain remaining in-
completely filled at a given ratio. Thus, at a sufficiently low lipid-
to-protein ratio, this slope should yield the transition enthalpy
of the protein-affected lipid just beyond the lipid annulus. If
the disrupted secondary domain model is correct, this enthalpy
should differ from that of a bulk lipid bilayer. In addition, the
intercept of such a plot with the abscissa should yield the llpld-
to-protein ratio of the annular lipid domain, assuming that the
annular lipid phase transition cannot be detected calorimetri-
cally. As seen in Fig. 4, our enthalpy data fit these expectations,
having a linear region below 150 lipid molecules per protein
molecule with a slope of 4.2 kcal/mol of lipid and an intercept
of 29 lipid molecules per protein molecule. Above 200 lipid
molecules per protein molecule, the curve was also approxi-
mately linear, as would be expected for membranes containing
pure lipid domains beyond the protein-affected domains. The
slope at high lipid-to-protein ratio was 9.2 keal/mol of lipid, in

 reasonable agreement with the directly measured values for pure
lipid transition enthalpies given in Table 1, and with enthalpies
obtained for multilamellar vesicles composed of (C,5)2-PtdCho
[8.3-8.7 keal/mol (23)]. To test the idea of a calorimetrically
undetectable lipid annulus we prepared a sample containing
only 27 lipid molecules per Ca®*-ATPase. Heating and cooling
calorimetric scans on this sample revealed no heat capacity peak
(Table 1) that could be distinguished from base-line noise (0.3
cal/°C per g heating and 0.004 cal/°C per g cooling).

DISCUSSION

We have shown that our DPH fluorescence data on partially
delipidated SR membranes could be interpreted in terms of a
disrupted secondary lipid domain. However, our fluorescence
results could not rule out a model postulating a variable annular
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domain. On the other hand, our calorimetric results on syn-
thetic lipid membranes clearly favor the proposal that the lipid
1mmed1ately beyond the primary annular layer is consxderably
altered in structure by the presence of the Ca®*-ATPase.

Therefore, the secondary lipid-domain model accounts for both
our fluorometric and calorimetric data. This secondary lipid do-
main appears on the basis of our fluorescence results to contain
disordered acyl chains relative to a protein-free lipid bilayer,
especially at high temperature (see Fig. 2). By contrast, our
calorimetric experiments do not sense directly the structure of
this region, but rather the nature of the phospholipid phase
transition which it undergoes. Nonetheless, the reduced en-
thalpy, the decreased cooperativity, and the lowered phase
transition temperature relative to pure phospholipid mem-
branes suggest that the low-temperature phase is thermody-
namically less stable due to disrupted lipid packing caused by
the presence of the protein.

Fig. 5 illustrates the proposed variation of packing order with
distance from the Ca®*-ATPase. The disordered region just be-
yond the annulus results from the difference in lipid packing
between the annular layer and the protein-unaftected bilayer
further from the protein-lipid interface. The extent of the dis-
rupted region and the severity of the disorder will depend both
on the relative cross-sectional areas of the protein and lipids
and on the detailed shape of the protein surface. In addition,
the disordered region is not expected to be uniformly disor-
dered or to be unaffected by changes in the lipid-to-protein ra-
tio. Thus, we do not observe a single, well-defined, heat ca-
pacity peak for protein-affected lipid at all lipid-to-protein ratios,
but rather a broad profile whose peak shifts somewhat for dif-
ferent ratios (Fig. 3). In this sense, the enthalpy calculated from
Fig. 4 for the phase transition of the disrupted lipid layer must
be considered an average value associated with a range of de-
tailed local lipid structures.

We now comment on the relationship between our results
and previous literature reports. First, with regard to the lipid
disorder reported by 2H NMR (6), the secondary lipid region
should contain a variety of different lattice sites, many of which
should allow substantlal reorientation of lipid chains. On the
time scale of 2H NMR, a probe molecule experiences restricted
motion at annular hpld sites as well as substantially unrestricted
motion at many sites in the disrupted, secondary-lipid domain.

Fic. 5. Proposed model for the primary or boundary (shaded), and
disordered or secondary (striped) lipid domains surrounding the Ca2*-
ATPase in SR membrane. A surface view of the membrane is shown.
At a distance sufficiently removed from the protein surface, a hpld do-
main with the packing order of pure lipid bilayer (unshaded) is pre-
sumed, although the pure lipid bilayer domain is likely not present at
physwloglcal lipid-to-protein ratios of about 100:1.
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Because the motion of the probe is summed over all sites, it
appears by >H NMR that the probe has the freedom to reorient
through a large angle. This orientational angle-weighted av-
erage emphasizes large angular fluctuations and, therefore, the
disordered layer. Thus, it is not surprising that >H NMR probes
report greater motional freedom in the presence of the Ca®*-
ATPase relative to a protein-free bilayer. Due to the shorter
time scales of fluorescence or ESR experiments, however, such
probe molecules report the orientational order reflecting roughly
a single lipid lattice site (8). For ESR probes, this results in a
composite spectrum reflecting both the annular and secondary
lipid environments, whereas, for our DPH fluorescence re-
sults, the average order parameter reported is the number av-
erage over individual sites. We propose that deconvolution of
this average reveals a disordered secondary lipid domain co-
existing with an ordered annulus, consistent with both 2H NMR
and ESR results.

Second, support for the proposed model of coexisting or-
dered and disordered lipid domains also derives from recent *H
NMR results of Seelig et al. (26), who analyzed T, relaxation
times to detect a 20% slowing of segmental reorientation in the
presence of the Ca*-ATPase (restricted motion of the annular
lipid) along with a decrease in the deuterium order parameter
(packing disorder in the secondary lipid layer). In this regard,
arecent ESR spectral subtraction study has interpreted a small
decrease in hyperfine splitting of the rapid motion component
relative to pure lipid as probably reflecting “a small increase in
the motion and/or disorder of the bulk phospholipid in the
presence of calcium pump protein” (20). Nonetheless, the overall
spectrum still showed a significantly broadened component
consistent with an immobilized boundary layer (20). In the same
vein, recent Fourier transform infrared spectroscopic data have
been interpreted as reflecting imperfect lipid packing in the
presence of the protein even when the lipid acyl chains are in
an ordered configuration (27). These results are consistent with
our model but would be difficult to interpret in terms of a
boundary layer coexisting with unperturbed bulk lipid.

In fairness, we must note that some ESR spectral subtraction
studies of cytochrome oxidase recombinant membranes (28) or
delipidated/lipid-replaced SR membranes (10) have concluded
that lipids just beyond the lipid annulus are more restricted in
their motion than bulk lipid. This is in opposition to the model
reported here and apparently also to the ESR, 2H NMR, and
infrared spectral data discussed above. This conclusion essen-
tially rested on the observation of a slightly broader spectral
line, relative to a pure lipid spectrum, in the resolved second-
ary lipid spectrum after subtraction of a delipidated membrane
spectrum. This could result from slower or restricted probe
motion or from heterogeneity of probe binding sites in the sec-
ondary lipid domain. Our model suggests disrupted lipid pack-
ing, but does not address the possibility of slower probe (and
consequently acyl chain) motion. However, our model implies
site heterogeneity and is, therefore, consistent with one pos-
sible interpretation of the ESR results quoted (10, 28).

Finally, analysis of the noise associated with ionic conduc-
tance through black lipid membranes has led to the suggestion
that proteins may induce bilayer fluctuations that increase the
probability of individual ionic permeation events (*). This would

*Kolb, H.-A., Sixth International Biophysical Congress, September 3—
9, 1978, Kyoto, Japan, p. 211 (abstr.).
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be consistent with the existence of a disrupted lipid domain
with increased permeability beyond the ordered or annular do-
main directly surrounding an intrinsic membrane protein.
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ration in his pursuit of a career in science. This work was supported by
an American Heart Association Grant-in-Aid (81-698) and by grants from
the National Science Foundation (PCM79-22733) and U.S. Public Health
Service (AM18687). B.R.L. is recipient of an Established Investigator
Award of the American Heart Association with partial funds provided
by the North Carolina Heart Association.
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